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Section 1: General information

Objective of the course:

The aim of the EUROCORES Programme on EuroMEMBRANE is to answer long-standing questions
in membrane biology using cutting-edge technologies. These will address functional problems in a
guantitative manner bringing together experimental tools with theoretical approaches. There is a
special emphasis on lipid-lipid and lipid-protein interactions in the plane of the membrane.

Recent technical developments have sparked a new wave of interest in this field. Microscopic
techniques can be used to elucidate membrane composition, organization and dynamics, as this
reflects the functions of cells and their organelles, transport of membranes, transport across
membranes and signaling. Because of the recent technological revolution in advanced light
microscopy (super-resolution imaging, functional imaging of molecules) it is now possible to
directly monitor the dynamics of (single) molecules in biomembranes in living cells. Several new
microscopy techniques are ideally suited for studying biomembrane dynamics but their application
remains limited because most biologists have never been introduced to this technology. This
practical advanced course is organized to provide participants the theoretical background and give
hands-on experience of state-of-the-art (membrane) microscopy techniques.

Content:

During this 5-day course techniques like confocal and TIRF microscopy, Image correlation
spectroscopy, Fluorescence recovery after photobleaching, Forster resonance energy transfer,
Fluorescent protein and sensor development & Fluorescence lifetime and Super-resolution
microscopy will be discussed during lectures, showing the theoretical background and
applications, and practical sessions at the microscopes.

Organisers:
van Leeuwenhoek Centre for Advanced Microscopy (LCAM)

LCAM is a formal collaboration between three innovative microscopy
centres at the Faculty of Science (FNWI) of the University of Amsterdam,
the Academic Medical Centre (AMC) and the Netherlands Cancer
Institute (NKI), all located in the Amsterdam region.

The formalized collaboration capitalizes on a large degree of synergy

between the principle investigators in developing, adapting and applying

advanced microscopy for use in cell biology. Besides delivering access to
the diverse advanced microscopy instruments, LCAM has developed as a leading centre in
functional live cell imaging (FRET, FLIM, FCCS, FCS, FRAP and spectral imaging). For more
info check out www.lcam.nl

LCAM is named after one of the founders of microscopy, Antoni van Leeuwenhoek (1632-
1723)
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European Science Foundation (ESF)

The European Science Foundation (ESF) was established in 1974 to
provide a common platform for its Member Organisations to
advance European research collaboration and explore new directions
for research.

It is an independent organisation, owned by 72 Member

Organisations, which are research funding organisations, research

performing organisations and academies from 30 countries. ESF
promotes collaboration in research itself, in funding of research and in science policy
activities at the European level. For more info visit www.esf.org

Safety:

The participant acknowledges that he/she is aware about the health and safety hazards that have
to be followed during the practical sessions, notably laser safety, handling of chemicals & electrical
apparatus and the handling of genetically modified organisms.

Course and SP visitor badges:
Participants are kindly requested to wear their personal course badge during the course. In
addition, in the Sciencepark building everyone requires a visitor badge that will also give you
access to the research floors (2nd floor and higher) where the practicals and lunch will take place.
During the first day you will obtain a visitor badge, valid for the whole week, that has to be
returned at Friday afternoon.

Internet access:

Within the Sciencepark building one can access the wireless network using the Eduroam network
in combination with your own login ID (only working when your institute is supporting Eduroam).
Alternatively one could use the UvA account that has been made for you. Connect to the
UVaCongress network and open your browser. Login with your emailaddress and the password
that has been send to you. For more info contact Mark Hink.

Evaluation form:

We would appreciate if you could fill in the evaluation form at the end of the course. In this way
we and ESF are able to further improve the quality of future courses. The enquiries will be
distributed at the final Friday afternoon session at SciencePark.

Coffee, tea and lunch breaks:

Coffee and tea will be served in the lecture room during the coffee breaks and supplied by your
instructor during the practical sessions. The lunch in SciencePark is served in the SILS common
room that can be found at the 3" floor (near lab A3.14) or in the AMC restaurant.
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Course coordinators:
Information concerning the course registration, accommodation & payments
Mrs Laura M. Wind
Swammerdam Institute for Life Sciences
University of Amsterdam
Science Park 904 (room C2.202)
NL-1098 XH Amsterdam
The Netherlands
Tel: +31-20-525 7931
Fax: +31-20-525 7934
Email: LLM.Wind@uva.nl

Information concerning course content

Prof. dr. Theodorus W.J. Gadella Jr.

Chairman of section of Molecular Cytology

Director van Leeuwenhoek Centre for Advanced Microscopy
Swammerdam Institute for Life Sciences

University of Amsterdam

Science Park 904 (room C2.266)

NL-1098 XH Amsterdam

The Netherlands

Email: Th.W.J.Gadella@uva.nl

Dr. Mark Hink

section of Molecular Cytology

van Leeuwenhoek Centre for Advanced Microscopy
University of Amsterdam

room C2.264

Sciencepark 904

Tel: 020-525 6211

Email: M.A.Hink@uva.nl

Location:

The course will be organised at the three locations of the van Leeuwenhoek Centre of Advanced
Microscopy (LCAM), spread throughout Amsterdam (see map next page). The course kicks off at
Monday June 11th at room A1.10 (first floor) of the SciencePark building (LCAM-FNWI)

University of Amsterdam-Faculty of Science (FNWI)
Sciencepark 904
1098 XH Amsterdam

University of Amsterdam-Amsterdam Medical Centre (AMC)
Meibergdreef 9
1105 AZ Amsterdam

Netherlands Cancer Institute, Antoni van Leeuwenhoek Hospital (NKI)
Plesmanlaan 121
1066 CX Amsterdam
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Course hotel:

If you Love City Life, Hampshire Hotel - Lancaster Amsterdam is exactly what you’re looking for!
Staying in the quiet and exclusive part of the city centre, opposite the Artis Zoo, the hotel can
easily be reached by public transport and offers paid parking space in the direct vicinity. You are
only a few minutes away from Amsterdam’s highlights. For more details about the hotel check out
www.hampshire-hotels.com/hotel details.php?lan=en&hotelld=102.

Every morning at 8.30 a taxi is available at the hotel to bring you to the course at Sciencepark or
AMC (on Thursday).

Traveling between LCAM locations:

The practicals will be organised at the three locations of the van Leeuwenhoek Centre of Advanced
Microscopy (LCAM) and during the evening we will visit some restaurants which are spread
throughout Amsterdam. This will require some traveling during the course day which we will do by
cars, taxis, public transport or by walking. We will notify you during the morning sessions how we
are traveling that day.

Sciencepark can be accessed directly via train station Amsterdam Sciencepark or using bus service
nr 40 that is riding between trains stations Amsterdam Muiderpoort and Amsterdam Amstel. By
car one has to take exit Watergraafsmeer from the A10 highway and follow the signs Sciencepark.
Paid parking spots are available at parking region P3

AMC can be accessed by changing at trainstation Duivendrecht to metroline 9 and exit at stop
Holendrecht or take buslines 45, 47, 120, 126 or 158 to Holendrecht. By car one can access the
AMC via highways A2 or A9, taking exit AMC and park the car at one of the paid parking spots
available.

NKI can be accessed via trainstation Amsterdam Lelylaan in combination with bus services 18,19,
23, 64 or 197. Alternatively one can use metroline 50 and exit at stop Heemstedestraat from
where it’'s a 10 min walk. By car one approaches the NKI via highways A10 or A4 and take exit
Sloten (s107). Follow the signs Slotervaart Ziekenhuis and park the car at the paid park centre
Medical Centre Slotervaart.

Information about Amsterdam:

Amsterdam, capital of the Netherlands, became a metropolis since the second half of the
sixteenth century. Amsterdam now hosts more than 750,000 residents from 175 different
countries. 37% of the population belong to an ethnic minority. There is an open and tolerant
atmosphere in the city. Amsterdam has a temperate climate with mild winters, cool summers and
precipitation throughout the year. A good climate for the city makes it easy to visit throughout the
year.

In the city you can discover something new each time, did you know that aside from 6 windmills
there are 600,000 bicycles? In one of the 51 musea is very much to see and enjoy. And in June
2012 you have the chance to meet those Orange-mad Dutchmen, when they are watching and
celebrating everywhere throughout the city their national football team during the European
championship. For more info about Amsterdam check out www.iamsterdam.com
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Programme:

Sunday June 10" 2012:

Monday June 11" 2012:
9.00-9.15 ScPark A1.10
9.15-10.00 ScPark A1.10
10.00-11.00 ScPark A1.10
11.00-11.30 ScPark A1.10
11.30-12.30 ScPark A1.10
12.30-13.30 ScPark SILS cr
13.30-17.00 ScPark
17.30-19.00
19.00-20.30 ScPark A1.10

Tuesday June 12" 2012:
9.00-12.30 ScPark
12.30-13.30 ScPark SILS cr
13.30-14.30 ScPark A1.10
14.30-15.30 ScPark A1.10
15.30-16.00 ScPark A1.10
16.00-17.00 ScPark A1.10
18.00-20.00

Wednesday June 13" 2012:

Arrival

Welcoming address (Dorus Gadella)

Lecture confocal microscopy (Erik Manders)

Lecture TIRF microscopy (Ulrike Engel)

Coffee break

Lecture Image correlation spectroscopy (Paul Wiseman)
Lunch

Practicals of 4 groups of 4 students (confocal + TIRF)
Dinner in “De Polder”, Sciencepark 205, A’dam
Flash-presentations from participants

Practicals of 4 groups of 4 students (confocal + TIRF)
Lunch

Lecture fluorescent dyes and sensors (Carsten Schulz)
Lecture fluorescent proteins (Vladislav Verkusha)

Coffee break

Lecture fluorescent membrane sensors (Tamas Balla)
Dinner in “Ponteneur”, 1e van Swindenstraat 581, A’dam

Lecture Fl. Lifetime Imaging Microscopy (Dorus Gadella)
Lecture FRET in membrane systems (Kees Jalink)

Coffee break

Lecture Fl. Recovery After Photobleaching

(Adriaan Houtsmuller)

Lunch

Practicals of 4 groups of 4 students (FCS, FLIM, FRET & FLIM)
Dinner in “Moeders”, Rozengracht 251, A’dam

Lecture Fluorescence fluctuation analysis in membrane
(Mark Hink)

Lecture FRAP in membrane systems (Eric Reits)

Coffee break

Lecture Super-resolution microscopy (Thomas Schmidt)
Lunch

ScP, NKI, AMC Practicals of 4 groups of 4 students (FRAP, FCS, FRAP, FRET)

9.00-10.00 ScPark A1.10
10.00-11.00 ScPark A1.10
11.00-11.30
11.30-12.30 ScPark A1.10
12.30-13.30 ScPark SILS cr
13.30-17.00 ScPark & NKI
18.00-20.00
Thursday June 14" 2012:
9.00-10.00 AMC M3-108
10.00-11.00 AMC M3-108
11.00-11.30
11.30-12.30 AMC M3-108
12.30-13.30 AMC
13.30-17.00
18.00-20.00

Dinner in “Oude Gasthuis”, Meibergdreef 23, A’dam
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Friday June 15" 2012:
9.00-11.30 ScP, NKI, AMC Practicals of 4 groups of 4 students (FRAP, FCS, FRAP, FRET)
11.45-12.45 ScPark SILS cr Lunch
13.00-16.30 ScP, NKI, AMC Practicals of 4 groups of 4 students (FRAP, FCS, FRAP, FRET)
17.00-17.30 ScPark A1.10 Closing remarks (Dorus Gadella)

18.00-20.30 Drinks and dinner in “Pompstation”, Zeeburgerdijk 52,
A’dam
Saturday June 16" 2012: Departure

The SILS common room (cr) is located at Sciencepark 3rd floor near lab 3.14

Practical groups:

Group 1: Group 3:
Alexander Zwirzitz Rene Platzer

Gulis Zengin Kay Oliver Schink
Valentina Bettio Angelika Holm
Niels Heemskerk Jenny Brinkmann
Group 2: Group 4:

Giulia De Luca Lindsay Haarbosch
Anna Daniel Nadezda Chakrova
Marko Kamp Dion Richardson
Kayode Salami Dimitra Touli

Practical sessions:

Confocal microscopy

Total Internal Reflection Fluorescence Microscopy (TIRF)
Fluorescence Fluctuation Spectroscopy (FFS)
Fluorescence Lifetime Imaging Microscopy (FLIM)
Forster Resonance Energy Transfer (FRET)

Fluorescence Recovery After Photobleaching (FRAP)

oukwnNneE
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Section 2: Lecture courses

Erik Manders, Monday June 11t 2012,9.15

For about 400 years the light microscope has been an instrument to observe small objects such as
cells and to answer the question “What does it look like?”. The confocal microscope one of the
steps in this long evolution (“what does it look like in 3D ”). And still new techniques are being
developed to see where molecules are (super-resolution microscopy). In addition, during the last 2
decades new microscopy techniques have been developed to answer additional questions like:
“What are molecules doing, where do they go to, how long do that stay there and who do they
meet?”. In this course you will meet many of these technologies and you will learn how en when
to use them.

In this first lecture we will discuss the fundamentals of light microscopy. After some history of
microscopy technology and optical theory we will first focus on the limited resolving power of the
light microscope. This limitation will briefly be explained by wave-theory of light (Huygens) and
particle-theory (Heisenberg). We then will discuss the principles of confocal fluorescence
microscopy, its limitations and applications in cell (membrane) biology.
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Fluorescence Techniques to Study

Lipid Dynamics

Erdinc Sezgin and Petra Schwille

Biophysics Group, BIOTEC, TU Dresden, 01307 Dresden, Germany

Correspondence: schwille@biotec.tu-dresden.de

Biological research has always tremendously benefited from the development of key meth-
odology. In fact, it was the advent of microscopy that shaped our understanding of cells as the
fundamental units of life. Microscopic techniques are still central to the elucidation of bio-
logical units and processes, but equally important are methods that allow access to the
dimension of time, to investigate the dynamics of molecular functions and interactions.
Here, fluorescence spectroscopy with its sensitivity to access the single-molecule level,
and its large temporal resolution, has been opening up fully new perspectives for cell
biology. Here we summarize the key fluorescent techniques used to study cellular dynamics,

with the focus on lipid and membrane systems.

elucidate cellular processes in their native
dynamic environment has been one of the
main issues in cell biology over the past decades.
The lack of appropriate techniques has long
been the main limiting step for the research
on dynamic systems, because it was impossible
to acquire real time information with the
well-known biochemical techniques. The key
challenge in dynamically observing biological
systems is to combine the ability to resolve
moderate to very low concentrations of mole-
cules—because they are simply limited in living
cells—on relevant timescales. Relevant time-
scales in cell biology can be minutes and hours,
on a systemic level of cell metabolism, down
to the microsecond and even nanosecond
regime in which molecular and intramolecular
rearrangements take place. With respect to li-
pidic systems, relevant dynamics range from

the local movements of lipids by diffusion to
the mechanical transformations of whole mem-
branes, spanning several orders of magnitude in
time to be covered. Like for other cellular pro-
cesses, the investigation of lipids and mem-
branes also in general benefited greatly from
the introduction of fluorescence microscopy
and spectroscopy to biology. After the 1960s,
great technological inventions based on the
phenomenon of fluorescence were made, such
as confocal microscopy, fluorescence recovery
after photobleaching (FRAP), fluorescence cor-
relation spectroscopy (FCS), Forster resonance
energy transfer (FRET), total internal reflection
fluorescence (TIRF), and two-photon micros-
copy, that not only revolutionized imaging
but also yielded access to dynamics on previ-
ously inaccessible timescales. Another very big
step was certainly taken after the introduction

Editor: Kai Simons

Additional Perspectives on The Biology of Lipids available at www.cshperspectives.org
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of fluorescent proteins, which again accelerated
the use of these techniques in living cells and
organisms. Nowadays, the technical advance-
ments of fluorescence-based methods allow us
to explore systems as small as single molecules
with temporal resolution down to the nanosec-
onds regime. Lately, even the resolution limit of
optical microscopy, for a long time being one of
the fundamental barriers in elucidating cellular
processes, has been overcome by smart applica-
tions of the phenomenon of fluorescence.

This article aims at giving a short overview
on mainly fluorescence-based methods that
have in recent years propelled lipid and mem-
brane research to fully new levels. We will give
a short introduction to the modern fluores-
cence technology in general, referring to the
techniques that allow addressing dynamics. A
particular focus will be on fluorescence corre-
lation spectroscopy, a technique that our lab
works primarily on, but other important meth-
ods will also be discussed, including their prom-
ises, achievements, and caveats.

FLUORESCENCE TO STUDY LIPID
DYNAMICS

The attempt to visualize the “living units” has
progressed remarkably after Hooke’s Micro-
graphia. Starting from a simple light source, a
mechanical stage, and up to three glass lenses,
microscopy nowadays culminated in so-called
super-resolution techniques with particle lo-
calization accuracies down to the nanometer
range. Certainly, the involvement of the phe-
nomenon of fluorescence is one of the biggest
steps in this long journey.

Fluorescence is such a ubiquitous phenom-
enon that it is impossible to speculate about its
first systematic observation. The first reported
documentation of fluorescence is thought to be
Nicolas Monardes’ observation of wood extract.
In 1845, John Herschel observed the fluorescent
property of quinine sulphate which is believed
to be the onset of modern fluorescence spec-
troscopy. After many more observations by sev-
eral light philosophers in the 19th century, it was
Stokes who actually termed this phenomenon
“fluorescence” in 1838. The first application in

biology was probably in 1914 Stanislav von Pro-
vazek who used fluorescence as a cell stain.
August Koehler and Oskar Heimstadt were re-
portedly the first scientists who performed fluo-
rescence microscopy in early 1900s. Today, a
century later, fluorescence imaging and micros-
copy is one of the most powerful tools in the
visualization and dynamic analysis of living
structures, especially following the discovery of
fluorescent proteins as cloneable markers, and
the invention and widespread use of confocal
microscopy. Minsky, its inventor, patented the
idea of confocal microscopy already in the
1950s, and about 20 years later, the first commer-
cial confocal microscopes appeared. Since then,
many researchers and optical engineers step by
step improved the technical realization (Bra-
kenhoff et al. 1979; Davidovi and Egger 1973;
Egger and Petran 1967; Hamilton and Wilson
1986; Sheppard and Wilson 1979). The rapid
developments in laser and detector technology,
along with the onset of fiber optics certainly
helped in the rapid dissemination of confocal
microscopy into cell biology laboratories around
the world (Amos and White 2003).

When light interacts with matter, many pho-
tophysical phenomena may occur. Some mole-
cules absorb light at a particular wavelength,
whereas others predominantly scatter the light.
On absorption, the molecules undergo vibra-
tional relaxation on timescales between 10~
and 10”2 sec, and then return to ground state,
either by emitting a photon at a longer wave-
length after 10~ to 10~ 7 nsec, which is called
fluorescence, or nonradiatively. Less probably,
the molecules can jump to the quantum-
mechanically forbidden triplet state or mole-
cules transfer their energy to other molecules,
by quenching or resonant energy transfer. After
the molecules undergo the triplet state, they
return to the ground state either by emitting
light in longer time ranges than fluorescence or
nonradiatively.

In the following sections, we will briefly
touch on the task of fluorescently labeling lipids
to be investigated, and then discuss, one by one,
the most powerful biophysical techniques to
study lipids and membranes in real time, along
with some of their relevant applications.
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Fluorescent Probes to Study Lipid Dynamics

After the invention of green fluorescent protein
(GFP) as the first truly genetic fluorescent probe,
visualizing proteins in their native environment
became much more straightforward. From the
perspective of the membrane researcher, this
significantly improved our understanding of
membrane proteins and their dynamics, but
could help only marginally in better elucidating
the functional dynamics of lipids. The first
report on labeling lipids in living cells used
azide-alkyne to label alkyne containing PA
(Schultz et al. 2010). Besides this direct labeling,
coupling the synthetic fluorescence molecules to
lipids in vitro, and then reconstitute them to the
cell membrane is getting more common in lipid
field, enforcing the use of fluorescence also in
lipid biology. Synthetic dye coupling has many
advantages compared to fluorescent proteins,
which nowadays represent the main strategy in
protein labeling. First of all, one has theoretically
a large choice of organic dyes in terms of their
optical characteristics. It is possible, for instance,
to use a far red dye; however, there is not yet a
well-established monomeric far red protein.
Second, the quantum efficiency and brightness
of most of the organic dyes are higher than
for fluorescent proteins. Cholesterol (Boldyrev
et al. 2007; Holtta-Vuori et al. 2008; Marks
etal. 2008; Oreopoulos and Yip 2009), Sphingo-
myelin (Marks et al. 2008; Eggeling et al. 2009;
Tytecaetal. 2010), GM1 (Coban et al. 2007; Egg-
eling et al. 2009; Mikhalyov et al. 2009), PC,
and PE (Baumgart et al. 2007; Juhasz et al.
2010) are some of the lipids that are often conju-
gated to organic dyes. Additionally, fluorescently
labeled membrane-binders, like choleratoxin,
are used to label, for example, the GMs on the
cell surface (Middlebrook and Dorland 1984).
However, taking into account that organic fluo-
rophores are in comparison much larger handi-
caps to small lipid molecules than they are to
proteins, and that the relatively tight packing
of lipids in a membrane might be more easily
disturbed by labeled lipids than in the case of
soluble proteins, a careful control of the possible
influence of labels on the functionality of lipids
is of utmost importance.

Fluorescence Techniques to Study Lipid Dynamics

Besides fluorescent lipid conjugates, there
are some lipophilic fluorescent molecules fre-
quently used to yield information on a specific
lipid environment. They efficiently and selec-
tively penetrate into lipid membranes, and to
some extent even reflect on their physical prop-
erties, like viscosity, order, pH, or water content.
DiO, DiD, Dil, Laurdan, and NAP are the lipo-
philic dyes most commonly used to visualize
the lipid environment (Baumgart et al. 2007).
Although the Di family of dyes is phase-prefer-
ring probes preferring either liquid-ordered
(L,) phase or liquid-disordered (L4) phase in a
specific setting, Laurdan has a different property.
It partitions equally in both phases, but its emis-
sion spectrum changes according to the polarity
of the membrane environment. Providing that
L4 phase is more aqueous than L, phase, on exci-
tation the dye consumes some of its energy to
reorient the water molecules in Ly phase, which
shifts the emission to the red spectral region
(emission maximum of 490 nm), whereas it is
more blue shifted in L, region (emission maxi-
mum of 440 nm). According to the ratio of
fluorescence intensity in the blue-shifted (L,
phase) and the red-shifted region (L4 phase),
one can calculate an order indicative value called
generalized polarization (GP) calculated as

a0 — Luso

= , (D)
Lso + Isoo

where I, denotes the intensity at wavelength of x.

In addition to generalized polarization,
fluorescence anisotropy is another important
phenomenon that can be exploited to monitor
rotational diffusion of the molecules by using
the polarization of light. Because rotational dif-
fusion is very sensitive to the size of molecules,
binding constants can be efficiently derived
from fluorescence anisotropy measurements.
There have been comparative studies on the fea-
sibility of several dyes for fluorescence anisot-
ropy. Alexa and Oregon dyes conjugates with
biological molecules (e.g., lipids), for instance,
were found to be suitable for this method (Rusi-
nova et al. 2002). Additionally, NBD and DHP
lipid conjugates were used for fluorescence ani-
sotropy to detect rafts in living cells (Gidwani
et al. 2001). Laurdan generalized polarization
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and fluorescence anisotropy were compared
elsewhere (Engelke et al. 2001).

Besides lipid probes for the plasma mem-
brane, there are also some tools to probe other
lipidic environments in the cell, such as lipid
droplets (Thiele and Spandl 2008). New fluores-
cent lipids were developed to visualize the intra-
cellular and membrane lipids in their native
environment without any external fluorescent
labels (Kuerschner et al. 2005; Spandl et al. 2009).

Confocal Microscopy

Confocal microscopy may easily be the most
widely applied imaging technique in cell and
molecular biology field because it allows live
cell imaging with high spatial and temporal res-
olution, as well as optical sectioning and 3D
reconstruction of images. To start with the tech-
niques for cell dynamics, confocal microscopy
should therefore be briefly mentioned because
it forms the basis (and often the gold standard)
for most of the other techniques.

The confocal concept evolved as an alter-
native to wide-field microscopy. For wide-field
microscopy, the so-called Koehler illumination
guarantees a homogeneous illumination of the
whole sample, which is then detected by area
detectors. In contrast to this, confocal illumina-
tion occurs only at a resolution-limited point,
which can then be sequentially scanned in three
dimensions throughout the sample. As a tech-
nical difference, coherent light sources (lasers)
are usually employed in confocal microscopy,
whereas incoherent lamps are still mostly used
in wide-field microscopy. However, the basic
difference between wide-field and confocal mi-
croscopies is a so-called pinhole aperture which
eliminates the out-of-focus light in the image
plane, being the main source of background in
wide field. The minimal size of the confocal illu-
mination volume, and therefore the resolution
that can be reached in confocal microscopy is
usually determined by the so-called Rayleigh cri-
terion. Here, resolution of the wide field is
defined as the shortest distance d between two
optically separable points:

061 %A

d ,
NA

(2)

where \ is the wavelength and NA is the numer-
ical aperture of the objective. When the advan-
tage of selective detection (pinhole) and
selective illumination (diffraction limited spot
by coherent light source) are applied, the resolu-
tion reaches a better point:

0.4 x A
d:
NA

, (3)

Taking above equation into consideration, the
theoretical resolution of a confocal system with
an NA of 1.4, at a wavelength of 500 nm should
be ~160 nm. However, all theoretical calcula-
tions consider a perfect optical system and a pin-
hole of a laser spot size (i.e., Airy disc size). Yet,
there are many aberrations caused by imperfect
optics such as spherical aberrations, chromatic
aberrations, astigmatism, comma etc. Moreover,
pinhole size can never be as small as laser spot
size. The biggest problem in confocal micros-
copy is, however, the large discrepancy between
lateral (x—y) and axial resolution, resulting in
image stacks that are usually quite blurred in
the z dimension.
Axial resolution is given by

1.4 X A x
4, =222 0

2 NAZ (4)

where # is the refractive index of the medium.
The axial resolution is usually three to five times
worse than lateral resolution.

The limitation in axial resolution is a minor
problem for pure membrane systems with little
to no contribution of fluorescence light coming
from the solution above and below the mem-
brane. Thus, confocal microscopy has been par-
ticularly useful on supported membranes or
giant unilamellar vesicles (GUVs) (Korlach
et al. 1999). On the other hand, for the study
of cellular membranes with their rather high
background from cellular autofluorescence
and labeled molecules that cannot easily be
retained at the cell surface (e.g., because of
endocytosis), limited z resolution can be a sig-
nificant technical problem in studying lipid
dynamics. For this reason, other illumination
strategies established for fluorescence micros-
copy, such as total internal reflection (TIR), are
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becoming increasingly popular for lipid and
membrane research.

Total Internal Reflection Fluorescence
(TIRF) Microscopy

Total internal reflection is a well-known phe-
nomenon in everyday life. When a light beam
passes from a medium with a refractive index
n; to the other medium with a refractive index
n,, the relationship between the angle of inci-
dence a; and the angle of refraction «, is deter-
mined by Snell’s law:

n; sino = ny sin oy (5)

When n; > n, (e.g., when light is propagat-
ing from water or glass into air), there exists a
critical a; angle that would render the refraction
angle to be 90° (i.e., parallel to the interface). At
incidence angles equal to or greater than this
critical angle, light cannot cross the boundary,
and is internally reflected. This phenomenon
is called total internal reflection (TIR). The crit-
ical angle () is determined by the refractive
indices of the media:

ac = sin~! (ny/ny). (6)

Although the light ray is totally reflected, its
electrical field creates an evanescent wave whose
intensity decreases exponentially in the axial
direction (Fig. 1):

I(z) = I[(0)e /4, (7)

Evanescent
field
intensity

.

Incident beam

ffffffff Reflected beam

Fluorescence Techniques to Study Lipid Dynamics

where d is defined as
d= (ﬁ) (nf sin® a — n%)fl/z, (8)

and \ is the wavelength. The principle is sche-
matically depicted in Figure 1.

The most remarkable feature of TIR illumi-
nation for membrane research is that the evan-
escent wave illuminates only a limited distance
(~100 nm) along the z-axis, which reduces
background coming from molecules above the
surface substantially, thereby increasing the
axial resolution and the signal-to-noise levels.
The detailed physics behind TIR can be accessed
from references Axelrod (2008) and Axelrod
et al. (1983).

There are currently two methods to realize
this illumination mode for fluorescence mi-
croscopy. The first, simpler, method is to use a
high-NA TIRF objective. The light beam enter-
ing the objective is focused at the back focal
plane of the objective with a displacement
from the optical axis, such that it reaches the
surface above the critical angle. Surface fluores-
cence is collected by the same objective and can
be detected in the usual way.

The necessity for using a high-NA objective
can be understood by considering that

NA = nsin 6. )
Then, Equation 8 can be rewritten as

d= (A/4m)(NAZ —n2)"V2 (10)

Nglass = 1.518
Nemp = 1.33—1.38

Field intensity

Penetration depth
Membrane

~ Glass

Figure 1. Evanescent wave and TIRE
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When NA < n,, d is imaginary, which means
light is refracted and TIR is lost. That is why
the NA of TIRF objectives should be higher
than the refractive index of the sample medium.
A living cell has a refractive index of 1.33—1.38.
Many current TIRF objectives thus have a NA of
1.45, which creates a penetration depth of the
evanescent field of 82 nm at 488 nm excitation
just above the critical angle.

The second way to create an evanescent
wave is to use a prism. In this case, the sample
is located between the prism and objective.
The illumination is performed through the
prism, while the objective collects the emission
and transfers the signal to the camera. This
decoupling of illumination and detection can
be quite useful to create large illumination
areas, but is less comfortable than objective-
based TIR, which can be easily realized in any
fluorescence microscope.

Further advantages of prism-based TIR are
lower background and a better control on angle
and polarization. It is also easy to set up for two
colors. On the other hand, the free access to one
side of the sample, safety of lasers, ease to use
with cell culture plates can be counted as the
advantages of objective-based system.

TIRF can be coupled to other techniques
as a specific illumination mode when good z
resolution is crucial. It has been combined
with FCS, FRET, FRAP, AFM, fluorescent
lifetime imaging, two-photon excitation, opti-
cal traps, and interference reflection. Some
combinations of these techniques will be dis-
cussed later.

Polarized TIRF

The fluorophores can be excited only if their
dipole is parallel to the excitation light dipole,
which is called photoselection. A variation
of TIRF called polarized TIRF uses polarized
light perpendicular to the incidence plane
(p-polarized) and parallel to the incidence
plane (s-polarized) to overcome this limit. If
the dipole of a fluorophore is always parallel
to the membrane surface, p-polarized light
can help to excite only the regions where the
membrane is not parallel to the surface. The

investigation of membrane curvature can be
an important application field for polarized
TIRF (Axelrod 2008).

TIRF Applications on Membrane Dynamics

There have been many studies to elucidate
membrane dynamics using TIRE Recently, it
has been shown that TIRF has the capacity to
show the adsorption of proteins and peptides
to lipids in SLBs (Fox et al. 2009; Jorgensen
et al. 2009). TIRF was combined with single-
particle tracking to show the enrichment of
GPI-anchored proteins in sphingolipid rich
regions, as proposed by lipid raft theory
(Pinaud et al. 2009). A new method has also
been applied to detect lipid rafts, called LG-
TIRF (Sohn et al. 2010). Other applications
were to elucidate the role of ceramide in mem-
brane restructuring (Ira et al. 2009), the organ-
ization of bacterial light harvesting complex 2
(Dewa et al. 2006), the role of cholesterol in
antibody binding (Yu et al. 2009), EGFR activa-
tion by EGF (Sako et al. 2000; Cannon et al.
2005; Teramura et al. 2006), and the phase
preference of peptides (Choucair et al. 2007).
Membrane curvature, exocytosis, and endocy-
tosis are some other topics in which TIRF is
successfully applied (Merrifield et al. 2002,
2005; Byrne et al. 2008; Nagamatsu and
Ohara-Imaizumi 2008; Joselevitch and Zenisek
2009; Ohara-Imaizume et al. 2009; Aoki et al.
2010; Gorg et al. 2010; Lam et al. 2010).

Two-Photon Microscopy

The theoretical basis of two-photon excitation
was laid in a study of the early 1930s (Goppert
1929), although the experimental realization
took almost three decades (Kaiser and Garrett
1961). It was first used in LSM in the 1970s
(Hellwarth and Christensen 1975) but a con-
vincing two-photon excitation fluorescence
microscopy was only demonstrated in 1990
(Denk et al. 1990).

Two-photon microscopy, as the name im-
plies, uses simultaneous absorption of two
longer wavelength photons (at \; and \,) to
excite a fluorophore, which would be usually
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excited by a single photon at a shorter wave-
length (A3). The relationship between the wave-
lengths is

1

A=
3 )\1_1+A2_1

(11)
Because the two photons have to be absorbed
simultaneously to excite the fluorophore,
the excitation is dependent on the square of
the light intensity. This could be thought as an
equivalent of the double selection in confocal
imaging, achieved by a selective illumination
by the light source and selective detection by
a pinhole. Therefore, in the two-photon illumi-
nation mode, a pinhole is no longer necessary.
Moreover, it minimizes the out-of-focus photo-
bleaching because the excitation only occurs in
the vicinity of the focal plane (Fig. 2). Scattering
is greatly reduced with two-photon excitation,
and penetration depths for the long wavelength
excitation are increased.

Because the emission does not have to pass
through a pinhole, area detectors can be used
and no descanning of the beam is necessary,
making detection quite simple.

Another advantage of two-photon micros-
copy s its ability to excite fluorophores absorb-
ing in the UV by two photons in visible range,
which surpasses usual UV transmission prob-
lems with glass lenses. In combination with
the reduced out-of-focus fluorescence, it also
provides a suitable tool for UV uncaging in
vivo without significant photo damage.

Fluorescence Techniques to Study Lipid Dynamics

The photon density in two-photon excita-
tion should be about one million times higher
than is required for single-photon excitation,
because of the square dependence of the
absorption on intensity. Therefore, pulsed lasers
should be used with sufficient photon flux
in the pulses while having fairly low average
power. Titanium-sapphire lasers are extensively
used for two-photon microscopes because they
provide a wide range of excitation wavelengths
between 700 and 1100 nm. Because of different
photophysical selection rules, two-photon ab-
sorption spectra are not identical with twice
the spectra for one-photon excitation, and have
therefore to be independently determined. In
the same way as for TIR illumination, two-
photon excitation can be combined with other
single-molecule techniques.

Applications

Two-photon microscopy is very suitable to
excite photosensitive, easily bleachable lipid
probes in the blue to near-UV spectral range,
such as Laurdan or C-Laurdan. These probes
were used to detect the membrane domains in
model membranes, as well as in living cells, by
two-photon microscopy (Parasassi et al. 1997;
Bagatolli and Gratton 1999, 2000a,b; Dietrich
et al. 2001; Bagatolli 2003; Bagatolli et al.
2003; Kim et al. 2007; Kaiser et al. 2009). The
order of different membrane systems was inves-
tigated (Gasecka et al. 2009), and new probes

Figure 2. (A) Two-photon illumination and (B) single-photon illumination.
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to visualize the membrane order were tested by
two-photon microscopy (Jin et al. 2006; Kim
et al. 2008; Klymchenko et al. 2009).

Fluorescence Recovery after
Photobleaching (FRAP)

FRAP or, under its previous name, fluorescence
photobleaching recovery (FPR) was first de-
scribed in the late 1970s (Axelrod et al. 1976;
Koppel et al. 1976) and got very popular in
the 1990s because of the improvements in optics
and the discovery of fluorescent proteins.

FRAP is a technique that exploits the pho-
tobleaching property of fluorophores. A region
of interest (ROI) is bleached with a high laser
power. Then, the ROI is observed for fluores-
cence recovery, caused by diffusion, interactions
or reactions of the surrounding fluorophores,
which yields a recovery curve. This curve typi-
cally looks like the one shown in Figure 3. Its
most remarkable features are the bleaching
step, an exponential-like recovery with charac-
teristic half-time, and a recovery level usually
lower than the initial level, whose offset is the
so-called “immobile fraction.”

According to the steepness of the recovery,
diffusion coefficients, binding rates or turnover
rates can be determined. The steeper the recov-
ery is, the faster the molecules are, with diffusion

N
>

z

‘@

c

(0]

"E ......................

= 1-A
.................. A2 A

t<0 &y t, Time

Figure 3. FRAP parameters. 0 < ¢ is the time before
the bleaching, t, is the time at which bleaching
occurs, ty, is the half-life (i.e., the time at A/2), A
is the mobile fraction, and 1 — A is the immobile
fraction.

coefficients (D) determined by the Stokes—Ein-
stein relationship for spherical molecules:

kT
- 6mr’

D (12)
where kg is the Boltzman constant, T'is the abso-
lute temperature, m is the viscosity, and r is the
hydrodynamic radius of the spherical particles.

Because photobleaching is an irreversible
process, immobile molecules will not recover
at all. Therefore, one can obtain the im-
mobile fraction of molecules as an additional
information from FRAP curves. To get accurate
quantitative information, the intensity profiles
of bleached RO, as well as an unbleached pos-
itive reference ROI on the same membrane, an
empty ROI outside of the membrane, and the
whole cell or membrane have to be derived.
Then, the recovery should be normalized
according to these values (Kenworthy 2007).

Normalized FRAP curves should be fitted
to the appropriate models, to get the half
time which is the time required for half of
the recovery. The simplest fitting is by a single
exponential:

f(r)y=A(1—e™). (13)

The diffusion coefficient can then be deter-
mined as

p— Y

= , (14)
471,

where o is 1/e” radius of the Gaussian laser
beam, <y is the parameter that depends on the
photobleaching extend varying from 1.0 to 1.2
depending on ROI shape, and T, ; is the half-
time. In case of a uniform circular spot ROI,

D = 0.224r /1. (15)

Many fitting models for diffusion, interaction
and reaction have been developed recently,
some of which are listed in Table 1.

TIR-FRAP

To measure the diffusion of molecules in a
membrane, TIR illumination can be a better
option than confocal microscopy for the same
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Table 1. FRAP fitting models
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Type of model Function Reference

. N2
Diffusion f) =f (1 - (m) ) Ellenberg et al. 1997
Diffusion f) = e H [IO (%) + 1 (Tz—‘;)} Soumpasis 1983

Chemical interaction
dominant

Reaction dominant

f(t) :)’0 _|_Ae’1'11

f(t) = 17C5q67 ottt

Phair et al. 2004

Sprague et al. 2004

reasons as listed above. With TIR-FCS, complex
binding-unbinding measurements are possi-
ble with high accuracy because of well-defined
and background free illumination.

Challenges and Artifacts in FRAP

FRAP is usually implemented in laser scanning
confocal microscopes (LSCMs), thus its ability
is limited by the features of the respective mi-
croscope. In FRAP experiments, it is usually
assumed that all the molecules are bleached at
the same time, and no diffusion happens dur-
ing photobleaching. But both assumptions may
be wrong at nonideal settings in an LSCM. To
guarantee proper photobleaching, more than
one scan at high laser power may be needed.
However, as the number of scanning cycles
increases, diffusion into the ROI is nonnegli-
gible, especially for fast diffusing molecules.
This leads to a wrong initial starting point of
recovery, and yields a wider and shallower
bleaching profile. In other words, the required
time for molecules to recover the bleached
area appears to be higher. To get rid of this arti-
fact, the initial point needs to be calibrated care-
fully (Snapp et al. 2003; Weiss 2004).

ROI Size. The shape and the area of the
FRAP ROI are crucial for the extraction of diffu-
sion coefficients. The ROI size should be much
smaller than the total size of the sample, to keep
the overall fraction of photobleached molecules
fairly low, not to influence the fluorescence
intensity profile of the sample. Moreover, ROI
radius should not exceed 1 wm for Gaussian
approximation to be valid.

Photobleaching Artifacts. During photo-
bleaching, many chemical reactions can happen
because of the high laser power, induced by
radical (often reactive oxygen) formation, such
as protein cross linking. This may affect the con-
centrations but also the diffusion coefficient
notably. Another effect of high laser power, par-
ticularly in the red spectral range, can be a slight
local temperature rise during photobleaching.
Although it has been shown that the tem-
perature increase is minor (Axelrod 1977) in
solution, it may be important on membranes,
specifically at critical temperature points (Hon-
ekamp-Smith et al. 2008).

Besides experimental parameters mentioned
above, a proper fitting should be carefully ap-
plied (Sprague and McNally 2005).

Applications

The diffusion in native cell membranes has been
addressed using the FRAP technique since long
(Lippincott-Schwartz et al. 2001, 2003). The
first studies were performed to see whether
membrane heterogeneity affects the diffusion
of proteins in the membrane (Edidin 1992;
Jacobson et al. 1995; Feder et al. 1996; Lommerse
et al. 2004; Kenworthy 2005; Lagerholm et al.
2005), which resulted in anomalous diffusion
concept. In the context of lipid rafts, a continu-
ous effort has been made to distinguish between
the diffusion of raft and nonraft markers, as well
as to characterize the factors that can influence
the membrane organization, like cholesterol
(Niv et al. 1999, 2002; Hao et al. 2001; Kenwor-
thy et al. 2004; Rotblat et al. 2004; Goodwin et al.
2005; Roy et al. 2005; Meder et al. 2006; Nicolau

Cite this article as Cold Spring Harb Perspect Biol 2011;3:a009803 9


http://cshperspectives.cshlp.org/
http://www.cshlpress.com

fco;m Cold Spring Harbor Perspectives in Biology

PERSPECTIVES

Voo’

Downloaded from cshperspectives.cshilp.org on November 8, 2011 - Published by Cold Spring Harbor Laboratory Press

www.cshperspectives.org

E. Sezgin and P. Schwille

et al. 2006; Shvartsman et al. 2006). TIR-FRAP
was applied to calculate the rates of binding
and unbinding of hormones to and from the
cell surface (Hellen and Axelrod 1991; Fulbright
and Axelrod 1993).

Fluorescence Correlation Spectroscopy (FCS)

FCS is a method that has been extensively used
and further developed by our group, being
introduced and established as a very suitable
approach to characterize model and cellular
membranes (Schwille et al. 1999a; Bacia et al.
2004). It is, in a way, a single-molecule method,
but provides sufficient statistical significance
to also use it for general characterization of
membranes, mainly through the diffusion prop-
erties of their constituents. It is thus related
to FRAP, but provides several advantages, the
most crucial of which is the dramatically im-
proved sensitivity, allowing to work at signif-
icantly reduced fluorescence labeling densities.
FCS has long been used to characterize domain-
forming membranes (Korlach et al. 1999), and
recently, by combination with super resolution
illumination (Eggeling et al. 2009), was able to
resolve nanometer-sized entrapment sites of
labeled raft-markers. Because of our intensive
efforts on FCS applied to membranes, this tech-
nique will be discussed in more detail in the
following.

FCS measures small fluorescence intensity
fluctuations in a defined volume. It provides
accurate information about diffusion coeffi-
cients, concentrations, molecular brightness,
intramolecular dynamics, and molecular inter-
actions. It has been extensively used for a variety
of biological applications, because of its great
sensitivity. FCS has been combined with many
different imaging methods, such as laser scan-
ning confocal microscopy, two-photon mi-
croscopy, total internal reflection fluorescence
microscopy, stimulated emission depletion
nanoscopy, and others, making it particularly
feasible for cell biology.

FCS was first established in the 1970s
(Magde et al. 1972, 1974, 1978; Elson and
Magde 1974) and technically greatly improved
in the following years (Rigler et al. 1993; Eigen

and Rigler 1994). Fluorescence intensity fluc-
tuations, primarily addressed by FCS, can be
caused by diffusion of the molecules through
the observation volume, or by reversible bright-
ness changes of the molecules because of some
chemical or photophysical reactions (Petrov
and Schwille 2007). FCS performs the statistical
analysis of these fluctuations. In other words, it
correlates a signal at a certain time r with the
same signal after a lag time ¢t + 7, and takes
the temporal average. This correlation can be
described as self-similarity of the signal in
time, which is represented by the autocorrela-
tion function, a temporal decay function of
average fluctuations. The basic formula for the
fluctuation autocorrelation function is

_(8F(t) -OF(t + 7))

T wwor

, (16)

where 8F(t) = F(t) — (F(t)) is the fluctuation
around the average intensity and ( ) denotes
the temporal average; T is the lag time. The
denominator is for normalization.

The basic steps of FCS experiments are as
follows. First, the sample is illuminated by the
appropriate illumination technique. Generally,
in the simplest representation of FCS, confocal
illumination without beam-scanning is used.
The fluorescence signal is collected by the objec-
tive and detected by sensitive photodetectors,
often by avalanche photodiodes (APDs). After
detecting the fluorescence intensity for a certain
time, a hardware correlator usually correlates
the signal from subsequent time points ac-
cording to the correlation function mentioned
above, and forms the experimental FCS curve.
This correlation step can also be performed ret-
rospectively, if data is recorded in small enough
(<sec) time bins. Then, the correlation curve
as in Equation 16 is fitted by an appropriate
fitting model (some listed below) to get the
numerical values of diffusion times, concentra-
tions and molecular brightness, or other pa-
rameters governing fluctuation decay.

As seen in Figure 4, the amplitude of the
curve is reciprocal to the concentration. The
reason behind this is that for lag time zero,

10 Cite this article as Cold Spring Harb Perspect Biol 2011;3:a009803


http://cshperspectives.cshlp.org/
http://www.cshlpress.com

fggﬁﬁ) Cold Spring Harbor Perspectives in Biology

PERSPECTIVES

Voocd”

Downloaded from cshperspectives.cshilp.org on November 8, 2011 - Published by Cold Spring Harbor Laboratory Press

www.cshperspectives.org

Focal volume

Diffusing
molecules
Laser t t+ 1T
. _(8F(t) - 8F (t+1))
Pinhole - (F(t)?

APD

Fluorescence Techniques to Study Lipid Dynamics

Figure 4. Principle of FCS. (Image courtesy of Jonas Ries.)

G(7) is determined as
((3F)
(Fy*

For random processes that are governed by Pois-
son statistics, the variance is

G(0) = (17)

Var(N) = ((8N)*) = N. (18)

Because the fluorescence intensity is directly
proportional to the number of molecules,

<F> = 61<N>’ (19)

when the intensity is normalized, we get

((BF?)
(Fy* (NY

(BN)) _(N) 1
= 5=~ (20)
(NY (N)
As stated above, the diffusion time and other
variables are obtained from fitting the experi-
mental data to the proper model function.
From the diffusion time Tp, the diffusion coef-
ficient can be determined if the diameter of
the focal volume is known:

)
™D = 4D . (21)
Here, w, is the beam waist of focal volume (i.e.,
the radial distance of the optical axis), and D is
the diffusion coefficient.
Besides the concentration and the diffusion
time, the brightness of the molecule, 1, can be
calculated. This parameter is quite important

for a good statistical accuracy, and can be used
to assess the quality of FCS measurements in
general. However, it can also reflect on the for-
mation of higher molecular complexes and
aggregates. m is directly proportional to the total
photon count and to the amplitude of the cor-
relation function:

n=—y = (E(t)) - G(0). (22)

In practice, FCS is quite a complicated and del-
icate technique to apply, with many parameters
that have to be taken into account and carefully
controlled.

o If the concentration of the fluorophores is
too high (>100 nwm) the contribution of cor-
related photons to the total intensity (or, the
strength of the fluctuations) is only marginal,
and precludes their analysis. If the concentra-
tion is too low (<1 pm) it gets difficult to
register a molecule in the focal volume dur-
ing a sensible measurement time. Back-
ground noise dominates the signal. In both
cases, it is difficult to record decent FCS
curves.

o Autofluorescence and (scattering) back-
ground may always affect the total fluo-
rescence intensity, and there should be
elaborate corrections for them. Besides, the
sample should be kept in a nonautofluo-
rescent medium.
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o Low laser power should always be used to
avoid photobleaching.

o The acquisition time should be long enough
to collect enough photons to correlate, but
not too long to avoid photobleaching.

o Fluorophore selection should be made care-
fully; more than other techniques FCS re-
quires a high photostability.

The basic steps and tricks to do FCS on liv-
ing cells are well described (Kim et al. 2007).

More problems, precautions, and correc-
tions will be discussed later.

Fluorescence Cross-Correlation
Spectroscopy (FCCS)

To quantitatively characterize molecular inter-
actions is of prime importance for cell and
molecular biologists. Biochemical assays that
are usually employed for this purpose are par-
ticularly problematic for molecules embedded
in or attached to cell membranes, because the
physiological environment cannot be closely
preserved in vitro. Video microscopy on fluo-
rescently labeled molecules in life cells has
helped to some extent, but often produces
ambiguous results, because it largely relies on
simple colocalization that does not really probe
interaction, but rather spatial proximity. As the
diffraction limit is much larger than a protein
size, when two proteins are closer than the res-
olution of the microscope, it cannot be deter-
mined whether they are truly interacting. A
much better approach is FRET, relying on the
radiation-less transfer of excited state energy
between two or more molecules that carry fluo-
rescent labels with large spectral overlap. Here,
the proximity needs to be in nanometer range,
making it much more specific to probe true
binding. FRET will be discussed in detail later.
However, the key challenge with FRET is to
attach the labels close enough to the binding
site to yield high transfer efficiency, but far
enough apart not to interfere with the binding.
Here, a variant of FCS, called fluorescence cross-
correlation spectroscopy (FCCS) often provides
a valuable alternative.

FCS itself provides detailed information on
the diffusion properties of labeled molecules.
To probe binding or interaction of small mole-
cules to large ones, or to immobile structures
such as the cell membrane, the reduction in dif-
fusional mobility may provide valuable infor-
mation on the binding process. This has in the
past been used to characterize binding events
by standard one-color FCS (Icenogle and Elson
1983a,b). However, this approach breaks down
when the interaction between molecules of ap-
proximately the same size are to be analyzed.
Simulations show that for the minimum detect-
able difference in diffusion time of a molecule
of at least 1.6-fold, an approximately sixfold
change in mass is required, as implicitly seen
in Equation 12, where the diffusion time is in-
versely proportional to the third root of mass
(Meseth et al. 1999).

The principle of FCCS is to observe codif-
fusion of molecules, rather than colocalization.
It can thus be employed to probe any phenom-
enon leading to or terminating such a comove-
ment (Schwille et al. 1997). Direct interaction,
complex formation, but also the clustering of
molecules in microdomains or nanodomains
can lead to such a codiffusion of two molecules
of separate species. In contrast to standard FCS,
the mathematical routine for FCCS is to corre-
late the fluorescence fluctuations from the first
channel at time ¢ with the fluorescence fluctua-
tions in the second channel at time ¢ + T over a
certain measurement interval (Fig. 5). The
cross-correlation function G..(1) for FCCS is
given by
Go(r) = OELD) (7)),

(Fy(t)){Fa(1))

where dF,(t) and 8F,(t) are the fluctuations in
the two fluorescence signals, and (F(t)) and
(F,(t)) are the mean intensities.

(23)

Scanning FCS (sFCS)

Although FCS is still mostly performed with a
steady measurement volume (i.e., a confocal
spot parked at a fixed position in solution or
in a cell), many modern instruments, par-
ticularly combined FCS-LSM modules, feature
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Figure 5. Principle of FCCS. (Image courtesy of Jonas Ries.)

the combination of correlation analysis with
a scan beam. Here, the focal volume may be
moving on a line (Petersen 1986; Petersen
et al. 1986), a circle in lateral axis (Petrasek
and Schwille 2008; Petrasek et al. 2010) or along
z-axis (Benda et al. 2003). The basic principle of
scanning FCS perpendicular to the membrane
is shown in Figure 6.

In the line-scan mode, the laser focus moves
perpendicularly to an axially aligned membrane
(e.g., the side membrane of a giant vesicle).

Time

Align Sum

Position

Because of the scan path being much larger
than the actual intersection with the membrane,
the focal spot will only be illuminating (mem-
brane-bound) molecules for a small fraction
of time. Thus, the recorded time-intensity trace
cannot be directly fed into the hardware corre-
lator but has to be processed by software to
align the actual membrane intersections, be-
fore actually correlating the processed pseudo-
real time signal and fitting the data (Ries and
Schwille 2006). This procedure, although more

G(1)
oo
OO OOO o o
o 5
Correlate

T

Figure 6. Principle of sFCS. (Image courtesy of Jonas Ries.)
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elaborate than standard FCS, has the enormous
advantage that sample drift or large-scale signal
disturbance by autofluorescent particles can be
efficiently suppressed. Although line-scan FCS
has many advantages for membrane systems,
which are going to be discussed later, it may
cause out of focus bleaching, and its time reso-
lution is limited by the software processing, ren-
dering it unattractive to detect fast diffusing
components in solution.

Besides a line scan in the lateral direction,
there is an axial scanning approach in which
the focal volume moves in the z direction,
so that it can measure above the membrane,
at the membrane and below the membrane
sequentially (Humpolickova et al. 2006). Be-
cause of the laser divergence, the size of the
illuminated area above and below the focal
plane are larger, rendering the number of mole-
cules and the diffusion time higher when mov-
ing the focal spot away from the focal plane.
Also, the movement is usually performed by
stage scanning, with much lower scan speed
than available for lateral scanning, Conse-
quently, this z scan is usually performed for
other purposes: for example, to calibrate the
focal volume in the z direction or to vary the
size of the illuminated area on the membrane
with minimal efforts.

Two-Focus FCS

Another modification of FCS that bears the
characteristics of cross-correlation is two-focus
FCS (or dual focus FCS). It can be implemented
with two fixed confocal volume elements dis-
placed with respect to each other at a spatial
distance. This setup simplifies calibration—Iess
measurements of diffusion coefficients (Der-
tinger et al. 2007). Spatial cross-correlation
with two focal elements can, however, be con-
veniently combined with line scanning, in
which two identical lines at a known distance
d are scanned by two foci simultaneously, or
alternately with very high frequency. When the
distance is well known, one can extract auto-
correlation curves as well as the spatial cross
correlation curve between two foci. This mode
is quite insensitive to artifacts that originate

from the variations of the focal volume (e.g.,
because of different refractive indices within
the sample [Dertinger et al. 2007; Loman et al.
2008]), and therefore particularly suited for cel-
lular FCS. This will be discussed later.

TIR-FCS

As mentioned before, TIR illumination pro-
vides a great axial resolution, which makes it a
very appropriate tool for membrane research.
It can also be conveniently combined with
FCS on membranes or surfaces in general. If
there is a strong background from labeled mol-
ecules in the cytosol, or above and below the
surface of interest, selective data processing in
scanning FCS or two-focus FCS can only partly
overcome this problem, which usually leads to a
decrease in amplitude in the correlation curve.
As a much more elegant strategy to eliminate
the background caused by any other molecules
away from the surface, objective-type TIRF illu-
mination combined with standard confocal
detection can be applied (Schwille 2003; Ries
et al. 2008).

Two-Photon FCS

To combine FCS with two-photon excitation
provides a number of interesting features and
advantages. First of all, like for standard imaging,
it limits cumulative photobleaching in out-of-
focus areas, making it preferable for FCS meas-
urements on samples with limited dye resources
such as small cells and organelles (Schwille and
Heinze 2001; Schwille et al. 2009). Two-photon
excitation is, further, the method of choice for
samples of high turbidity or high scattering cross
sections, like multicellular systems or cells with
thick cell walls. Additional advantages may be
provided by the photophysical properties of
the dyes, allowing to coexcite and correlate up
to three spectrally distinct fluorophores with
one two-photon excitation beam (Heinze et al.
2000, 2002). Caution has to be applied with
regard to the photostability of dyes and the avail-
able count rate per molecule, as both seem to be
significantly reduced under two-photon excita-
tion (Schwille et al. 1999b).
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Difficulties and Artifacts in FCS Applications

Background. Background can be caused by
scattering, autofluorescence, or unwanted fluo-
rophores in the sample because of nonspecific
labeling. If the background is truly random
and noncorrelated, a signal can be -easily
background-corrected after the measurement
as follows (Petrasek et al. 2010):

(F)
g(1) = (<F>——B

2
e e
where g () is corrected nonnormalized correla-
tion, g(7) is measured nonnormalized correla-
tion, B is background fluorescence measured
on the sample without fluorescent molecules,
and (F) is the average intensity.

In case of correlating background, it has to
be added to the fitting functions as a fixed sec-
ond component in a two-component model
after being carefully calibrated.

Membrane Heterogeneities, Blinking, Trip-
let, and Photobleaching. FCS usually assumes
an equilibrated steady state in the focal volume
around which fluctuations occur randomly.
This means that the average count rate should
not change over time when recording an FCS
curve. In reality, this assumption is very rarely
true. Many events, above all cumulative photo-
bleaching, cause a continuous drop or other
large scale drift in the average count rate,

Table 2. FCS fitting models

Fluorescence Techniques to Study Lipid Dynamics

rendering the error-free recording of FCS curves
quite complicated.

In measurements on live cell membranes,
membrane undulations constitute the main
problem. As the membrane may always be mov-
ing on a micron scale, the fraction of membrane
occupying the detection volume can change
drastically. This causes an increase or decrease
in count rate, and results in major distortions
of the curve, leading to erroneous values for
autocorrelation amplitude and diffusion time.

Another cause of severe, although better
controllable, distortion of FCS curves is the
photophysical phenomenon of triplet state
population, in which the molecules are trapped
in a dark state for a few microseconds. Triplet-
induced photophysical dynamics may lead to
wrong fitting of diffusion times, particularly if
the triplet fraction is high and the diffusion
times are short (Davis and Shen 2006). Yet,
this phenomenon can usually be corrected for
in the fitting function, as seen in Table 2. Usu-
ally, triple dynamics can be easily distinguished
from diffusion because it is independent of
volume size, but dependent on illumination
power. It can be easily evidenced as an addi-
tional shoulder in the FCS curve on short
timescales.

Blinking on short timescales does not have
to be of photophysical origin. Several fluoro-
phores, particularly fluorescent proteins such as
GFP, exhibit excitation independent dark state-
bright state transitions which may, however,

Diffusion type

Fitting function

3D diffusion

2D diffusion
2D diffusion for elliptical Gaussian profile

2D diffusion with triplet

2D diffusion with blinking

2D diffusion with two-component

G (1) = G(7) [1 +T(1 - T)_lexp(iﬂ

TTr

@mzcmp+ﬂﬂfw}

bright
1 @2Y1Gi(1) + g2Y2Gy(7)
Niot QY1+ qYs

Gyc(T) =
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be dependent on pH or ionic strength of the
solution (Haupts et al. 1998). After careful
calibration, this can be incorporated into the
fitting function in the same way as the triplet
dynamics (Table 2).

A more severe problem for FCS is dye pho-
tobleaching, as it not only leads to signal loss,
but also compromises the determination of
concentrations and diffusion coefficients, the
key parameters in FCS applications. At too
high illumination intensities, molecules will
not stay fluorescent during their full diffusion
path through the detection volume, but will
be destroyed before leaving it again, leading to
erroneously low diffusion times, and an overes-
timation of diffusion coefficients. In living cells,
there is an additional problem with immobile
fluorophores being unavoidably bleached dur-
ing the measurements and leading to a drift in
the overall count rate. To prevent this effect
from destroying the correlation curve during
real-time recordings, a prebleaching is usually
performed. Although photobleaching can be
usually diagnosed by decay in count rate, its
effect is not necessarily visible on first sight,
because an equilibrium state may be reached
between bleaching and continuous supply of
new fluorophores. To rule out photobleaching-
induced artifacts in general, a laser power series
of FCS measurements from minimum to a
moderate power should be recorded. Only for
power levels that do not show a change in the
curve parameters, compared to very low power
measurements, the intensity can be assumed
safe (Dittrich and Schwille 2001; Delon et al.
2004). This “safe intensity” is, however, dramat-
ically dependent on the diffusion characteristics
of the labeled molecules (lower intensities
required for slower molecules), and cannot just
be inferred from pure dye measurements.

For measurements on extremely slow par-
ticles, scanning FCS as explained above represents
an efficient solution to avoid photobleaching-
induced artifacts, because the laser is not con-
tinuously exciting the same spot, reducing the
interaction time with a specific region.

Detector Dead Time and Saturation. When a
photon hits the APD detector, it creates an

avalanche of electrons to amplify the signal.
Before the next photon can be registered, there
is a short interval of ~100 nsec, called the
dead time of the detector. Events occurring on
shorter scales than the dead time cannot be
resolved. Sometimes, the detection of a single
photon triggers the APD chip to create a second
cascade during the dead time, the so-called
“afterpulsing,” which is an artifactual event,
but highly correlated with the first one. As a
result, a peak in the correlation curve is ob-
served at very short timescales. The simplest
solution for this (usually hardware-induced)
problem is to split the light into two detection
channels and record the cross-correlation be-
tween them. Cross-correlation does not include
this after-pulsing peak because it is a hardware-
induced phenomenon in only one of the
detectors.

There is a photon count limit for the detec-
tor that it can process at a time. Above this value,
electronic saturation occurs, which has a similar
effect as optical saturation in the sample. Opti-
cal saturation happens when most of the mole-
cules in the focal volume are not in the ground
state, instead in excited state or triplet state. This
effect usually leads to an enlarged focal volume
and results in a slower decay of the correlation
function (Gregor et al. 2005; Humpolickova
et al. 2009). It should be ruled out in the same
way as for photobleaching, by recording a laser
power series and staying well below the intensity
at which the curves change their shape.

Focal Volume Geometry and Positioning.
The probe volume (composed of illumination
by the laser and detection via the pinhole) is
usually approximated as a 3D Gaussian profile.
In one photon excitation, slightly underfilling
the back aperture of the objective is a good
way to satisfy this approximation. Overfilling
the aperture to yield better excitation efficien-
cies, on the other hand, will for one-photon
excitation result in diffraction fringes of the
back aperture itself. This non-Gaussian volume
is prone to produce artifacts in diffusion time,
which may be misunderstood and taken as a
second species or kinetics (Hess and Webb
2002).
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There are several additional factors, like
optical aberrations, that distort the geometry
(shape or size) of the focal volume from the
Gaussian profile.

Refractive index mismatch could be a
common problem when dealing with cells, in
which refractive indices vary from 1.33 to
1.38. When there is a mismatch between the
immersion liquid, glass, and the sample, aber-
rations occur which cause a larger detection
volume than assumed by the fitting model.
This results in larger diffusion times and lower
diffusion coefficients than the real values. Sim-
ilar to this, displacement of the pinhole along
the optical axis leads to larger detection vol-
umes and larger diffusion times. Coverslip
thickness also affects the focal volume. Objec-
tives are usually designed for a certain range of
coverslip thickness that has to be adjusted
exactly. Deviations from the correct value again
result in a larger detection area and underesti-
mated diffusion coefficients (Enderlein et al.
2004, 2005).

Artifacts caused by refractive index mis-
match, pinhole misalignment, or coverslip
thickness affect the control experiments in the
same way as the measurements, such that the
ratio of control over sample is still correct.
If absolute values are to be obtained and the
optical system cannot be easily corrected, two-
focus FCS provides a good solution to avoid
problems with detection volume deformations.
Two-focus FCS is insensitive to refractive index
mismatch, cover-slide thickness variation, and
optical saturation. Therefore, it happens to be
a focal volume-calibration free technique for
accurate dynamics measurements (Dertinger
et al. 2007; Loman et al. 2008).

Correct axial positioning of the detection
volume is crucial for membrane analysis. If
the center of the focal volume is not exactly on
the membrane, the divergent laser beam illumi-
nates a bigger area of the membrane, mimicking
a higher concentration (through the reduced
count rate and higher occupation number) and
a smaller diffusion coefficient. To minimize
this artifact, the count rate should be maxi-
mized when adjusting the z position. For a
more decisive solution, positioning-calibration

Fluorescence Techniques to Study Lipid Dynamics

free FCS variants like scanning FCS or z-scan
FCS should be used.

Specific Artifacts in FCCS. One of the most
crucial tasks for dual-color cross-correlation is
the careful determination of measurement vol-
umes. Because of the different wavelengths, the
Airy disc sizes for the two detection channels
vary in proportion to their wavelength. Conse-
quently, in most FCCS instruments, the focal
volumes do usually not completely overlap,
even after eliminating all aberrations (Weide-
mann et al. 2002). For quantitative FCCS, this
requires intensive calibration measurements
(Schwille et al. 1997) (e.g., by using a “gold stan-
dard” of up to 100% cross-correlation [like a
strong receptor-ligand or dsDNA] and compar-
ing the experimental results with this reference).

One of the biggest problems in most optical
systems featuring multicolor applications is
spectral cross talk. FCCS is particularly prone
to producing false positive results because of
the cross talk induced by the leakage of the green
dyes’s emission into the red dyes’ detection chan-
nel. In that case, the autocorrelation between the
red and green spectral parts of the green dye
results in false positive cross correlation.

As for other artifacts, cross talk can be taken
care of by careful calibration. The cross talk
coefficient of any fluorophore k, can be easily
calculated by measuring the fluorescence simul-
taneously in both channels. This coefficient is
specific for a particular set of optics (dichroics,
filters, etc.):

Ky = F;/Fy, (25)

where F, is the fluorescence intensity in the red
channel, and F; is the fluorescence intensity of
the same fluorophore in the green channel.

Cross-correlation can be corrected accord-
ing to this coefficient in measurements with
two fluorophores:

FoF,Gg(T) — KxFéGg('T)
~ T R wh)

cc(T) (26)

In cases where cross talk constitutes a sub-
stantial portion of the fluorescence signal in
the red channel, as is the case for most
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combinations using fluorescent proteins (be-
cause of the limited availability of far red-
emitting FPs), it may be more appropriate to
eliminate cross talk already in the measure-
ments, rather than correcting for it retrospec-
tively. Here, alternating excitation schemes
have proven to be very powerful. The best
known scheme for FCS is pulsed interleaved
excitation (Mueller et al. 2005; Sohn et al.
2010), and alternating excitation may also easily
be combined with scanning FCS (Ries et al.
2009a).

FCS Applications on Membrane Dynamics

Over the last decade, FCS has been established
as an extremely attractive tool for in vivo (Miitze
et al. 2009) studies and on model membrane
systems (Kahya and Schwille 2006a). Thus, lipid
biology has widely exploited this technique.
FCS experiments have been designed and
appropriate models have been developed to
distinguish free diffusion from diffusion in
microdomains and meshwork structures in
native membranes (Wawrezinieck et al. 2005;
Lenne et al. 2006; Wenger et al. 2007). There
have been many studies on phase separated
model membranes, supported or free-standing,
to determine the diffusion characteristics of lip-
ids in different phases (Chiantia et al. 2008,
2009; Lingwood et al. 2008; Garcia-Saez and
Schwille 2010; Garcia-Saez et al. 2010). It has
been shown that the diffusion coefficient is
influenced by environmental conditions such
as ionic strength or sugar content of the
medium (Bockmann et al. 2003; Sum et al.
2003; Doeven et al. 2005; van den Bogaart
et al. 2007; Guo et al. 2008; Vacha et al. 2009).
The role of cholesterol in membrane organiza-
tion, a big issue in lipid biology, has been inten-
sively addressed by FCS (Scherfeld et al. 2003;
Bacia et al. 2004, 2005; Kahya and Schwile
2006b). Markers for more ordered lipid envi-
ronments, such as sphingomyelin and ceram-
ide, were other important molecules to be
studied (Chiantia et al. 2007, 2008; Eggeling
et al. 2009). Other membrane-dependent proc-
esses were also successfully investigated by FCS.
For instance, the interaction of morphogen Fgf8

with its receptors on the cell surface in living
embryos has been quantitatively determined
by using scanning FCCS (Ries et al. 2009a; SR
Yu e al. 2009). Another derivative of scanning
FCS—-line-scan FCS—was developed to address
the questions related to membrane dynamics
(Ries et al. 2009b). Moreover, reconstituted pro-
tein—protein interactions on GUV membranes
were monitored by using FCCS. For example,
active tBID and BCLyx; ACt proteins were found
to interact, and it was shown that membrane
promotes their interaction (Fig. 7) (Garcia-Saez
et al. 2009). In another example, helix—helix
interaction was shown for trans-membrane do-
mains using giant plasma membrane spheres by
scanning FCCS (Worch et al. 2010).

The applications of FCS in lipid cell biology
have been elaborately reviewed elsewhere (Mac-
han and Hof 2010).

A Comparison between FRAP and FCS
for Lateral Diffusion

As seen above, FRAP and FCS are alternative
methods to measure lateral diffusion of mole-
cules. Although their specific strengths and
shortcomings have been briefly mentioned, a
direct comparison may still be helpful for
choosing the right technique for a particular
experiment.

First, FRAP usually requires higher con-
centrations than does FCS. Numerically,
approximately 100 labeled molecules should
be on 1 wm? to obtain a reliable FRAP curve
(Wolf 1989), and with increasing concentra-
tions, the signal-noise ratio can be improved.
In contrast, the FCS curve deteriorates with
increasing concentration. One labeled molecule
in the detection volume of 0.5 fL (which is
almost 20 times less than probed by FRAP) is
usually sufficient to record a decent FCS curve.
FCS has a much better temporal resolution
down to submicroseconds, thus can resolve
very fast diffusions (Gordon et al. 1995).
On the other hand, FCS is not well suited to
analyze slow diffusion, which is quite vulner-
able to photobleaching. The high temporal res-
olution makes FCS also much more susceptible
to sample-induced noise, such as membrane
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Figure 7. Stimulation of tBID and BCLx;ACt intereaction by membrane. Cross-correlation in solution is
affected by concentration (A, C), whereas it is not changing and always higher in membrane (B, D). (Image cour-

tesy of Ana Garcia-Saez.)

undulations, or autofluorescent objects floating
around. However, FCS derivatives like scanning
FCS can overcome these problems to some
extent, still preserving the high sensitivity and
precision of the method. The main issue about
FRAP seems to be the high laser power which
may easily destroy the living sample and change
the dynamics of the molecular system. Finally,
FRAP gives information about immobile frac-
tions whereas FCS cannot.

Forster Resonance Energy Transfer (FRET)

FRET is not really a technique, but rather a well-
established photophysical phenomenon used to
monitor molecular dynamics and interactions
down to the single-molecule level. The idea
behind FRET was first proposed by Theodor

Forster in 1948 (Forster 1948). The mechanism
is based on the energy transfer of an excited flu-
orescent donor molecule to an acceptor mole-
cule in a nonradiative fashion when they are in
close proximity (10-100 A).

The energy transfer not only depends on the
distance between donor and acceptor, but also
on the spectral properties of the dyes and the
relative orientation of their transition dipole
moments. The rate (k) and the efficiency (E)
of the energy transfer in FRET are given by

ko= R/, 27)
™D
) J (28)
1+ (r/Ro)”

Cite this article as Cold Spring Harb Perspect Biol 2011;3:a009803 19


http://cshperspectives.cshlp.org/
http://www.cshlpress.com

g’gﬁﬁ, Cold Spring Harbor Perspectives in Biology

PERSPECTIVES

Downloaded from cshperspectives.cshilp.org on November 8, 2011 - Published by Cold Spring Harbor Laboratory Press

www.cshperspectives.org

E. Sezgin and P. Schwille

where Tp is the donor lifetime in the absence of
acceptor, r is the spatial distance between donor
and acceptor, and R, is the Forster distance of
the donor/acceptor pair, which is the distance
at which the energy transfer efficiency is 50%.
As seen, FRET efficiency highly depends on Ry,
which is given by

9000Qp (In 10) k27 (A)\/°
Ro = ( 128751 N, @)

where Qp is the quantum yield of the donor in
the absence of the acceptor, k? is the dipole
orientation factor, n is the refractive index of
the medium, N, is Avogadro’s number, and |
is the spectral overlap between the emission
spectrum of the donor and the absorption spec-
trum of the acceptor (Fig. 8). J is calculated as

J(A) = JfD(A)sA(A)N‘dA, (30)

where fp is the normalized donor emission
spectrum, and &, is the acceptor molar extinc-
tion coefficient.

The dipole orientation factor k> is often
assumed to be 2/3, which is valid when the
acceptor and donor molecules are freely rotat-
ing, and considered to be isotropically oriented
during the excited state lifetime. If the donor
and acceptor molecules are not free to rotate,
then this assumption is not valid anymore. In
most cases, however, even modest reorientation

of donor and acceptor molecules results in
enough orientational averaging that k* = 2/3
does not result in a large error in the estimated
energy transfer distance, because of the sixth-
root dependence of R, on k”. Even when k” is
quite different from 2/3 the error can be associ-
ated with a shift in R, and thus, determinations
of changes in relative distance for a particular
system are still valid. Fluorescent proteins, for
example, do not reorient on a timescale that is
faster than their fluorescence lifetime. In this
case, 0 < k> < 4 is a valid approximation.

There are several ways to detect FRET.
Acceptor emission can be detected on donor
excitation (Gordon et al. 1998). Because the
energy is transferred to the acceptor from the
donor, the emission intensity of acceptor is
expected to increase on donor excitation. Al-
ternatively, the emission of the donor can be
observed while photobleaching the acceptor
molecule (Jovin and Arndtjovin 1989; Kenwor-
thy and Edidin 1998; Wouters et al. 1998).
When the acceptor is optically saturated, the
excitation energy of the donor molecule is no
longer used by the acceptor molecule, such
that the emission intensity of donor molecule
increases on acceptor photobleaching, directly
proportional to the FRET rate.

Besides the fluorescence intensity measure-
ments mentioned above, the fluorescence life
time of the donor can be also measured. FLIM-
FRET is a technique to detect the decrease in the

=
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—
) — ' '
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v R 7
— Donor excitation
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B: Acceptor absorption
J(A): Spectral overlap
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Figure 8. Principle of FRET.
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donor’s fluorescence lifetime on energy transfer
(Gadella and Jovin 1995; Bastiaens and Squire
1999). This method is quite insensitive to
many artifacts which are going to be discussed
later, but its main disadvantage is the more
involved instrumental setup required to detect
on nanosecond timescales. FLIM-FRET appears
to be more vulnerable to some artifacts caused
by pH, temperature, and ionic strength of the
medium, as these factors modify fluorescence
lifetimes. However, with the proper controls,
this method seems to be the most reliable one
among others.

Fluorescence lifetime analysis can be per-
formed in two ways, in time domain and in
frequency domain. In the time domain
approach, very short (picoseconds to femtosec-
onds) excitation pulses are used to excite the
sample, and the lifetime is measured by collect-
ing the resulting photons over time between the
pulses, one by one. On the other hand, sinusoi-
dally modulated light is used to excite the fluo-
rophores in frequency domain. The emission is
also sinusoidally modulated at the same fre-
quency as the excitation, but there is a phase
shift and reduction in the modulation depth,
from which the fluorescence lifetime can be
derived.

FRET can also be detected by fluorescence
anisotropy (Runnels and Scarlata 1995; Gautier
etal. 2001; Clayton et al. 2002; Lidke et al. 2003)
which uses linearly polarized light to detect the
orientation of the molecules. When there is no
energy transfer, the orientation of excited mol-
ecule is highly correlated with the orientation of
the emitting molecule. However, when there is
FRET, the emitting molecules are not only the
excited donors but also the acceptors, such
that the correlation between the orientations
of these two components will decrease remark-
ably. This method has a unique property to also
determine FRET between identical molecules
(so-called homo-FRET) which is very crucial
in dimerization or oligomerization studies
(Bader et al. 2009).

The FRET pair selection is an important
issue. Theoretically, pairs are selected based on
the spectral overlap criterion discussed above.
The closer the spatial distance at closest

Fluorescence Techniques to Study Lipid Dynamics

proximity is expected to be, the larger the spec-
tra may vary. Clearly, detection efficiency is
maximized and cross talk minimized for spec-
trally more distinct probes. The most popular
FRET pairs at present are GFP-RFP, CFP-YFP,
BFP-GFP, GFP-mCherry for genetically modi-
fied proteins. There are also several classical
FRET pairs based on chemical dyes, such as
Cy3-Cy5 and Alexa488-Cy3. More FRET pairs
and their properties can be found elsewhere
(Sahoo et al. 2007).

Difficulties and Delicacy

In spite of its attractiveness of being a very intui-
tive technique with in principle rather straight-
forward experimental design and readout,
FRET in praxis has many caveats to be consid-
ered carefully, some which are mentioned below.

To get reliable FRET results, spectral cross
talk needs to be minimized. When the acceptor
fluorescence intensity is used to assess FRET
efficiency, spectral contamination always has
to be corrected to some extent. Two major sour-
ces of this spectral contamination are the direct
excitation of the acceptor, and the leakage of
donor emission into the acceptor detection
channel. As mentioned above, there is always a
trade-off between minimal cross talk and a
good spectral overlap factor J. The simplest
way to correct for spectral contamination is to
test the FRET signal in combinations of only
acceptor, only donor and donor/acceptor com-
bination, both with acceptor excitation and
donor excitation.

Photoconversion is another problem often
encountered with fluorescent proteins. Under
certain conditions, emission spectra may change
with time (e.g., on high laser power excitation)
or sometimes spontaneously as a result of pro-
tein maturation. This is critical in FRET meas-
urements, particularly when photobleaching is
used as readout. It has been shown that on pho-
tobleaching of acceptor YFP, CFP-like emission
is created without any FRET (Kirber et al. 2007).

Fluorescence lifetime-based FRET detec-
tion is insensitive to many of these problems
as the life time is usually independent of ex-
citation intensity. On the other hand, the big
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practical advantage of FRET as a straightforward
and intuitive method to complement imaging is
also lost, and the instrumentation gets much
more involved.

The interactions of donor or acceptor mol-
ecules with other components in the medium
should be carefully tested. If there is an un-
wanted binding of one or both to other mole-
cules, this can produce positive and false
negative results. Other problems may arise
from too complicated stoichiometry (van den
Bogaart et al. 2007) and the impossibility to
attach fluorescent tags close enough to the
interaction region (Miyawaki and Tsien 2000).

As for other fluorescence techniques, pho-
tobleaching should be avoided, as it usually
changes the molecular ratio of donor and ac-
ceptor, resulting in artifacts of FRET efficiency.
The donor should be particularly photostable
long enough to transfer its energy. It should
also exhibit low polarization anisotropy to elim-
inate the k* deviations.

The brightness of donor and acceptor
should ideally be comparable, otherwise result-
ing in saturation in one channel, or enhanced
noise in the other channel due (Piston and
Kremers 2007).

Applications of FRET in Lipid Biology

Being such a powerful tool to detect dynamic
molecular interaction, FRET has had a strong
impact on membrane and lipid research. Partic-
ularly, lipid /protein clusters in membranes are
interesting topics of study, and there are many
applications of FRET in this context. It has
been shown that GPI-anchored proteins are
enriched in cholesterol-dependent clusters,
whereas some putative nonraft proteins are
not. Cross-linking of GPI-anchored proteins
affects the protein distribution on the mem-
brane and their endocytosis, which highlights
the role of immobile, actin-driven nanoclusters
in the membrane (Varma and Mayor 1998;
Sharma et al. 2004; Goswami et al. 2008). How-
ever, there are also some contradicting reports
on similar systems, proposing that there are
no functional clusters in the cell membrane
(Kenworthy and Edidin 1999; Kenworthy et al.

2000; Glebov and Nichols 2004). FLIM-FRET
was used to detect the effect of cholesterol
depletion on lipid order (Grant et al. 2007) as
well as dynamic protein—lipid interactions in
live cells (Larijani et al. 2003). TIR-FRET was
used to visualize protein—protein interactions
on cell membranes and insulin secreting cells
(Lam et al. 2010; Sohn et al. 2010). Two-photon
FRET was applied to visualize protein—protein
colocalization (Mills et al. 2003) and free versus
clustered receptor—ligand complexes in the
membrane (Wallrabe et al. 2003).

Single-Particle Tracking (SPT)

As discussed above, information on the diffu-
sion of molecules in a membrane can usually
be obtained by either FRAP or FCS. However,
there are certain disadvantages to both tech-
niques. The lateral resolution of both tech-
niques is limited by the diffraction barrier.
Additionally, both techniques have to average
over many molecular events to obtain a reliable
diffusion time. This averaging, however, masks
potential heterogeneities in the diffusion char-
acteristics, induced by, for example, molecular
interactions or a heterogeneous membrane
environment. Therefore, a technique providing
access to the randomly distributed tracks of
individual particles is greatly desirable. With
the possibility of resolving single molecules,
the spatial precision at which lateral detection
can be performed is only determined by the
number of photons it takes to compute a spot-
like image, which can then be fitted with a
point-spread function to determine its geomet-
rical center (Toprak et al. 2007).

This approach, which has in past years
gained tremendous impact because of the avail-
ability of extremely sensitive charge-coupled
device (CCD) cameras, is known under the
name of single-particle tracking (SPT). The
underlying idea is that single particles or even
molecules are followed by computer-enhanced
video microscopy with a spatial resolution of
tens of nanometers and a temporal resolution
of tens of milliseconds. Thus, it is a suitable
technique to investigate the diffusion character-
istics of lipid or membrane-attached proteins,
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as well as factors influencing lipid dynamics and
membrane order.

The first SPT experiment was performed in
1982 by Barak and Webb to follow the lipopro-
tein receptor (Barak and Webb 1982). Then,
nanovid microscopy was developed, in which
molecules are labeled with gold nanoparticles
which can be more easily tracked by wide-field
microscopy (Debrabander et al. 1985, 1991).
The technique was further improved in terms
of resolution in later years (Schnapp et al
1988; Sheetz and Kuo 1993). A large body of
work on imaging and tracking of single lipid
molecules on artificial and cell membranes
was further catalyzed by the work by Schiitz
etal. (1997). Later on, the technique was further
developed by to track the particles 3D with dif-
ferent strategies (Digman and Gratton 2009;
Katayama et al. 2009; Ragan et al. 2006).

The idea behind the technique is to follow
the single-molecule movement over time, record
it as trajectories and analyze these trajectories
according to the diffusion theory. The main way
to analyze the trajectories is to calculate the
mean square displacement (MSD) defined as

MSD(7) = ((x(t) —x(t +7))* + (y(t) —y(t + 7))
+(z(t)—2(t+7))%), (31)

where x, 3, and z are the coordinates of the par-
ticles, T is the lag time, and () represents the tem-
poral averaging.

The MSD represents the average distance
that the molecule travels during the lag time
and is thus directly related to the local mobility
of the molecule. Once the trajectories are
recorded and the MSD is obtained experimen-
tally, it can be compared with theoretical mod-
els as listed in Table 3.

Of particular importance in membranes are
usually the cases of subdiffusion or confined
diffusion, which can be induced by corralling
of the diffusing molecules in domains, or any
other interactions slowing them down locally.
To resolve the dynamics of small local con-
straints, one trajectory can be divided into dif-
ferent parts, to display the changes in mobility
over time.

Fluorescence Techniques to Study Lipid Dynamics

Table 3. SPT fitting models

Type of diffusion Model
3D free diffusion 6Dt

3D anomalous subdiffusion 6Dt*

3D diffusion with directed 6Dt + (Vit)?

motion

2D free diffusion 4Dt

2D anomalous subdiffusion 4Dt*

2D diffusion with directed 4Dt + (Vi)?

motion

2D corralled motion (1= A 4Py

Instrumentally, SPT can be performed by reg-
ular wide-field microscopy, as well as confocal,
two-photon, and TIRE The selection of the illu-
mination method depends on the application.

Different labels can be used in SPT, according
to the nature of the experiment and the temporal
and spatial scales to be observed. Usually, the spa-
tial precision scales with the signal-to-noise ratio
that can be reached, but bright probes such as
nanoparticles and beads have to be used with
care, as they might also influence the mobility
of molecules. The most commonly used labels
are gold nanoparticles, quantum dots, and fluo-
rescent microspheres. The most convenient way
of labeling is to conjugate the probes with anti-
bodies or adaptor proteins which specifically tar-
get the molecule of interest.

After the particle location is accurately
determined in x—y or x—y—z (Levi and Gratton
2007), different algorithms can be applied to
acquire the full trajectories. The basic algo-
rithms are cross-correlating subsequent images
(Gelles et al. 1988; Kusumi et al. 1993), calculat-
ing the center-of-mass of the labeled object
(Lee et al. 1991; Ghosh and Webb 1994), or
directly fitting the image to a Gaussian distribu-
tion (Anderson et al. 1992; Schutz et al. 1997).
The correlation method compares the image
with the Kernel of the successive image. This
method gives the best performance at low
signal-to-noise ratios. The centroid (center-of-
mass) algorithm compares the center of mass
of two subsequent images to determine the
distance the molecule has travelled in between.
A Gaussian fit algorithm directly fits the image
of the object to a 2D Gaussian distribution
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(as an approximation of the PSF):

(x—x0)* + (¥ — o)’ .
B

G(x,y) =Aexp|—

(32)

This algorithm shows the greatest performance
when the object is of subwavelength size.
A detailed comparison of these algorithms,
their potential problems, and performances
can be found in Cheezum et al. (2001). There
are also algorithms available which combine
the correlation and Gaussian fit algorithms
(Levi et al. 2006a,b).

Difficulties and Delicacy

There are many aspects to be taken into account
to perform meaningful SPT analysis.

First, when using fluorescent probes rather
than nanoparticles or beads, photodamage
should be minimized. SPT requires a long time
to record the trajectories. Therefore, photo-
bleaching can be an important issue. The photo-
stability of quantum dots or fluorescent beads is
usually quite high, but when fluorescent lipid
analogs or fluorescent proteins are used, the
intensity has to be much reduced, limiting the
spatial resolution. A very important strategy is
to illuminate only while recording the photons,
and shutting the laser during camera readout
(i.e., frame transfer to the data storage).

A big argument in the SPT field is the effect
of large labels on molecular motion. When a
bead or nanoparticle is attached to small mole-
cules such as lipids, the diffusion characteristics
may change dramatically. Moreover, linkers to
attach the label to the molecule can also be prob-
lematic. Generally, short linkers and small labels
are desirable. Detailed work on this issue can be
found in the literature (Dahan et al. 2003).

The determination of particle location is the
most crucial aspect in SPT, and much work has
been devoted to maximize the spatial precision.
The accuracy of the spatial coordinates was in
the last years improved drastically, down to
1.5 nm in recent studies (Yildiz et al. 2003,
2004a,b).

The tracking software must be sensitive
to the particle brightness changes, because of

changes in the particle location with respect to
the focal plane. This effect can also be used to
record z coordinates with moderate precision
(Levi et al. 2005; Ragan et al. 2006). Needless
to say, cameras should be fast and sensitive
enough to catch the single-molecule signal.

The trajectory algorithm should be carefully
chosen, taking all the advantages and disadvan-
tages into consideration. The Gaussian fit algo-
rithm, for instance, seems easy and robust to
apply, but it just uses the brightest point as the
center and does not take the topographical
structure into account. Therefore, it may result
in wrong results depending on the molecule
topology (Cheezum et al. 2001).

The lag time 7 used to record the MSD is
also an important variable. It is supposed to
be lower than one-fourth of the total trajectory
time (Saxton and Jacobson 1997).

Scattering or autofluorescence background
is usually quite low, but it decreases the localiza-
tion accuracy of SPT. It is more dominant when
the centroid algorithm is used, because center-
of-mass is biased notably by the background
(Cheezum et al. 2001; Levi and Gratton 2007).

Applications

SPT hfas been applied successfully to investigate
different diffusion mechanisms and establish
the models for active transport, free diffusion,
anomalous diffusion, and confined diffusion,
as seen in Figure 9 and Table 3 (Saxton 1994a,b,

MSD

T

Figure 9. SPT models. (a) Active transport, (b) free
diffusion, (c) anomalous diffusion, and (d) confined
diffusion.
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1995, 1996a,b, 1997; Saxton and Jacobson
1997). Lipid diffusion is found to be highly
restricted in native plasma membranes, unlike
in liposomes, highlighting the role of cytoskele-
ton in membrane dynamics (Kusumi et al.
2005). Another diffusion type was described
according to these observations, called hop
diffusion. It is claimed that both lipids and
trans-membrane proteins diffuse in small com-
partments whose boundaries were mostly deter-
mined by cytoskeleton of the cell until they
change the compartment by hop diffusion
(Tomishige et al. 1998). Although there are
many studies claiming that saturated lipids
and GPI-anchored proteins show confined dif-
fusion on cell membrane on islands of 80 nm
and 700 nm in size (Schutz et al. 2000; Lenne
et al. 2006; Wenger et al. 2007), some other
SPT studies has recently claimed that the
diffusion of saturated and unsaturated lipids
is not different in cell membrane, which can
be because of very small size (<16 nm) or
very fast association/dissociation of the rafts.
Recently, two-color SPT (Dunne et al. 2009)
and micropatterning (Schwarzenbacher et al.
2008) was established to visualize the colocaliza-
tion on a single-molecule level. A concise sum-
mary on many applications can be found
elsewhere (Saxton and Jacaobson 1997; Levi
and Gratton 2007).
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CAVEOLAE

Flask-shaped, cholesterol-rich
invaginations of the plasma
membrane, thought to be
involved in cell signalling.

LIPID RAFTS

Micro-aggregates of cholesterol
and sphingomyelin thought to
occur in the plasma membrane.

GREEN FLUORESCENT PROTEIN
Isolated from the jellyfish
Aequorea victoria. Can be
genetically conjugated with
proteins to make them
fluorescent. The most widely
used mutant, EGFP, has an
emission maximum at 510 nm.
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A REAL-TIME VIEW OF LIFE WITHIN
100 NM OF THE PLASMA

MEMBRANE

J. A. Steyer* and W. Almers*

The plasma membrane is a two-dimensional compartment that relays most biological signals
sent or received by a cell. Signalling involves membrane receptors and their associated
enzyme cascades as well as organelles such as exocytic and endocytic vesicles. Advances in
light microscope design, new organelle-specific vital stains and fluorescent proteins have
renewed the interest in evanescent field fluorescence microscopy, a method uniquely suited to
image the plasma membrane with its associated organelles and macromolecules in living cells.
The method shows even the smallest vesicles made by cells, and can image the dynamics of

single protein molecules.

The plasma membrane is a busy place. Exocytic vesicles
insert receptors into the plasma membrane and release
ligands into the extracellular space. Endocytic vesicles
carry receptors with bound ligand to internal processing
stations. cavEOLAE are plasma-membrane-associated vesi-
cles with a presumed role in cell signalling'. L rAFTS are
thought to populate the plasma membrane as small
floating islands? in which select membrane proteins
meet in private to exchange signals. Finally, there is the
universe of membrane receptors. Many are probably
embedded in large molecular complexes that continual-
ly recruit and release downstream effector molecules.
Most or all these structures are highly dynamic, do
their jobs in milliseconds to minutes and sometimes
disperse soon thereafter. Only rarely do organelles of
the same type act in synchrony. To observe single
events mediated by single organelles and signalling
complexes, we require in vivo methods that image sin-
gle organelles, detect molecules in small numbers and
report their function at high resolution in time and
space. Fluorescence microscopy is a natural choice in
so far as some organelles may be stained specifically
with dyes, and more and more proteins have been con-
jugated with fluorescent proteins such as GREEN FLUORES-
centPrOTEIN (GFP) without impairing their function®.
However, most plasma membrane events involve inter-

actions with cytosolic proteins that have been recruited
to the plasma membrane transiently and in small num-
bers. And organelles of a given type often inhabit the
entire cell. Because even conrocaL microscopes look into
cells to a depth of nearly half a micron when focused
on the plasma membrane, these and more convention-
al fluorescence microscopes show strong ‘background’
fluorescence from the cytosol that obscures the weaker
fluorescence from small structures or molecular assem-
blies near the plasma membrane. Evanescent field (EF)
fluorescence microscopy overcomes this problem
because it provides depth discrimination of near-mole-
cular dimensions. This review focuses on recent appli-
cations of this method to membrane dynamics and sig-
nal transduction. We ignore a large number of
interesting papers with a more biophysical
orientation®, including those on cell-substrate
contacts® and on single molecule imaging®.

Evanescent fields

An EF can form when a beam of light travelling in a
medium of high REFRACTIVE INDEX, such as glass, encoun-
ters one of lower refractive index such as the adjoining
water or an adherent cell. When the angle of incidence
ais small, light is refracted and propagates through the
interface. But when o exceeds a certain ‘critical angle),
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Box 1 | Evanescent fields

a Glass | Water
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CONFOCAL MICROSCOPE

A fluorescence microscope
achieving improved depth
discrimination by blocking
fluorescence that originates
outside the plane of focus by
use of a ‘confocal’ pinhole. In
most confocal microscopes, a
laser beam focused to a small
spot provides the excitation
light and scans the image point
by point.

REFRACTIVE INDEX

In a transparent medium, the
refractive index is defined as the
speed of light in a vacuum (or
air) divided by the speed of
light in the medium. It
determines the change in
direction undergone by a beam
of light when it strikes an
interface between two media of
different refractive indices.

TOTAL INTERNAL REFLECTION
Highly efficient reflection
occurring at the interface with a
transparent medium of lower
refractive index when light
strikes the interface at a
glancing angle.

Exocytic
vesicle

Intensity

T 1
200 400
Distance (nm)

Cell

When a parallel beam of light in a medium of high refractive index (n,) strikes an
interface with a medium of lower refractive index (n,) it suffers total internal reflection
if the angle of incidence, a, exceeds the so-called critical angle. Total internal reflection
generates an evanescent field in the medium of lower refractive index (a). The intensity
of the evanescent field medium declines exponentially with distance from the interface
(b), falling 37% within the so-called ‘penetration depth’ d:

¢y

in which A is the wavelength of light and NA, = n, sin a is the numerical aperture of
incidence. The larger the difference between NA, and n,, the smaller is d.

In one example®, light propagates through a coverslip of high refractive index glass
(n, =1.8) at an angle of a=66° onto adhering cells (typically n,=1.37). QN 1 predicts d
=43 nm (b). EQN1 holds strictly in a homogenous medium such as water, and holds
approximately in cells if local variations of n, are small compared to (NA-n,).
Otherwise light-scattering structures can significantly increase the apparent
penetration depth of an evanescent field*} and even cause it to become propagate

d19.44

light instead undergoes TOTAL INTERNAL REFLECTION (BOX 1).
Classical electrodynamics does not allow an electro-
magnetic wave to vanish discontinuously at an inter-
face, therefore total internal reflection sets up a thin
layer of light in the water or cell, called the evanescent
field (EF). An EF selectively illuminates fluorescent mol-
ecules near the interface and leaves more remote struc-
tures in the dark. In the example of BOX 1, the EF reaches
from the plasma membrane into the cytosol for little
more than 100 nm, a distance comparable to the thick-
ness of ultrathin sections cut for electron microscopy.
EF microscopes are extremely sensitive to movement of
fluorescent objects vertical to the glass, as structures
brighten when they approach the glass and dim when
they retreat. Brightness is proportional to the illumina-
tion intensity within the evanescent field, but also to the
availability of the emitted light for collection by a
microscope objective (BOX 2). In the example of BOX 1, a
20-nm movement would produce a 37% change in illu-
mination and, in the ‘through-the-lens’ configuration
(see below), a 40% change in detected fluorescence (BOX
2b). In depth discrimination, EF fluorescence
microscopy is up to tenfold better than confocal
microscopy, the only other fluorescence microscopic
technique developed for this purpose. Confocal and EF
fluorescence microscopy are compared in TABLE 1.

There are two common configurations for EF micro-
scopes — prism and through-the-lens (BOX 3). Prism
microscopes can illuminate a larger field of view. This is
an advantage when simultaneously imaging several cells
or a single cell that spreads over large areas, such as a
neuron with its axon and dendrites. Prism-type EF
microscopes also have the least background light’.
However, the sample is sandwiched in a narrow space
between the prism and the objective lens and access to it
is restricted. Moreover, the brightness of an object does
not necessarily vary monotonically with its distance from
the interface (80X 2c). This is a disadvantage when inter-
preting brightness changes in terms of movement in and
out of the evanescent field. The prism method is easy to
implement, but we know of no commercial supplier.

Through-the-lens microscopes allow free access to
the specimen, collect fluorescent light more efficiently
from objects near the interface (80X 2) and have higher
image quality and spatial resolution. Good through-the-
lens microscopes require unusual objectives that have
become available only recently. So most early work with
EF fluorescence has used the prism method (BOX 4).
Attachments and objectives for through-the-lens micro-
scopes are available from Olympus Co.

Imaging secretory granules

The molecular mechanism of exocytosis has been
intensely studied biochemically®. Although eLecTrO-
pHYsIOLOGY has been the method of choice in func-
tional studies®!’, this method directly assays only
exocytosis, the last step in a long sequence of events.
Precursor steps such as the docking of vesicles at the
plasma membrane and their preparation for exocy-
tosis must be inferred indirectly by kinetic model-
ling. Hence it was desirable to image SECRETORY VESICLES
and granules before exocytosis. It is not difficult to
make secretory vesicles fluorescent. Vesicle-resident
proteins can be conjugated with GFP (FIG.1)!"12 or
one may use the fact that most vesicles are acidic
inside and therefore accumulate fluorescent weak
bases such as acridine orange or quinacrine. In mMast
ceLLs of mutant mice, secretory granules are so large
(1-3 wm diameter) that they could be observed with
simple EPIFLUORESCENCE MICROscopYy while they dis-
charged quinacrine by exocytosis'®. The large gran-
ules of sea urchin eggs could also be observed by epi-
fluorescence microscopy'. But fluorescence imaging
of the ten times smaller and more densely packed
secretory granules of endocrine cells required EF flu-
orescence microscopy'>. After curomarrIN ceLLs had
accumulated acridine orange in their granules, stim-
ulation caused the granules to release their fluores-
cence as a short-lived fluorescent cloud, and then to
dim or vanish. Once the plasma membrane was
stripped of docked granules, fresh granules arrived
from the cytosol. Some of them approached by
directed motion as if moving along filamentous
tracks, and then lost mobility because they had either
docked at the plasma membrane or become
ensnared in the dense network of actin filaments that
invests the plasma membrane of most cells.

NATURE REVIEWS | MOLECULAR CELL BIOLOGY

VOLUME 2 | APRIL 2001 | 269

#2 © 2001 Macmillan Magazines Ltd



REVIEWS

ELECTROPHYSIOLOGY

Three variants are used to study
secretion. First, a glass
micropipette penetrating a
neuron records electric currents
through plasma membrane ion
channels opened by secreted
neurotransmitter. Second, a
carbon fibre placed near the
surface of a secretory cell records
acurrent as it oxidizes secreted
catecholamines. Third, the
increase in cell surface area
following exocytosis is measured
by monitoring the electrical
capacitance of the plasma
membrane. All three methods
are sensitive enough to detect
the exocytosis of single vesicles.

SECRETORY VESICLES

Used to sequester molecules
within a cell and then deliver
(secrete) them to the
extracellular space by exocytosis.

MAST CELL

A type of leukocyte with large
secretory granules containing
histamine and various protein
mediators. Granules are
especially large in the beige
mouse mutant.

EPIFLUORESCENCE

Most common fluorescence
microscopy arrangement
wherein excitation light is
applied through the objective
that is also used for viewing the
fluorescent specimen. The
method excites and collects
fluorescence throughout the cell
and has poor depth
discrimination.

CHROMAFFIN CELLS

Cells of the medulla of the
adrenal gland. They store and
secrete adrenaline,
noradrenaline and protein
hormones. They are termed
‘chromaffin’ because they can be
stained by chromium salts.

INS-1 CELLS
Cell line derived from pancreatic
B-cells that secrete insulin.

PC-12 CELLS

A cell line derived from a
tumour of CHROMAFFIN CELLS.
Used as a substitute for
chromaffin cells in secretion
studies. Compared with
chromaffin cells, they have
smaller and fewer secretory
granules, but also contain
vesicles similar to synaptic
vesicles.

Box 2 | Light collection near a glass-water interface

a b c
53 2 1.0 810
o £ £
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s 5 Water 5
9] o 0.5 » 05
% Water QL 2
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Apart from radiating light in all directions, a fluorescent molecule also generates an electromagnetic ‘near field’ that,
like an evanescent field, does not propagate but declines rapidly with distance. Where the near field extends into the
glass, it radiates into the glass as propagated light, entering at an angle larger than the critical angle*. In so far as the
total fluorescence emitted by the molecule does not change, the energy thus captured from the near field diminishes the
fluorescent light propagating elsewhere. Hence objects close to the interface emit most of their fluorescence into the
glass at the expense of the aqueous phase. Objects at greater distance emit more fluorescence into the water, as
propagated light is reflected from the glass back into the water. These effects occur regardless of whether fluorescence is
excited by an EF or by propagated light. They are illustrated in panel a, which shows the light emitted into water (blue)
and into glass (red). The blue curve was calculated for dipoles of random orientation as in References 46 and 47 but for
A=520 nm and high refractive index glass (n, = 1.8) contacting water (n, = 1.33). The red curve is one minus the blue

curve. A 1.65 NA objective is expected to collect most of the light emitted into the glass.

The red and blue curves in panel b show how bright a fluorescent object appears at various distances when it is
illuminated with an evanescent field as in Box 1 (re-drawn as the black curve). Brightness depends both on the intensity
of illumination (black) and on what portion of the emitted fluorescence is available for collection (red and blue in panel
a). In glass, both factors combine in dimming the object as it retreats from the interface. This is shown in the red curve,
which multiplies the black curve by the red curve in a. In water, the two factors oppose each other, and the blue curve is
the black curve multiplied by the blue curve in a. All three curves were scaled to coincide at the interface. We assumed
that ideal objectives collect all light emitted into glass on one side and water on the other. Light emitted into glass falls
more steeply with distance than the illumination intensity, and light emitted into water less steeply. Panel ¢ is similar to
panel b but with a more deeply penetrating evanescent field (d = 150 nm, black). Note that light detected through water

first rises and then falls as the object moves into water.

Occasionally granules left the plasma membrane
after remaining there for tens of seconds. The
replenishment of the cell surface with fresh granules
took some 10-20 min, a surprisingly long time con-
sidering that a docked and release-ready granule can
undergo exocytosis in tens of milliseconds'® or less!’
after a rise in internal Ca®* concentration.

Related observations were made by others'®2. In ins-1
ceLLs, the interior of secretory granules was labelled with
acridine orange and their membrane was labelled with
GFP-conjugated phogrin, a membrane protein whose
function is unclear®. Both orange and green fluorescence
were observed simultaneously. Interestingly, the green
image of the empty granule membrane remained visible
for several seconds after the release of acridine orange.
Evidently the granule membrane does not flatten into the
plasma membrane immediately after exocytosis.
Sometimes the empty granule detached from the mem-
brane and moved away, in direct support of the idea that
empty granules can be retrieved intact by the cell**2.

Single secretory granules in live endocrine cells have
also been observed by confocal microscopy'>?.
Secretory granules were observed after deconvolution
of epifluorescence images in live pc-12 (REE 24) and pitu-
itary cells®. Upon exocytosis, pituitary granule matrices
stained brightly with Fvmi-43 and were retrieved intact in
large endocytic vesicles®.

Constitutive exocytosis

This process had previously been studied almost entire-
ly by biochemical methods and electron microscopy.
Neither method easily provides information on how
often and how fast exocytic events happen. Two groups
expressed a fluorescently labelled membrane protein in
exocytic organelles (TRANSPORT CONTAINERS) Of epithelial
cells and observed the cells by EF fluorescence??” and
by epifluorescence?. To shorten the penetration depth,
both groups plated cells on special high-refractive index
glass and used special optics to achieve a large angle of
incidence. Video imaging of single transport containers
provided a wealth of new results. Transport containers
undergoing exocytosis were both spherical and tube-
shaped. Exocytosis was apparent as fluorescent mem-
brane protein escaped from transport containers and
spread into the plasma membrane by lateral diffusion.
Transport containers moved around in the cytosol,
arrived in the evanescent field, stopped at or close to the
plasma membrane and then presumably docked. There
they remained for tens of seconds or minutes until they
either returned into the cytosol or underwent exocyto-
sis. The large number of apparently docked vesicles was
surprising, as it is normally a hallmark of REGuLATED ExO-
cyrosis. As a second surprise, tubular transport contain-
ers released only a small portion of their membrane
proteins as they fused transiently with the plasma mem-
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Table 1 | Comparison of two microscopic techniques

Confocal

Floods entire cell with excitation light,
but rejects most fluorescence in confocal  No out-of-focus fluorescence.

pinhole.

Extensive bleaching and photodamage

throughout the cell.

Tens of useful pictures per cell.

Limited vertical resolution blurs a point
into a vertical ellipse about 500-nm long.

Pixels imaged sequentially in laser

scanning microscopes.
Imaging relatively slow.

Can image entire cell.

brane and then closed their rusion pore. The time
sequence in FIG. 2 shows an example, imaged both by
epifluorescence to emphasize structures >100 nm from
the plasma membrane, and by EF fluorescence for struc-
tures <100 nm. Both methods imaged the same fluo-
rophore but the epifluorescence signal was coded red
and the EF signal green. An arrow marks a transport
container at some distance (red). At 7 s, part of it had
turned green and hence had entered the evanescent
field. Its red extension indicates that it was a tube
extending beyond the evanescent field. Exocytosis
appears as the spread of green fluorescence into the
plasma membrane (8—12 s). After the green cloud faded
(12 s), a green and red spot remained at the fusion site

Evanescent field
llluminates only the plane of interest.

All fluorescence usable for imaging.

Less bleaching and photodamage per
collected photon.
Hundreds of useful pictures per cell.

lllumination declines exponentially over
distances to 40-50 nm when high
refractive index glass is used.

All pixels imaged simultaneously.
Rate of imaging limited only by speed
of camera and photon collection.

Images only cell surface.

(41 s), indicating that the transport container remained

FM1-43

A water-soluble lipid that
becomes fluorescent when it
reversibly enters a lipid bilayer
or the protein cores of some
dense core granules.

TRANSPORT CONTAINERS
Vesicles or tubules derived from
the trans-Golgi network that
can either undergo exocytosis
or give rise to vesicles capable of
exocytosis.

REGULATED EXOCYTOSIS

In regulated exocytosis, vesicles
accumulate beneath the plasma
membrane and wait for a signal,
such as an increase in cytosolic
[Ca“]i. By contrast, constitutive
exocytosis is thought to occur as
soon as vesicles arrive at the
plasma membrane.

FUSION PORE

Small opening that allows flux
of cargo between two
membrane-bounded
compartments. Fusion pores
form at an early stage of
membrane fusion and widen
when they lead to full fusion.

DENSE CORE GRANULES

Large (100-1,000 nm diameter)
secretory vesicles that
concentrate and then secrete
proteins. Because of their high
protein content they stain
heavily and hence appear to
have a ‘dense core’ under the
electron microscope.

Box 3 | Two types of evanescent field microscope

In prism-type microscopes (a), a prism directs lightinto 4
a coverglass bearing cells. Fluorescence excited by the
evanescent field (EF) is collected opposite the reflecting
interface, either with an objective dipping into an open
chamber as shown, or with an oil immersion objective if
the chamber is covered by a coverslip. With a
hemicylinder prism, light can easily be applied at
various angles for varying the penetration depth of the \\
EF'*#, Prism-type microscopes have completely Water
separate paths for excitation and emission light and for
this reason have the lowest background light. With a
wide laser beam, it is easy to generate an EF over large
areas, thereby illuminating a wide field of view. However,
prism-type microscopes must look through a cell to see
its bottom surface and this tends to degrade the image
quality. They also tend to view cells through objectives of
longer working distances and lower resolution.
Through-the-lens microscopes (b) generate the EF Water
with the objective lens that is used for viewing the cell.
How is this done? From basic optics, light diverging from
a point source can be made parallel by placing the point
source in the focal plane of a converging lens. The same
is true for an objective lens and the focal plane at the
back of the objective (dashed). The further off-axis the
point source, the larger the angle at which the parallel
beam leaves the objective. The largest angle a at which
an objective can emit (and receive) light is expressed in
terms of its numerical aperture (NA) as NA = nsin «, in
which n is the refractive index for which the objective
has been designed. Total internal reflection requires that
the NA be higher than the refractive index of the
specimen, n, = 1.37 for a typical cell. Until recently, the
highest available NA was 1.4, barely enough to achieve total internal reflection at the interface between the glass and
the cell*’. However, a special objective with NA = 1.65 is now available (Olympus APO 100x O HR)*.
Through-the-lens set-ups can be used like normal inverted epifluorescence microscopes and allow electrodes,
pipettes or even an atomic force microscope on the stage without compromising optical quality. Because both the
light collection efficiency and spatial resolution of an objective increase with its numerical aperture, through-the-
lens set-ups automatically excel on both counts. Because they view cells through glass, through-the-lens set-ups have
two advantages over prism set-ups. First, they collect more light from near-by objects (BOX 2). Second, light collected
diminishes monotonically with distance, so brightness changes can be converted, at least approximately, into
movements. This cannot be guaranteed for light emitted into water. However, the 1.65 NA objective requires special
and costly coverslips of high-refractive index glass as well as special immersion oil that passes blue light poorly. But
objectives using normal coverglass and immersion oil are becoming available from Olympus and Zeiss Co. Their
numerical aperture is only 1.45, but this exceeds the refractive index of cells (1.37) sufficiently to be useful for this
application. Through-the-lens set-ups have been discussed in recent articles>*.

Objective lens

Glass
\‘

slide

Objective lens

- - Focal plane

Dichroic mirror
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SYNAPTIC VESICLES
Small-diameter (20-65 nm)
secretory vesicles that store and
secrete neurotransmitters.
Capable of exocytosis within
fractions of a millisecond after a
stimulus. They do not enclose
protein and hence lack a dense
core.

ACTIVE ZONE

Structurally well-defined zone
in presynaptic nerve terminals
constituting a preferred site for
the exocytosis of synaptic
vesicles.

RETINAL BIPOLAR NEURONS
The predominant neurons in
the inner nuclear layer of the
retina. At the end of a short
axon, they carry an unusually
large synaptic terminal that can
be directly studied by
capacitance measurements.

SYNAPTIC RIBBON
Proteinaceous structure at the
active zones of some sensory
neurons. Thought to transport
and/or capture synaptic vesicles
in preparation for exocytosis.

VOLTAGE CLAMP
Electrophysiological amplifier
that controls the plasma
membrane voltage by electronic
feedback, and reports the
current that must pass across
the plasma membrane to
maintain the desired voltage.
Used, for example, to open and
close voltage-gated Ca**
channels.

SNARES

Proteins required for
membrane fusion in exocytosis
and other membrane traffic
events. Vesicle SNAREs on the
vesicle membrane bind to target
SNARES on the target plasma
membrane. When such trans-
SNARE complexes are formed,
they pull the two membranes
close together and presumably
cause them to fuse.

DIFFERENTIAL INTERFERENCE
CONTRAST MICROSCOPY
Forms images of high contrast
and resolution in unstained
cells by using birefringent
prisms and polarized light.

Box 4 | Applications of the method

* First study reporting the imaging of cells by
evanescent field microscopy®.

* First through-the-lens evanescent field microscope.

* Imaging clusters of a fluorescently labelled plasma
membrane protein’2.

+ Adhesion of cells to substrates®>*3; see REE. 5 for review.

* Imaging cells with through-the-lens evanescent field
fluorescence®.

* Theory of evanescent field microscopy**-%,

* Measuring the distance between substrates, plasma
membranes and organelles by variable-angle
evanescent field illumination'*#47:%7,

* Fluorimetric tracking of a cell’s volume®®.

* Imaging Ca** concentration changes near the plasma
membrane®,

there and retained some or most of its cargo. The direct
observation of an exocytic organelle fusing and then
disconnecting adds to the extensive electrophysiological
evidence on endocrine?'?2 and mast cells?®*% in which
DENSE CORE GRANULES undergo incomplete exocytosis as
they open and then close transient fusion pores.

Synaptic vesicles
By virtue of their small size, syNapTIC VESICLES can release all
their neurotransmitter in fractions of a millisecond.
Indeed, synaptic vesicles are the smallest membranous
organelles made in any cell (diameter 30-50 nm in
brain). Whereas transport containers fuse continuously
and at apparently random locations over the entire cell
surface®, synaptic vesicles dock preferentially at so-called
AcTIVEZONES, and fuse there within a millisecond after an
electric stimulus. Synaptic vesicles have been intensely
studied using biochemistry and electrophysiology but, as
with secretory granules, no method existed to record sig-
nals from single synaptic vesicles before exocytosis. It
therefore seemed desirable to image synaptic vesicles.
After exocytosis, the membrane of synaptic vesicles
is retrieved by endocytosis**!, but may be loaded dur-
ing its brief stay at the plasma membrane with a few
hundred molecules of the fluorescent lipid FM1-43
(REF. 32). EF fluorescence was used to image FM1-43
stained giant synaptic terminals of RETINAL BIPOLAR NEU-

Time (ms) -1,000 100

roNs® where so-called synapric riBONs tether vesicles
near active zones*. Single vesicles were observed in ter-
minals plated on high refractive index glass*. Many
vesicles made brief visits to the plasma membrane,
rapidly bouncing into and out of the evanescent field.
Others were bright and immobile as if docked at the
plasma membrane. A stimulus delivered with a vortage
cLamp caused the docked vesicles to undergo rapid exo-
cytosis, visible as the release of FM1-43 from the vesicle
and its spread into the plasma membrane by lateral dif-
fusion (FIG. 3). The stimulus also caused new vesicles to
dock and replace those lost through exocytosis. They
were ready to fuse after being docked for 0.2-0.3 s.
Although vesicles fused and docked mostly at discrete
active zones of submicron diameter, they occasionally
did so elsewhere on the plasma membrane. As in chro-
maffin and epithelial cells, capture of vesicles at or near
the plasma membrane was reversible.

Interestingly, vesicles at active zones often appeared
motionless but dim until a stimulus caused them to
brighten as they moved to the plasma membrane and
then fused. Evidently, active zones contain a cytosolic
structure, probably the synaptic ribbon, that holds vesi-
cles in reserve a short distance from the plasma mem-
brane. Given the penetration depth of the evanescent
field, it was calculated that vesicles were held about 20
nm away from the plasma membrane. This is close
enough for v-sNare proteins on the vesicle to reach out
and touch t-SNARE proteins on the plasma membrane,
and thereby initiate the formation of the SNARE com-
plexes needed for fusion®. Whether or not the 20-nm
movement actually reflects formation of the SNARE
complex, the finding illustrates that EF fluorescence can
image molecular-sized motions in living cells.

Organelle movement

Most organelles travel extensively within cells. Classical
work with DIFFERENTIAL INTERFERENCE CONTRAST (DIC)
microscopy has shown how microtubules transport
organelles over long distances and how they segregate
chromosomes. DIC is less well suited, however, to
explore submicron movement of densely packed
organelles in the very periphery of a cell. Such move-
ment must occur if secretory granules are to occupy
their docking site beneath the plasma membrane, and if
endocytic vesicles at the plasma membrane are to reach
their processing stations in the cytosol. In either direc-

133 200 900

Figure 1 | Chromaffin cell expressing GFP-conjugated pro-neuropeptide Y (p-NPY) in its granules. p-NPY is normally
contained in the secretory granules of chromaffin cells. Pictures taken at various times relative to a voltage jump from —70 mV to
0 mV that opened Ca?* channels and stimulated exocytosis of a granule in the centre of the cell. Note the rapid spread of
fluorescence, followed by disappearance of the granule. Scale bar, 2 um. (Courtesy of I. Kleppe. Olympus APO 100x O HR 1.65

NA objective.)
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Time (s) 0 7 8 10 12 41

Figure 2 | Constitutive exocytosis. Epithelial cell expressing vesicular stomatitis virus glycoprotein tagged with yellow
fluorescent protein and targeted to the plasma membrane. a | Schematic of the structures imaged in b. A tubular transport
container approaches the plasma membrane, fuses and then disconnects. b | Pictures with evanescent field (EF) fluorescence
showing structures <100 nm from the plasma membrane are overlaid on epifluorescence pictures that also show structures
further away. Zone imaged with EF fluorescence in green, that with epifluorescence in red. Superimposed pairs of EF (green) and
epifluorescence images (red) taken at indicated times. Structures illuminated both by the EF and by epifluorescence appear
yellow. One transport container is marked with an arrow in the first image. Images of this transport container are hypothesized to
be vertical projections of the structures drawn in a. Lines connect images with the structures they are hypothesized to represent.

PHALLOIDIN

Family of toxins present in the
highly poisonous agaric fungus,
Amanita phalloides. Phalloidin
binds specifically to actin
filaments and prevents their
depolymerization.

LATRUNCULIN

Toxin present in the sponge
Latruncula magnifica, which
binds to monomeric actin and
depolymerizes actin filaments.

ACINAR CELLS

Acinar cells in the mammalian
pancreas are responsible for the
secretion of digestive enzymes.
Like mast cells, they have large
secretory granules.

MACROPINOCYTOSIS
Actin-dependent process by
which cells engulf large volumes
of fluids.

a b Time (ms)

Images taken using the prism method?’. Scale bar, 2 um.

tion, organelles must penetrate the so-called actin cor-
tex beneath the plasma membrane, a dense meshwork
of actin filaments that is a few hundred nanometres
thick. To the extent that actin filaments constantly
assemble and disassemble, the meshwork is dynamic
and permeable to organelles. Control mechanisms reg-
ulating the assembly and disassembly would also regu-
late the permeability of the actin cortex. To study them,
a simple method to track organelle movement in the
actin cortex would be useful.

EF fluorescence studies in PC-12 cells showed that
granules beneath the plasma membrane come in three
types®¥7. A few move in a directed fashion over micron
distances, others dither about without apparent direction
and many do not measurably move at all. In resting chro-
maffin cells, all but a few per cent of the granules near the
surface dither ~70 nm around a resting position as if teth-
ered there or imprisoned in a cage®, most likely the actin
network. Movement over longer distances is extremely
slow. By comparison, some giant synaptic terminals con-
tain large reservoirs of mobile synaptic vesicles®.

-342

In permeabilized PC-12 cells®, granule motion
stopped when ATP was replaced by a non-hydrolysable
analogue, or when the turnover of cortical actin was
blocked by praLLomiN. These results indicate that the
movement of granules might require energy and might be
hindered by actin filaments. Surprisingly, granule motion
diminished also when most cortical actin was disassem-
bled by LatruNcULIN. Actin seems to both help and hinder
granule motion, as previously shown in pancreatic ACINAR
ceLs®. These studies are a modest beginning, but they
promise that future work will provide important insights.

A surprising role for actin in endocytosis was found
when macropINocYTOsIs was observed in cultured mast
cells expressing GFP-f3-actin®’. While separating from
the plasma membrane, macropinocytic vesicles ignited a
burst of actin polymerization that drove them into the
cell interior much as actin ‘comet tails’ drive microor-
ganisms such as Listeria monocytogenes through infected
cells. Filamentous actin was long thought to function
during endocytosis, but this was the first demonstration
of actin-driven movement initiated by endocytosis.

+17 +50 +204

Figure 3 | Synaptic vesicles in a goldfish retinal bipolar nerve terminal. a | Footprint of a nerve
terminal adhering to a coverslip. Synaptic vesicles stained with FM1-43. Average of 500 images.
Bright spots show places frequently occupied by vesicles. Scale bar, 3 um. b | Vesicle undergoing
exocytosis; times are relative to a voltage jump from —-60 mV to 0 mV that opened Ca?* channels.
Average from five spatially and temporally aligned vesicles. Scale bar, 1 um. (Images taken using an
Olympus APO 100x O HR NA 1.65 objective®'.)
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DSRED

(dsRed). A red fluorescent
protein (emission maximum at
583 nm) that, like GFP, can be
genetically conjugated to
proteins to make them
fluorescent. First isolated from
tropical corals of the Discosoma
genus.

CFP

Variant of GFP engineered to
fluoresce in cyan. Its emission
maximum is at 474 nm.

YFP

Variant of GFP engineered to
fluoresce in yellow. Its emission
maximum is at 525 nm.
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Signal transduction

An important use of EF fluorescence will be to image
signal-transduction events. Although the potential of
the method for this purpose remains to be fully exploit-
ed, it can be illustrated by two examples.

In one study*, red fluorescent epidermal growth fac-
tor (Cy3—-EGF) molecules were applied to cells. In an
interesting but probably difficult variant of EF fluores-
cence, the authors sought to image the plasma mem-
brane not where it adhered to the coverslip but instead at
the opposite side where the cell faced the free solution.
For generating the evanescent field, they took advantage
of the minute refractive index differences between the
cell and the surrounding medium. Dim spots of similar
brightness appeared abruptly as epidermal growth fac-
tor (EGF) molecules were captured by the plasma mem-
brane and then vanished some time later. Their persis-
tence time varied inversely with the illumination
intensity, as expected for the photobleaching of single
molecules. Measurement of the fluorescence intensity of
spots indicated two populations, one twice as bright as
the other, as if the brighter spots originated from two
EGF molecules bound to an EGF receptor dimer. These
observations are a fine example of how single ligand
molecules can be watched as they bind to the plasma
membrane of an intact cell. Cells were next incubated
with mixtures of red Cy3-EGF and deep-red Cy5-EGE
and then viewed with a camera system that separated the
two fluorescence wavelengths. In spots emitting both
wavelengths, fluorescence in the two channels fluctuated
in opposite directions, indicating intermittent fluores-
cence energy transfer from a Cy3—-EGF to a Cy5-EGFE.
Evidently pairs of chromophores can be imaged on the
surface of living cells as they engage in fluorescence ener-
gy transfer with each other. The study shows that bio-
chemistry can be done in living cells at the level of single
molecules. Similar studies might directly reveal molecu-
lar insights that are not always possible with convention-
al biochemical methods.

In the second study*?, fibroblasts expressed a GFP-
conjugated pleckstrin homology domain of the Akt
protein kinase (GFP—Akt-PH). Akt binds to 3-phos-
phorylated phosphoinositides (3-PPI), relatively rare
lipids used by membranes for signalling and protein
recruitment. Platelet-derived growth factor (PDGF) is
known to increase turnover of 3-PPIs in fibroblasts and
to initiate a directed migration to the source of the hor-
mone. PDGF turned the surface of fibroblasts express-
ing GFP-Akt-PH bright green in minutes, indicating
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the capture of GFP—-Akt-PH by freshly generated 3-PPI
at the plasma membrane. The construct was used to
image the local plasma membrane concentration of 3-
PPL In a concentration gradient of PDGF, fluorescence
(and hence 3-PPI local concentration) in any given cell
was found highest on the side that faced the higher
PDGF concentration.

Future perspectives
The most recent wave of experiments with EF fluores-
cence has emphasized secretory vesicles but this reflects
more the interests of the investigators than the potential
of the method. The number of articles using the tech-
nique on living cells has all but doubled during each of
the past three years. As the method becomes more avail-
able, it will be applied to other problems in cell biology.
Perhaps the most promising development is the
simultaneous EF imaging of two chromophores, each
on a different molecule®*!. Pairs of genetically tar-
getable chromophores, such as GFP and psrep or crp
and yrp, will be particularly useful as they offer the
opportunity to investigate protein—protein interactions
on a nanometre scale. This will be particularly useful for
studying reaction cascades at the plasma membrane
with a spatially defined start or end point, such as exo-
or endocytosis, the budding of a caveola or the assem-
bly/disassembly of a lipid raft. Labelling the contents of
an exocytic vesicle with a red chromophore, for
instance, defines both the time and the place of the exo-
cytic event. Any protein of interest may be labelled
green so that it can be determined precisely how long
before exocytosis it is recruited, and how soon after-
wards it is dismissed. Because many events may be
observed and averaged after temporal and spatial align-
ment, the recruitment and dismissal of arbitrarily few
molecules can be detected. Next, another protein can be
labelled and followed in the same way. In time, we may
learn for each known member of a reaction cascade
when and how long they are present at the reaction site.
Such information can be obtained at the level of single
events and at sub-second time resolution, and will help
significantly in determining the function of each partic-
ipating protein.
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. Evanescent field (EF) fluorescence
microscopy (also called total internal reflection fluores-
cence microscopy) is uniquely suited to image the plas-
ma membrane with its associated organelles and
macromolecules in living cells

. Total internal reflection of a light beam gen-
erates an evanescent field — a thin layer of light that
typically penetrates about 40-200 nm from a coverslip
into an adhering cell.

J EF fluorescence microscopy combines the
specificity of confocal microscopy to detect fluorescent
molecules with a depth discrimination of near-molecu-
lar dimensions. However, imaging is confined to the cell
surface.

. A recent wave of applications was aimed at
membrane transport events in living cells. EF fluores-
cence microscopy offers new insights for its abilities to
resolve even the smallest vesicles made by cells and to
detect molecular-sized motions of fluorescent objects
vertical to the glass.

. In endocrine cells and synaptic nerve termi-
nals, transport, exocytosis and replenishment of single
secretory vesicles could be investigated. No method
existed to record signals from single synaptic vesicles
before the exocytic event.

. EF fluorescence imaging of transport con-
tainers undergoing constitutive exocytosis provided a
wealth of new results, including evidence for incom-
plete exocytosis. Other studies enhanced our under-
standing about the role of actin filaments for the move-
ment of small organelles near the plasma membrane.

. An important use of EF fluorescence
microscopy will be to image signal-transduction events.
Recent studies using EF fluorescence microscopy have
shown that biochemistry can be done in living cells at
the level of single molecules.

After studying physics in Mainz, Germany, Juergen
A. Steyer moved into the field of cellular biophysics
using two-photon microscopy during his yearlong stay
at the AT&T Bell Laboratories in 1993/94. As a graduate
student at the Max-Planck-Institute for Medical
Research in Heidelberg, Germany, he explored, in the
lab of Wolfhard Almers, the prospects of using evanes-
cent field fluorescence microscopy to optically study
transport and exocytosis of single vesicles in neuroen-
docrine cells.

After receiving his Ph.D. in physics from the
University of Heidelberg in 1997, he refined the method
to image, in collaboration with David Zenisek, single
synaptic vesicles and their fusion with the plasma mem-
brane. Thereafter he continued to work on neurobio-
logical applications of evanescent field fluorescence
microscopy as a postdoctoral fellow at the Vollum
Institute in Portland, Oregon and most recently, at the
University of California at Berkeley.

‘Wolfhard Almers received his Ph.D. from the University
of Rochester, New York. He investigated excitation—con-
traction coupling in skeletal muscle, gating and perme-
ability of ion channels and the mechanism of Ca*
selectivity in Ca** channels, first at Cambridge, England
and then at the University of Washington, Seattle,
Washington. Since 1985, he focused on the mechanism
of exocytosis in single cells and at the level of single
secretory vesicles. In 1992, he became a Director at the
Max Planck Institute for Medical Research in
Heidelberg, Germany. He continued his interest in exo-
and endocytosis of single vesicles. Since 1999, he has
been a Senior Scientist at the Vollum Institute, Oregon
Health Sciences University, Portland, Oregon.

ELS links

Light microscopy
http://www.els.net/elsonline/fr_article.jsp?id=A0002
634

Fluorescence microscopy
http://www.els.net/elsonline/fr_article.jsp?id=A0002
637

Synaptic vesicle traffic

http://www.els.net/elsonline/fr_loadarticle.jsp?avail-
able=1&ref=A0000215&orig=searching&page_num-
ber=1&page=search&Sitemap=exocytosis&searchtype
=freetext&searchlevel=4

Wolhard Almers home page
http://www.ohsu.edu/vollum/facul-
ty/almers.htm
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Summary

Total internal reflection fluorescence (TIRF) microscopy can be used in a wide range of cell biological applications, and is particularly
well suited to analysis of the localization and dynamics of molecules and events near the plasma membrane. The TIRF excitation field
decreases exponentially with distance from the cover slip on which cells are grown. This means that fluorophores close to the cover
slip (e.g. within ~100 nm) are selectively illuminated, highlighting events that occur within this region. The advantages of using TIRF
include the ability to obtain high-contrast images of fluorophores near the plasma membrane, very low background from the bulk of
the cell, reduced cellular photodamage and rapid exposure times. In this Commentary, we discuss the applications of TIRF to the study
of cell biology, the physical basis of TIRF, experimental setup and troubleshooting.

Key words: Total internal reflection fluorescence microscopy, Evanescent wave microscopy, Evanescent field microscopy, Fluorescence

Introduction

The plasma membrane is the barrier that all molecules must cross
to enter or exit the cell, and a large number of biological processes
occur at or near the plasma membrane. These processes are
difficult to image with traditional epifluorescence or confocal
microscopy techniques, because details near the cell surface are
easily obscured by fluorescence that originates from the bulk of
the cell. Total internal reflection fluorescence (TIRF) microscopy
— also known as evanescent wave or evanescent field microscopy
— provides a means to selectively excite fluorophores near the
adherent cell surface while minimizing fluorescence from
intracellular regions. This serves to reduce cellular photodamage
and increase the signal-to-noise ratio. TIRF primarily illuminates
only fluorophores very close (e.g. within 100 nm) to the cover-
slip—sample interface. The background fluorescence is minimized
because the excitation of fluorophores further away from the
cover slip is reduced. The plasma membrane of an adherent cell
lies well within the region of excitation, allowing imaging of
processes occurring at or near the membrane. On the basis of
these unique features, TIRF has been employed to address
numerous questions in cell biology.

This Commentary details key issues for researchers who are
using, or are considering using, TIRF for live cell imaging. We
begin with a brief selection of specific areas of cell biological
research in which the use of TIRF imaging has made a major
impact. Subsequently, we describe the physical basis of TIRF, and
discuss key issues to consider when setting up and employing
TIRF. Finally, we identify several potential pitfalls and provide
helpful suggestions. A basic knowledge of fluorescence microscopy
is assumed. For general background on fluorescence microscopy,
we refer readers to North (North, 2006) and Waters (Waters, 2009)
For reviews containing an extensive treatment of TIRF theory and
advanced applications, we refer readers to Axelrod (Axelrod, 2003;
Axelrod, 2008).

Cellular processes visualized with TIRF

TIRF microscopy has been used in many different types of studies
for the visualization of the spatial-temporal dynamics of molecules
at or near the cell surface, particularly in cases in which the signal
would otherwise be obscured by cytosolic fluorescence. Some of
the advantages of TIRF for imaging near the cell surface are
illustrated in Fig. 1. Actin (LifeAct-GFP in Fig. 1A,B), clathrin
(GFP—clathrin light chain in Fig. 1C,D) and caveolin (caveolin-1—
EGFP in Fig. 1E-G) have been imaged by both conventional
epifluorescence (Fig. 1A,C,E) and TIRF (Fig. 1B,D,G). In each
case, it is apparent that TIRF minimizes the out-of-focus
intracellular fluorescence, resulting in images with a much higher
signal-to-noise ratio. Similarly, although confocal microscopy (Fig.
1F) shows a reduced cytosolic signal relative to epifluorescence
(Fig. 1E), the corresponding TIRF image (Fig. 1G) provides the
greatest amount of information for fluorophores associated with
the plasma membrane. The suppression of background fluorescence
is crucial for studying each of the areas of cell biology on which
TIRF has had a major impact.

TIRF has had an impact on many varied areas of cell biology,
including HIV-1 virion assembly (Jouvenet et al., 2006) and
intraflagellar transport in the Chlamydomonas flagella (Engel et
al., 2009), and in single-molecule experiments. Below, we highlight
several areas of cell biology — the cytoskeleton, endocytosis,
exocytosis, cell-substrate contact regions and intracellular signaling
— that have particularly benefited from investigation by TIRF.

Cytoskeleton

The dynamics of the cytoskeleton near the plasma membrane have
been studied with TIRF (Fig. 1A,B), leading to new insights. Before
TIRF was used to study vesicle trafficking, it was not known that a
cortical microtubule network extended immediately adjacent to the
plasma membrane, and that secretory vesicles remained attached to
these microtubules until the moment of vesicle fusion (Schmoranzer



[
O
c
Q2
&}
w
©
@)
=
o
©
c
S
S
o
=

3622 Journal of Cell Science 123 (21)

E Epifluorescence

Fig. 1. Comparison of images obtained using epifluorescence and TIRF. In
both cases, the microscope was focused at the adherent plasma membrane and
images were acquired with one of three modes of excitation: epifluorescence,
TIRF or confocal. (A,B) Actin (LifeAct-GFP) in a migrating MDCK cell.
(C,D) Clathrin (clathrin light chain—GFP) in a HeLa cell. (E-G) Caveolin-1
(caveolin-1-EGFP) in MDCK cells. In each case, TIRF clearly eliminates of
out-of-focus fluorescence and reveals details at or near the cell surface. Scale
bars: 10 um.

and Simon, 2003). This finding was made possible, in part, by the
spatial restriction and high signal-to-noise ratio of the excitation
field, as well as by the rapid acquisition rates that are possible when
using wide-field acquisition. Furthermore, the increased excitation
of fluorophores near the cover slip permitted the quantification of
microtubule motility in the axial direction, revealing how
microtubules are targeted to focal adhesions (Krylyshkina et al.,
2003). TIRF also provided the spatial and temporal resolution to
study the dynamics of actin and actin-associated proteins near the
plasma membrane in several endocytosis studies (Kaksonen et al.,
2005; Merrifield et al., 2002). Finally, fluorescence speckle
microscopy, in which a limiting amount of cytoskeleton monomers
are fluorescently labeled, combined with TIRF was able to deliver
important information about the dynamics and flow of cytoskeleton
filaments (Danuser and Waterman-Storer, 2006).

Endocytosis

The formation of endocytic vesicles involves the recruitment of
cytosolic proteins to the adherent plasma membrane. When viewed
with standard epifluorescence, the surface patches of the vesicle coat
protein clathrin are difficult to discern from background fluorescence
and intracellular clathrin structures (Fig. 1C). The initial report to
image clathrin during endocytosis in live cells employed
epifluorescence and was thus restricted to analyzing only those
events that occurred in the cell periphery, because of out-of-focus
signals (Gaidarov et al., 1999). By contrast, when TIRF is used, the
clathrin patches on or near the membrane appear as distinct features
(Fig. 1D). Imaging the dynamics of endocytosis is aided by rapid
image acquisition, background elimination and the exponential
decrease in excitation intensity with distance from the cover slip.
TIRF has made it possible to gain insight into the components that
are necessary for vesicle formation and the dynamics of this process
(Rappoport, 2008). A main focus of studies that have applied TIRF
to analyze endocytosis has been to determine the ‘life history’ of the
formation of individual clathrin-coated vesicles. These studies have
demonstrated that some proteins are present throughout the
endocytosis process (e.g. clathrin and epsin) (Rappoport et al., 2006;
Rappoport and Simon, 2003), whereas the localization of other
proteins to the coated vesicle either increased over time (e.g.
dynamin) (Merrifield et al., 2002; Rappoport et al., 2008; Rappoport
and Simon, 2003) or decreased (e.g. AP-2) (Rappoport et al., 2003;
Rappoport et al., 2005).

Exocytosis

The thin TIRF excitation field allows identification of secretory
carriers near the membrane (Lang et al., 1997). Specific criteria,
which involve quantifying the total fluorescence, as well as its
peak and spread, have been established to quantify and characterize
the fusion of vesicles with the plasma membrane (Schmoranzer et
al., 2000). The exponential decay of the TIRF excitation field
allows the small motions of individual fluorescence-marked
secretory carriers in the direction normal to the substrate and
plasma membrane (the axial or z-direction) to be manifested as
intensity changes. The precision of tracking such axial movements
can be as small as 2 nm, which is considerably smaller than the
resolution limit of light microscopy (Allersma et al., 2006). Because
of the high contrast and low background, the position of the centers
of vesicles can be measured with an accuracy of about 10 nm and
motions before fusion that are smaller than the granule diameter
can be followed. By observing single vesicles as they approached
and fused with a membrane, it was found that many of the vesicles
did not deliver all of their cargo in a single fusion step, but required
two or more fusions to fully discharge their cargo (Jaiswal et al.,
2009; Schmoranzer et al., 2000).

Cell-substrate contact regions

TIRF has also been used to investigate cell-substrate contact regions
using several different approaches. Similar to the examples above,
the restricted excitation field was shown to be crucial for studying
focal adhesions with regard to their location, composition, motion
and specific biochemistry (Axelrod, 1981; Choi et al., 2008). One
technique for identifying cell-substrate contacts involves adding a
fluorophore to the surrounding solution (Todd et al., 1988). The
intensity of fluorescence can be used to calculate the distance of the
membrane from the surface and to ‘map’ the bottom surface of
the cell (Gingell et al., 1987). This technique requires the thin
excitation field of TIRF, as other imaging methods would result in
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overwhelming background fluorescence. Recent work has analyzed
focal adhesion disassembly in real time with TIRF and has
demonstrated an unexpected role for clathrin in this process (Ezratty
etal., 2009). This was made possible by the ability to rapidly acquire
images of two spectrally distinct fluorophores, with axial information,
at the adherent plasma membrane.

Intracellular signaling

TIRF has also been used to visualize different modes of intracellular
signaling. For instance, TIRF has been instrumental in studies
addressing plasma membrane recruitment and spatial distributions
of signaling molecules such as phosphoinositide lipids (Haugh et
al., 2000). Furthermore, a plasma-membrane-targeted biosensor
revealed temporal oscillations of cAMP signaling, indicating a
previously unidentified basis for regulation of upstream targets
(Dyachok et al., 2006). Single plasma membrane Ca®" channels
have been imaged with good spatial and temporal resolution,
providing information inaccessible to electrophysiological means,
and revealing an uneven spatial distribution and diversity in kinetics
(Demuro and Parker, 2004). TIRF and patch-clamp methods have
been successfully combined to demonstrate the localization and
coordination of open calcium channels and ER calcium-sensing
molecules, revealing the spatial dynamics of intracellular Ca®*
signaling (Luik et al., 2006).

Physical basis of TIRF

To understand the setup, optimization and common pitfalls of
TIRF, it is important to understand the physical basis of the
technique. In the following section, we provide a brief description
of some key parameters in the context of cellular imaging. We
begin by considering the excitation light encountering the cover-
slip—sample interface (Fig. 2). It is this interaction that produces
the thin excitation field used in TIRF microscopy.

In the configuration most commonly used for cellular imaging,
through-the-objective TIRF, the laser beam is focused off-axis at
the back focal plane (BFP) of the objective lens. When the light
exits the objective lens, it passes through the immersion oil and into
the cover slip, which are matched in refractive index. When the
excitation light beam propagating through the glass cover slip
encounters the interface with the aqueous sample, the direction of
travel of the light beam is altered (Fig. 2B). If the angle of incidence
of the excitation light on the interface, 0, is greater than the ‘critical
angle’, the light beam undergoes total internal reflection (TIR) and
does not propagate into the sample. The critical angle, 6., is given
by Snell’s law:

0.=sin"l(n, / ny),

where n; and n, are the refractive indices of the sample and the
cover slip, respectively. To achieve TIR, the refractive index of
the sample must be less than that of the cover slip.

If the angle of incidence is less than 6., most of the excitation
light propagates through the sample; this is what occurs in
epifluorescence (Fig. 2). However, if the angle of incidence is
greater than 6., the excitation light is reflected off the cover-slip—
sample interface back into the cover slip. In this case, some of the
incident energy penetrates through the interface, creating a standing
wave called the evanescent field. This is the excitation field
employed in TIRF microscopy.

The intensity (/) of the evanescent field decays exponentially
with distance from the interface (z). Therefore, a fluorophore that
is closer to the interface will be excited more strongly than a
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A Epifluorescence
°
° Sample n,
Cover slip n,
Incident
B TIRF /\
Evanescent O
field L i Sample ny
z Cover slip n,

Reflected

Fig. 2. The physical basis of epifluorescence and TIRF illumination.
Schematic illustrating the cover-slip—sample interface. (A) Epifluorescence.
The excitation beam travels directly through the cover-slip—sample interface.
All of the fluorophores in the entire sample are excited. (B) TIRE. The
excitation beam enters from the left at incidence angle 0, which is greater than
the critical angle, 6, (indicated by the dashed line). Angles are measured from
the normal. The excitation beam is reflected off the cover-slip—sample
interface and an evanescent field is generated on the opposite side of the
interface, in the sample. Only fluorophores in the evanescent field are excited,
as indicated by the green color. The refractive index of the sample (1;) must be
less than the index of refraction of the cover slip () to achieve TIR.

fluorophore that is further from the interface. The intensity of the
evanescent field at any position z is described by:

_ gl
L=1"",

where [ is the intensity of the evanescent field at z=0. I, is related
to the intensity of the incident beam by a complex function of 8 and
polarization (Axelrod, 1989). The depth of the evanescent field, d,
refers to the distance from the cover slip at which the excitation
intensity decays to 1/e, or 37%, of . Depth d is defined by:

d= A/ 4m) * (ny%sin’0 — n;?) 12 |

where Ag is the wavelength of the excitation light in a vacuum.
Typical values for d are in the range 60—100 nm. The depth of the
evanescent field is affected by several parameters, including
incidence angle, wavelength, and the refractive indices of the sample
and the cover slip. The depth decreases (i.e. the excitation field
becomes more narrow) as the incidence angle increases. The longer
the wavelength, the greater the depth (i.e. the thicker the excitation
volume). In addition, for a given incidence angle, the depth depends
on the refractive index of the sample. As the refractive index of the
sample increases, the depth increases (Fig. 3).

Practically speaking, the excitation wavelength and refractive
index of the cover slip are set, and the user controls the angle of
incidence. Generally, this angle should be increased until it surpasses
the critical angle. It is not advisable to ‘set’ a predefined angle of
incidence without evaluating the evanescent field, because the critical
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300+
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m=water
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Sample refractive index, ny
Fig. 3. The depth of the evanescent field depends on the refractive index of
the sample. The depth of the evanescent field (d) is a function of the index of
refraction of the sample (n;). Incidence angles were chosen as 1.5° above the
critical angle (dotted lines), the midpoint of all possible TIRF angles (dashed
lines) and 1.5° less than the maximum incidence angle (solid lines). As the
angle of incidence is increased, the sensitivity of d to the sample refractive
index decreases in the range for cells. The 1.65 NA objective has a larger range
with lower sensitivity to sample refractive index than the 1.49 NA objective.

angle will change depending on the refractive index of the sample.
Biological samples have unknown and probably variable refractive
indices. Moreover, the refractive index can vary within one sample
as well as between samples. Thus, careful and repeated adjustment
of the angle of incidence is strongly recommended because variations
in sample refractive indices are the cause of many problems in TIRF
microscopy, as discussed in detail below.

TIRF setup

Commercial TIRF systems are available; however, many researchers
use ‘homemade’ TIRF setups. Some of these were constructed before
major microscope manufacturers began selling off-the-shelf TIRF
systems, whereas other setups are used by researchers who require
flexible and easily modified platforms. Instructions on how to
construct a homemade TIRF system are available (Axelrod, 2003).
For the purpose of this article, we consider commercial TIRF systems,
which are available from major microscopy companies (Leica,
Nikon, Olympus and Zeiss) and third-party suppliers. These systems
have the same basic ability to deliver through-the-objective TIRF
illumination, but the individual system details vary. When evaluating
different systems, we recommend viewing an experimental sample
of interest, as well as each of the two test samples described in Box
1, to assess performance differences. In the best-case scenario,
identical or very similar samples should be evaluated to exclude
sample variation as a confounding variable.

When assembling a TIRF system, many of the same rules of
thumb apply as when assembling any other high-resolution
fluorescence microscopy system. Some important considerations
include selection of an appropriate camera, dichroic mirror,
emission filters, excitation light source, acquisition software and
sample environment. Hardware considerations of particular
importance in TIRF microscopy are described below.

TIRF excitation
In the majority of commercial systems, the excitation light is
introduced to the sample through the same objective lens as the

fluorescence is collected (Stout and Axelrod, 1989). However,
there are various configurations for delivering the excitation beam
to the sample, some of which use the objective and others a prism.
The latter can be beneficial because it is generally inexpensive to
set up and produces a ‘cleaner’ evanescent field with less scattered
light, lower background and a greater range of incidence angles.
Prism-based TIRF is often employed for in vitro studies, but is not
the system of choice for most cell biologists because it can restrict
sample accessibility and the choice of objectives. By contrast,
through-the-objective TIRF allows rapid and easy access to the
sample for changes to the media or drug addition, and exchange of
samples is similarly quick and simple. Through-the-objective TIRF
systems also tend to be more user friendly, requiring minimal
maintenance and alignment. Thus, it is no surprise that through-the-
objective TIRF is the configuration most commonly used by cell
biologists.

Through-the-objective TIRF

To satisfy the physical requirements for TIRF, the excitation laser
must be directed to the cover-slip—sample interface at an angle
greater than the critical angle, as discussed above. In addition, all of
the excitation light should be incident on the interface at the same
angle. To achieve this uniform angle of illumination, the laser beam
is focused on the BFP of the objective and therefore emerges in a
collimated form, with all its ‘rays’ in parallel at a single angle. There
is a one-to-one correspondence between the angle at which the light
emerges from the objective and the position of the focused light on
the BFP. The further off-axis the focused light is, the larger the angle
of incidence. The angle of incidence is generally controlled either
with a micrometer or through software.

High-numerical-aperture objective
One important requirement in through-the-objective TIRF is the
numerical aperture (NA) of the objective. The NA of an objective
describes its light-gathering power — specifically, the angle through
which it is able to collect light. The NA also describes the maximum
angle at which the excitation light can emerge from the objective.
For an oil-immersion objective, this angle is also the maximum
incidence angle of the excitation beam on the cover-slip—sample
interface. The NA of the objective must be greater than the refractive
index of the sample, preferably by a substantial margin. For example,
if the sample is water (n,=1.33), then a 1.4 NA objective is sufficient
for TIR. However, the refractive index of a cell is greater than that
of water and is variable. The refractive index of the cell interior is
typically 1.38, although it varies among cell types, thus making
TIRF imaging of cells challenging with a 1.4 NA objective (Fig. 3).
Fortunately, there are several commercial objectives available
with a NA greater than 1.4; these are often marketed exclusively as
TIRF objectives. The most common objectives are 1.45 NA and
1.49 NA, and are both available in 60X, 100X and 150X
magnification. All these objectives should be used with standard
glass cover slips (n=1.515) and standard immersion oil. In addition,
a 100X 1.65 NA objective is also available from Olympus and has
anumber of advantages. First, the higher NA allows larger incidence
angles, which can be crucial for imaging certain cell types (i.e.
chromaffin cells) that have unusually high refractive indices. Second,
there is a range of incidence angles where the depth of the evanescent
field produced by the 1.65 NA objective is not very sensitive to the
sample refractive index within the range of typical cellular refractive
indices (Fig. 3). This is important because if there are any local
variations in cellular refractive index (perhaps due to vesicles or



[
O
c
Q2
&}
w
©
@)
e
o
©
c
S
S
o
=

TIRF microscopy for the cell biologist 3625

organelles), the 1.65 NA objective can create a uniform evanescent
field. The major drawbacks of the 1.65 NA objective are that it
requires a special and volatile immersion oil, and expensive non-
standard cover slips (1n=1.78).

Laser light source

It is possible to use either a laser or an arc lamp such as xenon or
mercury for TIRF excitation. Some benefits of using an arc lamp are
that it enables easy selection of excitation wavelengths with a filter
wheel and the illumination field contains no interference fringes (see
below). In this configuration, any light from the arc lamp that would
arrive at the sample at less than the critical angle must be discarded.
Therefore, a significant percent of the excitation power is lost,
resulting in lower excitation intensity and dimmer images. Arc lamp
sources for TIRF are commercially available and work well for
samples that are intrinsically bright.

Lasers are the most common source for TIRF excitation and the
TIRF system should have one laser line optimized for each
fluorophore. The lasers can be mounted together and combined so
that multiple fluorophores can be imaged either simultaneously or
alternately. An acousto-optic tunable filter (AOTF) or filter wheel
can be used for rapid switching between excitation wavelengths.

Camera

TIRF is a technique that captures the full field of an image, rather
than scanning a single point. For the collection of images, a cooled
charge-coupled device (CCD) camera is used. There is a wide range
of CCD cameras to choose from, including electron multiplying
(EM) CCDs. When rapid imaging in very low light situations is
required, EMCCDs offer benefits over conventional CCDs. However,
TIRF does not require an EMCCD and camera selection should be
determined on the basis of the same considerations as for wide-field
fluorescence imaging (Moomaw, 2007; Spring, 2007). When intensity
changes are to be quantified, the linearity of the camera in response
to incoming photons is an important consideration.

Image splitter

TIRF illumination is restricted within a single focal plane and
relatively short exposure times (e.g. many frames per second) are
routinely employed, making the technique especially useful for
imaging dynamic processes. One of the developments that have
made TIRF particularly powerful is the ability to image multiple
fluorophores, either simultaneously or in very rapid succession.
Image splitters, such as those sold by Cairn (Cairn Research Limited,
UK) and Photometrics (Tucson, AZ, USA), allow simultaneous
acquisition of emission from two to four spectrally distinct
fluorophores on different regions of a CCD camera. This is an
optimal method for imaging very rapid events; however, it reduces
the size of the field that can be imaged. Alternatively, splitters that
project two spectrally distinct images on two separate cameras are
also available. Both methods can generate potential problems when
aligning and overlaying the spectrally distinct channels, also known
as image registration.

Sample environment

Live cell imaging often requires stable maintenance of the sample at
37°C, as temperature gradients can be a major source of focal drift.
The thin optical section imaged with TIRF makes it particularly
sensitive to small changes in focus, which degrade image quality. A
number of solutions to this problem involve controlling temperature,
and possibly also humidity and pCO, (partial pressure of CO;).

Stage-top incubators combined with objective heaters are one strategy
for maintaining a stable temperature, although whole-scope incubators
allow the entire system to equilibrate with fewer problems. Several
companies are now offering focus-maintaining solutions, which reduce
or eliminate focal drift resulting from temperature gradients.

Selection, preparation and analysis of TIRF
samples

TIRF is ideal for imaging events occurring at a surface. However,
there are several variables that must be considered before embarking
on experiments.

Selection of cell type

The cells must be adherent, because TIRF illuminates only the
region near the cover slip and cannot be used to image non-adherent
cells. For some cell lines, it can be necessary to coat cover slips with
extracellular matrix molecules or substances such as polylysine or
collagen to ensure cell adherence. On the other hand, confluent
monolayers of cells can generate areas of high refractive index,
which can make imaging with TIRF difficult.

As outlined above, the refractive index of the cells should be
below the NA of the objective. For example, chromaffin cells have
a very high refractive index, which can make it difficult to obtain
TIRF images using standard 1.45 NA or 1.49 NA objectives; the
1.65 NA objective was shown to yield good TIRF images (Allersma
et al., 2004). Moreover, apoptotic cells generally have a higher index
of refraction than non-apoptotic cells. Also, it is important to keep
in mind that intracellular organelles have different refractive indices.
Attempting TIRF imaging of a cell with a high refractive index can
result in scattering of propagated light through the sample. To address
this problem, it might be possible to increase the angle of incidence
until the propagated light disappears. If this is not effective, the
sample might require a 1.65 NA objective or the use of a prism-
based system.

Sample preparation

TIRF is ideal for imaging live cells. Because of the thin excitation
field, most of the imaged cell is not exposed to the excitation light,
leading to fewer phototoxic effects. If cells are fixed, they should be
mounted in a low refractive index media, such as PBS. Mounting
medium that hardens or contains glycerol is useful for long-term
sample storage, but it usually has a higher refractive index, rendering
imaging of these samples with TIRF impossible. Finally, it should
be noted that some dyes commonly used in cell biology (i.e. FM4-
64 and Dil) adhere to the cover-slip surface and can obscure imaging
unless the sample is properly washed after staining.

Data interpretation
When interpreting TIRF data, it is important to remember that the
excitation field is not discrete, but exponentially decaying. The
penetration depth, which is usually between 60 and 100 nm, describes
the distance from the cover slip at which the excitation intensity is
1/e, or ~37%, of its value at the cover slip. The evanescent field
exponentially decays, and objects located further than 100 nm from
the surface of the cover slip can still be excited and imaged.
Particular care must be taken when interpreting the intensity of
objects in an image obtained by TIRF. The intensity is affected by
more than just the number of fluorophores; other factors include the
axial (z) position and the orientation of the excitation dipole of
the fluorophore relative to the polarization of the evanescent field.
For example, 100 fluorophores positioned at z=0 will have the same
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intensity as 370 fluorophores at z=d (/=1/eX370=100). Thus, intensity
alone cannot be used to infer relative number of fluorophores or z
positions between objects.

It follows that changes in intensity from a single object can be due
to changes in multiple parameters, including the number of associated
fluorophores, movements in z, the orientation of the object or the
occurrence of photobleaching. The intensity of an object will increase
if it gains fluorophores or moves closer to the cover slip, or if
the excitation dipole rotates to align with the polarization of the
evanescent field. In some cases, the specific biological context of
the experiment can help to clarify the source of the intensity change;
for example, the number of fluorophores on the inside of a secretory
vesicle typically remains constant and, therefore, alteration in
intensity can generally be interpreted as movement in z (Allersma et
al., 2006). Also, in endocytosis, a loss of fluorescence can be
interpreted as due to internalization only when it can be clearly
distinguished from photobleaching. Alternatively, an epifluorescence
image can be used for normalization and movement in z can be
interpreted regardless of fluctuations in the number of fluorophores
(Saffarian and Kirchhausen, 2008).

Troubleshooting and practical advice

In this section, we discuss commonly encountered problems when
using TIRF microscopy. One of the most common is contamination
of the image with propagating light, which can arise from a subcritical
incidence angle or scattering from the sample. Both these scenarios
significantly degrade the quality of TIRF images. Propagating light
skimming at an angle through the sample will have similar
characteristics to epifluorescence. Fig. 4A-D demonstrates the
differences between TIRF and epifluorescence. The most notable
characteristics are that, in epifluorescence, there is out-of-focus
fluorescence and the sample can be focused in more than one plane.
In TIRF, the background fluorescence is eliminated and the sample
can only be focused in one plane. If a system is misaligned, it is
possible for the image to appear to be half in TIR and half in
epifluorescence. If a sample has areas of higher refractive index,
‘comets’ of propagating light can be seen. As a simple rule of thumb,
if the image can be focused in more than one z plane, then propagating
light is a problem (Fig. 4A-D; supplementary material Movie 1).
The first step to overcome this problem is to vary the incidence
angle. It is likely that the source of the problem is that the excitation
angle is very close to the critical angle, or that dense organelles with
a high refractive index found deeper in the cell are causing propagated
light. This can be eliminated by increasing the incidence angle.
However, if this is not the source of the problem, several other
potential causes of propagating light can originate in the physical set
up and/or the sample. It is simplest to begin by checking the
parameters of the set up before exploring the sample itself as
the cause of the propagated light.

Laser alignment
The most basic reason for contamination with propagated light is an
improperly aligned excitation source. This will often manifest itself
as a field that is half in and half out of TIRF, or the complete
inability to obtain TIRF. As discussed above, the excitation laser
beam must be focused on the BFP of the objective. If this is not the
case, light will emerge from the objective at a variety of angles. It is
important to follow manufacturer’s instructions to check and correct
the focus on the BFP.

Similarly, proper setting of the incidence angle is essential. The
onset of TIRF should be obvious as a sudden darkening of

Fig. 4. TIRF test samples. The differences between epifluorescence and TIRF
and the quality of the evanescent field can be examined using a test sample of
fluorescent beads (A-D). In epifluorescence (incidence angle 6=0), there is a
large fluorescent background and beads appear in focus at both the cover slip
z=0 (A) and deeper into the sample z>0 (C). In TIRF (6>6,), the background is
significantly less than in epifluorescence (B) and there are no beads in focus
deeper into the sample (z>0) because the excitation field does not extend deep
into the sample (D). The region imaged was constant, and identical exposure
times and scalings were applied to all four images. Dil deposited on a cover
slip reveals (E) interference fringes. For contrast, the same region is shown
with elimination of the interference fringes (F). Scale bars: 10 pm.

the background and a flat two-dimensional look to the features near
the surface (Fig. 1; supplementary material Movie 1). When the
sample is viewed in TIRF, no new features should become apparent
if the microscope is focused up into the sample, because there is only
one plane of focus. Specific details of what should be observed for
each of the two test samples are described in Box 1 and Fig. 4.

Interference fringes

Laser illumination can produce interference fringes, which are caused
by optical imperfections in the beam path. The interference fringes
manifest themselves as an alternating light-dark pattern of excitation
intensity at the sample plane (Fig. 4E). Although it is possible to
obtain a correction image with which the image can be normalized,
fringes are often specific to the sample and position in the xy plane,
and are unlikely to be the same in the sample and the correction
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image. There are several alterations to the TIRF set up that will
eliminate fringes and create a uniform excitation field (Fig. 4F)
(Fiolka et al., 2008; Inoue et al., 2001; Kuhn and Pollard, 2005;
Mattheyses et al., 2006), although none are currently commercially
available. When ordering filters and dichroics, it is recommended to
specify that they will be used for TIRF imaging to reduce problems
with interference fringes. Cleaning dust off optical surfaces, ensuring
that the dichroic mirror is strain free and selecting the best of several
objectives can reduce the number and severity of interference fringes.
It is important to keep in mind that the excitation field might not be
uniform; therefore, changes in intensity between objects located in
different xy positions might be due to differences in excitation and
not differences in the objects. The xy uniformity of the field can be
examined with test samples, as detailed in Box 1 and Fig. 4.

Photobleaching

Photobleaching is the photon-induced decomposition of a
fluorophore. It generally causes a permanent loss of fluorescence
and dimming of the observed sample over time. In TIRF, it is
important to keep in mind the unusual geometry of the excitation
field. Fluorophores must be close to the origin of the evanescent
field to be photobleached. Depending on the residence time of the
fluorescent protein in the evanescent field, this will produce different
effects. A fluorescently tagged membrane protein will be
photobleached with normal kinetics because it resides in the
excitation field. However, soluble fluorescently tagged proteins that
diffuse in and out of the excitation field will not photobleach as
quickly, because of the constant exchange between molecules in the
evanescent field and those in the bulk of the cytoplasm. The intensity
of the evanescent field is strongest closer to the cover slip and it is
important to keep in mind the potential for photobleaching or
photolysis when labeled molecules are present close to the cover slip
(Jaiswal et al., 2007). Heat and free radicals generated by excitation
light in any form of fluorescence microscopy can damage cellular
proteins and structures, causing, for example, vesicle rupture or even
cell death.

Conclusions

TIRF is a useful and accessible imaging technique used in cell
biology for selective excitation of fluorophores at or near the
cell membrane, while eliminating background fluorescence. TIRF
facilitates the collection of information regarding processes in living
cells that occur at the membrane, and enables the analysis of individual
cellular and molecular events. This Commentary has provided a brief
technical review of the physical basis of TIRF, highlighted some
common issues that can arise when setting up and employing TIRF
microscopy, suggested solutions to some of these potential problems,
and provided examples of different types of cellular processes that
can be effectively analyzed by TIRF imaging. The past few years
have seen a great upswing in the application of TIRF microscopy in
cell biology; of the nearly 1000 papers concerning TIRF published
since approximately 1980, about 70% were written in the past five
years! In the future, we can anticipate dissemination of this powerful
technique to all areas of cell biology. Combining the ability to
selectively probe dynamics at or near the cell membrane with different
techniques, and the development of novel methods to make use of
the properties of fluorophores and the geometry of TIRF will lead to
great advances in our understanding of cell biology. Spectroscopic
properties of fluorophores such as polarization (Anantharam et al.,
2010; Sund et al., 1999) and anisotropic emission of fluorescence
(Hellen and Axelrod, 1987) offer additional avenues for the

Box 1. Determining the quality of a TIRF set up

The test samples described below can be used to check the
quality of any TIRF set up. They should always be prepared using
a cover slip with the correct thickness and refractive index for the
objective.

Test samples

Fluorescent microbeads. These can be purchased from many
sources, including Invitrogen (Carlsbad, CA) and Bangs
Laboratories (Fishers, IN). The beads should be of subresolution
size (100 nm diameter or less), and selected to have excitation
and emission spectra that match typical experimental conditions.
The beads should be diluted in water and applied to the cover
slip. PBS can be added to increase the number of beads that
adhere to the surface.

Dil. A convenient, uniform, fluorescent film can be easily made on
a cover slip surface with the lipophilic fluorophore Dil (Invitrogen,
Carlsbad, CA). Dissolve the Dil at 0.5 mg/ml in ethanol and place
a single droplet of the solution on a glass cover slip. Then, before
the solution dries, rinse the cover slip with distilled water. A
monolayer of Dil fluorophore will remain adhered to the glass.
Above the Dil-coated surface, add distilled water, being sure to
add enough so that its upper surface is flat. The water-soluble
fluorophore fluorescein (Invitrogen, Carlsbad, CA) can be used
for this step instead of water. Fluorescein will allow detection of
the critical angle. The fluorophores can be excited with a 488 nm
laser and observed with a long-pass filter. Dil will appear red-
orange and fluorescein green.

Evaluation criteria

The angle of illumination. Fluorescent microbeads are the ideal
sample for evaluating TIRF. There are two populations of beads in
the sample — immobile beads adhered to the surface and dynamic
beads in solution moving by Brownian motion. If the angle of
incidence is greater than the critical angle, the image will be
overwhelmed by the dynamic beads in solution. When the
incidence angle is increased, there should be a stark boundary at
which the dynamic beads are no longer observed and the
immobile surface-bound beads become visible. At this point, if you
focus upwards into the sample, you should see the surface beads
moving out of focus, but no new beads appearing — this is TIRF.

If it appears that TIRF is not achievable or that half of the field

is in TIRF while the other half is in epi-illumination, a likely cause
is that the excitation beam is not focused very well on the BFP.
This can happen easily and is one of the first things to check
when experiencing problems using TIRF.
Interference fringes. When the excitation light exceeds the critical
angle, the Dil sample will reveal the interference fringe pattern,
which usually manifests itself as concentric rings. The Dil will
most likely have its own heterogeneities, which are
distinguishable from the interference fringes; the sample
heterogeneities will move as the sample is moved, whereas the
interference fringes will remain for the most part unchanged.

It is important to keep in mind that it is not possible to set the
angle of incidence on a test sample and expect it to be correct for
an experimental sample. The test sample is used to verify the
alignment of the system. Because of differences in the refractive
indices between the test samples and experimental samples, the
angle of incidence will need to be established for each
experimental sample.

development of novel techniques that will explore the environment
and orientation of molecules. Furthermore, combining TIRF with
other techniques, such as fluorescence recovery after photobleaching
(FRAP) (Thompson et al., 1981), fluorescence correlation
spectroscopy (FCS) (Lieto et al., 2003; Ohsugi et al., 2006),
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fluorescence resonance energy transfer (FRET) (Riven et al., 2006;
Wang et al., 2008) or atomic force microscopy (AFM) (Brown et al.,
2009; Kellermayer et al., 2006), will provide a wide variety of data
on molecular dynamics in living cells. The superior background
reduction provided by TIRF has allowed the development of several
super-resolution techniques (Patterson et al., 2010). In the future,
TIRF will continue to provide a unique view of cell biology.
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Abstract A brief historical outline of fluorescence fluc-
tuation correlation techniques is presented, followed by an
in-depth review of the theory and development of image
correlation techniques, including: image correlation spec-
troscopy (ICS), temporal ICS (TICS), image -cross-
correlation spectroscopy (ICCS), spatiotemporal ICS
(STICS), k-space ICS (KICS), raster ICS (RICS), and
particle ICS (PICS). These techniques can be applied to
analyze image series acquired on commercially available
laser scanning or total internal reflection fluorescence
microscopes, and are used to determine the number den-
sity, aggregation state, diffusion coefficient, velocity, and
interaction fraction of fluorescently labeled molecules or
particles. A comprehensive review of the application of
ICS techniques to a number of systems, including cell
adhesion, membrane receptor aggregation and dynamics,
virus particle fusion, and fluorophore photophysics, is
presented.
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Introduction

The aggregation state of membrane proteins in living cells
can be an important indicator of the underlying biology.
For example, cytokines and growth factors are thought to
exert their effect on cells by causing a dimerization or
oligomerization of membrane receptors, which in turn
initiate an intracellular signaling pathway [1, 2]. In addition
to the aggregation state of cell-surface receptors, their rate
and mode of transport can have a number of underlying
biological determinants, including protein tethering or
corralling by cytoskeletal elements or lipid rafts [3],
binding of receptors to extracellular matrix proteins [4],
and the membrane-substrate distance [5]. Clearly, to be
able to fully understand and characterize the wide range of
biochemical reactions which occur within living cells,
there must be techniques available to probe the interactions
and dynamics of biological macromolecules in situ. The
introduction of green fluorescent protein (GFP) and its
variants has revolutionized the field of cell biology by
allowing an unprecedented specificity and efficiency of
fluorescence labeling and live cell imaging [6]. This work
will review a number of image correlation techniques
which can measure the number densities, aggregation
states, dynamics, and interactions of fluorescently labeled
membrane proteins including those tagged with GFP or its
variants.

The image correlation methods are imaging analogs of
fluorescence correlation spectroscopy (FCS), a fluctuation
technique developed over 30 years ago to probe the bind-
ing of ethidium bromide to DNA molecules in solution [7].
FCS monitors the spontaneous fluctuations of fluorescence
intensity collected from fluorophores in a small, open
excitation laser beam volume and records the detected
fluctuations in photon counts as a time series. The
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fluctuations in fluorescence arise from any process which
changes the occupation number of fluorophores in the focal
volume, such as molecular transport or chemical reactions.
The time autocorrelation function of the fluctuation time
series contains information regarding the dynamics, num-
ber density, and reaction kinetics of the system [8—10]. In a
traditional FCS apparatus, the laser beam is kept stationary
and the experiment is best suited for measuring molecules
free in solution or in the cytoplasm. Scanning FCS (SFCS)
was later developed as an extension of FCS, in which the
laser beam was scanned in a line or circle across the
sample, or the sample was translated under the beam, to
obtain fluctuation measurements. It was initially used to
measure the molecular weight of DNA in solution [11] and
later extended to study the aggregation and number density
of slowly moving or immobile fluorescent particles such as
cell membrane proteins [12], virus particles [13] and lectins
[14]. SFCS was also used to determine the diffusion
coefficient of fluorescein-labeled proteins [15], and DNA
labeled with ethidium bromide in solution as well as col-
loidal gold-tagged lipids in a planar bilayer [16].

Image correlation spectroscopy (ICS) was developed as
the imaging analog of FCS, in which spatial autocorrelation
functions are calculated from images of fluorophores
(hence spatial fluorescence fluctuations) acquired on laser
scanning microscopes [17]. Unlike single-point FCS, ICS
does not require “fast” diffusion of fluorophores, making it
amenable to the study of slow membrane receptors,
receptor clusters, or even chemically fixed cells. The
imaging modality is also advantageous because it acquires
a large number of spatial samples (pixels) per frame, and
does not require sample translation.

A number of fluorescence fluctuation correlation tech-
niques, such as two-photon SFCS [18] and Fourier imaging
correlation spectroscopy [19] have been developed which
require custom-built apparatuses. While these techniques
are powerful methods to measure molecular transport, this
work will focus solely on techniques that have been applied
to data acquired on commercial confocal or two-photon
laser scanning microscopes (LSMs), or total internal
reflection fluorescence microscopes (TIRFMs) used with
high sensitivity CCD cameras for area detection.

This review will provide an introduction to the existing
range of image correlation techniques, which can unlock a
wealth of molecular information hidden in images and
image time series of fluorescently labeled living or fixed
cells recorded using now fairly standard fluorescence
imaging systems (e.g., LSMs). The techniques described in
this review all use correlation function analysis to extract a
few meaningful parameters from a data set containing a
huge amount of raw data (Fig. 1). The first part of this
review will summarize the theory of the image correlation
spectroscopy family of techniques and give guidelines for

their practical application. The second part of the review
will highlight their use in a wide range of biological and
chemical applications, with an emphasis on quantifying the
aggregation state and dynamics of membrane proteins and
membrane-associated proteins.

Image Correlation Techniques

Most of the techniques described in this review can be
expressed as a subset of a generalized spatiotemporal
correlation function. We will first present the generalized
function, and then show how the techniques are variations
of this function. The raw data for image correlation anal-
yses is an image series which is really fluorescence
intensity, recorded as a function of space and time, i(x, y, 1),
usually obtained from a confocal or two-photon LSM or
evanescent wave imaging (TIRFM). We define a general-
ized spatiotemporal correlation function as [20]:

<(Sia(xaya t)(sib(x + éay +n,t+ T))
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where a fluctuation in fluorescence, di(x, y, 1), is given by:

5i(x7y7 t) = i(x’yv t) - <i(x7yvt)>t7 (2)

where i(x, y, t) is the intensity at pixel (x, y) in the image
recorded at time ¢, and (i(x, y, 7)), is the average intensity of
that image. The subscripts a and b in Eq. 1 refer to two
different emission wavelength detection channels. For the
case of autocorrelation of single detection channel, a = b
and the subscripts are dropped. We will see that most of the
techniques reviewed here are described by simplified ver-
sions of Eq. 1 for specified limits.

Every image acquired on a fluorescence microscope is a
convolution of the microscope PSF with the point-source
emission from the fluorophores due to diffraction [21]. This
convolution causes the signal from a point-emitter to be
spread over a number of pixels. All of the techniques
described in this review exploit the microscope PSF to
correlate fluorescence fluctuations over space, time, or both
(cf. Eq. 1 and Fig. 1). These approaches are inherently
powerful because they reduce a huge number of stochastic
fluctuations to a few physically meaningful numbers by
spatiotemporal averaging.

The act of correlating fluctuations arising from particles
within the microscope PSF also confers some critical
limitations on ICS approaches. For example, the use of
correlation functions means almost all of the techniques
presented here assume the system being studied is sta-
tionary (i.e., invariant) in either space or time. However, it
is clear that this condition may not be met for all mea-
surements in living cells since cells differ in behavior as a
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Fig. 1 An overview of the image correlation techniques described in
this review. (A) All analyses are performed on an image or image
series acquired on a confocal or two-photon laser scanning micro-
scope, or a total internal reflection fluorescence microscope.
Frequently, the sample is a cell membrane in which a macromolecule
of interest is selectively tagged with a fluorophore, using either
antibody labeling or transfection with a fluorescent protein. (B) Image
correlation spectroscopy (ICS) is performed on an image, and can
determine the number density and aggregation state of fluorescently
labeled particles. (C) k-Space ICS (kICS) measures dynamics (i.e.,
diffusion and flow) of particles, and is completely insensitive to

function of time and are spatially heterogeneous. For
example, a membrane-bound protein involved in cell
adhesion might exhibit different modes and rates of
transport in the front compared to the rear of a migrating
cell. The density of this protein may also depend on
whether or not it is present in a nascent, mature, or disas-
sembling focal adhesion. Thus, one key assumption in
these analyses is that the system studied is at a steady state
in the spatial region and over the time period, which is
analyzed. Another limitation is introduced by the convo-
lution of the microscope PSF. With the exception of
particle ICS (discussed in Section “Particle Image Corre-
lation Spectroscopy (PICS)”), the techniques described
here are insensitive to particle movements and interactions
below the diffraction limit (~200 nm). For example,
temporal ICS cannot resolve the confined diffusion of
particles in 50 nm corrals in the cell membrane, and image
cross-correlation spectroscopy cannot differentiate between
two species which are colocalized in a common 100 nm
subcellular compartment and two species that are truly
bound to each other. However, techniques such as single
particle tracking (SPT) and fluorescence resonance energy

fluorophore “blinking” and photobleaching. (D) Temporal ICS
(TICS) correlates an image series in time to determine dynamics,
number densities, and the fraction of the fluorophores that are
immobile on the time scale of the measurement. (E) Spatiotemporal
ICS (STICS) calculates spatial and temporal correlations from an
image series to determine the direction and magnitude of flow in the
sample. (F) Raster ICS (RICS) uses spatial autocorrelation analysis of
the fast and slow components of the laser raster scan for an image
acquired on a laser scanning microscope to measure fast (e.g.,
cytosolic) transport dynamics

transfer (FRET), respectively, are capable of spatially
resolving these processes. Consequently, it is important to
understand both the capabilities and limitations of a given
method before attempting to study a process of interest.

For non-interacting (i.e., ideal) particles in a noise-free
system, in which the measured fluorescence is proportional
to the concentration of labeled species, the mean-squared
intensity fluctuation divided by the squared mean image
intensity is equal to the reciprocal of the mean number of
independent fluorescent particles per laser beam volume or
area (for two-dimensional (2D) systems such as mem-
branes), (n,) [8]:

= ©)

“Independent particles” refers to separate fluorescent
entities, so a linked cluster of monomers would constitute
one entity or one independent fluorescent particle. In a real
system, the fluctuations (cf. Eq. 2) contain contributions
from both signal and noise. In a system without noise,
((00)*) could be extracted from the image with a direct



Cell Biochem Biophys

calculation using the pixel intensities. However, in a
system with noise, Eq. 3 no longer holds for two reasons.
First, noise prevents a direct calculation of the number
density because it adds spurious intensity counts to the
image, increasing the average intensity. Second, the
mean-squared fluctuation term in the numerator of Eq. 3
will also be perturbed, since both noise and signal fluc-
tuations contribute to the recorded intensity fluctuations in
an image. The noise in LSM images is usually uncorre-
lated between neighboring pixels or the same pixel in
subsequent images. Such white noise contributions only
correlate with themselves within a given pixel and will
thus only contribute to the zero-lags value of the corre-
lation function. However, signal measured from real
physical sources is correlated in both space and time
because of the point spread function (PSF) of the imaging
system, which causes single-point emission source to be
imaged onto a number of adjacent pixels in an image or
at the same pixel location in subsequent images if the
source has not moved significantly between images. The
spatiotemporal persistence of the signal fluctuations can
be exploited to separate them from noise fluctuations, by
extrapolating the correlation function to its zero-lags
amplitude. For example, in the case of Eq. 1 the auto-
correlation function becomes:

im r ) = <(i(x7yat) - <i('x’y’ t)>t)2>
on o ) = G e ),
RCE

’ 4)
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In practice, this value is obtained by fitting the corre-
lation function to an appropriate decay function without
weighting the white-noise-containing zero-lags value in the
fit. Even with extrapolation to obtain the magnitude of the
correlation function, (i) must still be corrected for the
signal background [22, 23]. The number of particles or
clusters per beam area, (n,) can be converted to the cluster
density (CD), which is the number of particles per pm?, by
dividing by the area of the laser beam [17]:

cp = ). (5)
T[(})O

where w, is the ¢ radius of the focused beam, which is the
radius of the microscope PSF. The (n,,) is an indicator of
the density of independent fluorescent clusters, but without
additional calibration measurements or an estimate of the
total number of monomers in the system, it cannot be
determined if these particles exist as monomers, dimers, or

oligomers. However, the average intensity of the image is

proportional to the total number of fluorophores per beam
area assuming quenching does not occur. Therefore, the
ratio of (i) and CD provides a measure of the degree of
aggregation (DA) [22]:

) (nw)
DA..EB__c<np> (6)

where the factor ¢ is a proportionality constant, which
depends on the spectral characteristics of the fluorophore
and the light collection efficiency of the imaging system,
and relates the average intensity to the number of
monomers. When using antibody labeling, the value of ¢
can be determined from control measurements of non-
specific labeling with the assumption that the non-spe-
cifically labeled antibodies are monomers [22]. If the
protein of interest is labeled with GFP, ¢ can be found
by imaging a control sample of dispersed GFP mono-
mers under identical conditions as the regular samples
[4]. Since the DA is calculated from an image, it can be
calculated as a function of time from an image series to
measure changes in the aggregation state of a protein
[4, 24].

Image Correlation Spectroscopy

Using the original spatial image correlation spectroscopy
(ICS) technique, it is possible to determine the CD and DA
from an image of fluorophores acquired on a LSM or
TIRFM [17]. As with all of the techniques presented in this
review, a correlation function is first calculated from the
raw data. This correlation function is then fit to an ana-
lytical model to extract the parameters of interest. With
spatial ICS, a spatial autocorrelation function is calculated
from the intensities recorded in the pixels of individual
images.

The normalized intensity fluctuation spatial autocorre-
lation function of the image recorded at time ¢ in a time
series is given by Eq. 1 when 7 = O:

(0i(x, y,1)0i(x + &,y + n,1))
(i(x,y,0));

where the angular brackets denote spatial averaging over
the image, and £ and # are spatial lag variables corre-
sponding to pixel shifts of the image relative to itself in
the x and y directions. The original ICS technique was a
2D method, and we have adopted the more encompassing
notation here to reflect extensions of the method to the
time domain. To minimize computation time, these
functions are typically calculated using Fourier methods
[17]:

r(éa n, O)t = ) (7)
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where F denotes the 2D spatial Fourier transform, F* is
the complex conjugate of this transform, and F~' is the
inverse 2D spatial Fourier transform. The correlation
function is then fit to a 2D Gaussian using a three
parameter nonlinear least squares algorithm (fit parameters
are in bold):

52 + 2
r(f,l’],())t = g(ovoao)[exp |:_ a)zyl
0
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where g(0,0,0), is the zero-lags amplitude, and g, is the
long-spatial lag offset to account for an incomplete decay
of the correlation function. A Gaussian function is used
because the laser beam acts as the spatial correlator and has
a Gaussian intensity profile.

As described earlier, the zero-lags amplitude of the
correlation function is inversely proportional to the number
of independent fluorescent particles per beam area,
2(0,0,0), = 1/(n,). Cluster densities can be calculated
from (n,), using the fit g (cf. Eq. 5) [17, 23]. The value of
) obtained from the fit to Eq. 9 is usually the value used
when calculating the CD (cf. Eq. 5), and is a useful indi-
cator of the quality of the fit. If the fitted value of o, differs
by more than 30% from a measured value for the beam
radius, the fit should be discarded [17, 25]. The beam
radius of the microscope PSF can be determined using a
number of methods, including imaging sub-diffraction-
limit diameter fluorescent microspheres [26], or using the
gold-foil edge technique [17]. Because the size of w is
wavelength-dependent, the PSF should be measured at the
same excitation wavelength as the fluorophore in the ICS
experiment. An example ICS measurement, with the raw

Fig. 2 (A) Confocal laser scanning image of CHO K1 cell expressing
EGFR-eGFP. (B) Spatial autocorrelation function for the region
outlined in (A). The raw correlation function is given by the colored
surface, and the fitted 2D Gaussian function is denoted by the black

correlation function and fitted 2D Gaussian surface, is
shown in Fig. 2.

Spatial ICS is usually applied to images acquired on
LSMs. However, a variant was successfully used on images
from a TIRFM [27]. Unlike a LSM, the evanescent wave
used to excite the fluorophores in a TIRFM has a non-
uniform Gaussian intensity profile, and this complication
must be corrected for in a quantitative analysis [27].

Spatial ICS in Systems with Multiple Populations of
Oligomers

When more than one population of fluorescent particles are
present (e.g., monomers, dimers, and tetramers), g(0,0,0),
can be interpreted as:

AP 2
g(0.0.0), - =00 115 (10)
m

where the sum is over all fluorescent species in the system,
N, is the average number of monomers in the beam volume,
N; is the average number of the ith species of aggregate in
the volume, which has a mean number of monomers y; and a
variance in the number of monomers 0,2 [12]. Equation 10
assumes that there is no quenching between the fluorophores
in an aggregate. If quenching were present, the measured p;
would be lower than the true value, and it would appear as if
fewer monomers were present in each aggregate. Unless
simplifying assumptions can be made or additional infor-
mation about the system is available from outside sources, it
is usually impossible to apply the multiple parameter
dependent Eq. 10 to single ICS measurement, since only one
parameter is determined from the experiment (the correla-
tion function magnitude, g(0,0,0),).

mesh. The amplitude of the correlation function is the key parameter
recovered from the fit, and it is inversely proportional to the number
of independent fluorescent particles. From Ref. [23], with permission
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Rocheleau et al. [28] developed an extension of ICS,
which allows the fluctuations in an image associated with
brightest aggregates to be separated from those of dimmer
aggregates. The technique involves the sequential sub-
traction of intensity from LSM images, and is similar to
that implemented by Wiseman et al. [29] to measure den-
dritic spine densities.

Ideally, one could determine the entire distribution of
aggregation states, and not only the brightest aggregates (as
in [28]), or a weighted average of the distribution (cf. Eq.
10). Such a determination is, in theory, possible. The full
distribution of particle aggregation states can be calculated
using higher order correlation functions, in which the rel-
ative number densities and brightnesses of species are
measured (as demonstrated for FCS in [30]). This tech-
nique has been successfully applied to IgE distributions on
supported planar membranes [31], in which the parameters
extracted from the analysis qualitatively agreed with a
visual inspection of the image. The accuracy and dynamic
range of a related image moment technique applied to two-
population systems was investigated by Sergeev et al. [32],
who used it to measure oligomer distributions of imaged
platelet-derived growth factor receptors (PDGF-fR) in
fixed cells. They found that the density of the oligomeric
population should not be higher than the monomer density,
and that the monomer concentration should not be higher
than an order of magnitude greater than the oligomeric
population in order to extract accurate results from the
image moment analysis. They also measured a tetrameric
state for the PDGF-fR in agreement with ICS studies [22].

Accuracy and Precision of Spatial ICS

Costantino et al. [23] used computer simulations to deter-
mine the factors that affect the accuracy and precision of
ICS measurements. They found that the two most impor-
tant parameters are the number of sample laser beam areas
in an image (i.e., the number of spatial intensity fluctua-
tions) and background noise. The first criterion can be
optimized by analyzing the largest homogeneous region in
the sample. Although ICS can be performed on regions as
small as 16 x 16 pixels® (~1.5 um?), larger regions will
yield more accurate results. The whole region of analysis
should be “on cell,” since discontinuities in fluorescence,
such as those caused by the edge of a cell, can introduce
significant perturbations in the correlation function and its
fit (see Section “Practical Guidelines for ICS Analysis”).
In most cell measurements, background noise is the most
important source of error, and can be minimized by the
careful adjustment of microscope detectors, and a calibra-
tion of the fluorescence level from a monomeric unit of
fluorophore either immobilized in a solid matrix or

adsorbed on a coverslip (if possible within the detection
limits of the microscope). It is of paramount importance to
subtract the correct amount of background intensity from
the data before the analysis to obtain an unbiased estimate
of the number density. This background correction has
been discussed for both single measurements [23] and
population averages [22]. Both autofluorescence from
within the cell and non-specific antibody labeling in the
extracellular environment can contribute intensity counts to
an image. Both of these effects can be corrected for in ICS
measurements [22]. Photon counting head detectors usually
have greater sensitivity than analog photomultiplier tubes
typically found on confocal microscopes. However, the
latter type of detectors are satisfactory for ICS measure-
ments as long as they are operated in a linear regime.
The statistics of ICS measurements have also been
examined from a theoretical statistics perspective [33].

Temporal Image Correlation Spectroscopy

Spatial ICS can measure the number density and aggre-
gation state of fluorescently labeled macromolecules.
However, spatial ICS cannot extract dynamics because it
only analyzes the spatial fluctuations in an image. Tem-
poral image correlation spectroscopy (TICS) was
introduced as an alternative to SFCS and FCS for slow
moving membrane proteins which allows the diffusion
coefficient and flow speed to be measured from an image
time series [25, 34]. Time correlation functions are sensi-
tive to moving fluorescent particles if they stay within the
area defined by the beam for a number of image frames.
Both the transport mode and rate of the particles are
manifested in the time correlation function.

TICS has also been referred to in the literature as image
cross-correlation spectroscopy [34, 35] and dynamic image
correlation spectroscopy [36]. We prefer to exclusively use
the term TICS to refer to the technique described here,
since “cross-correlation” often implies measurements with
two different color detection channels.

The normalized intensity fluctuation temporal autocor-
relation function of an image series as a function of time
lag 7 is obtained from Eq. 1 when £ and n = 0:

1(0,0,7) = .(5i(x,y, t)éi(x,y, 1+1)) (11)
(i, y, 1)) (106, 3, 1+ 7)) 14
where the angular brackets denote spatial and temporal
averaging. Experimentally, T values are determined by the
time between subsequent images in the image series.
Depending on the microscope system used, At is usually
between 0.03 and 10s. As we will discuss in Section
“Raster Image Correlation Spectroscopy,” the imaging rate
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must be appropriately matched to the time scale of the
process of interest. An image series is discrete in both
space and time, so a discrete approximation of the temporal
autocorrelation function is calculated as follows:

1 =
r(O,O,s):N_S )ﬁ
- 12
XX:XY: 5ny7 )Oi(x,y, ¢+ ) (12)
x=1 \:1 )C Y, € ()C y,c +s )>c+x

where X and Y are the number of pixels spanning the region
being analyzed, N is the number of images in the image
series, s is the discrete analog of 7, and ¢ is a dummy
variable. The temporal correlation function calculated by
Eq. 12 is then fit to the analytical decay model derived for
the mode of transport present in the sample. Generally
speaking, there are usually three parameters of interest
determined from a time correlation function: its amplitude,
which is inversely proportional to the number of particles
(cf. Eq. 4); its decay shape, which describes the mode of
transport the sample is undergoing (e.g., diffusion or flow);
and its rate of decay, which describes how quickly the
dynamic process is occurring.

For samples with 2D diffusion of the fluorescent parti-
cles, the temporal correlation function has the following
decay form [8] (fit parameters in bold):

r(0,0,7) = g<0,0,0>(1 *?Td) +g. (13)

where g(0,0,0) is the zero-lags amplitude, g, is the long-
time offset, and for confocal excitation, the characteristic
diffusion time, 74 is related to the diffusion coefficient, D
by:

D=2 (14)

The mean fit ¢ 2 radius, (@y), for a particular analysis is
usually determined by fitting the spatial autocorrelation
function of each image to Eq. 9 and finding the average
value of wq for the time series [37]. As with spatial ICS
(Section “Image Correlation Spectroscopy”), the value of
oo from the fits should be close to an independently
measured value.

The correlation decay model of a sample with 2D flow is
[10]:

2
(0,0,7) = g(0,0. D)exp l— (%) te., (15)

where the characteristic flow time, 7y is used to calculate
the flow speed, Ivl:

| = 4200 (16)
Tf

In the case where one population of particles
simultaneously undergoes flow and diffusion, the
autocorrelation function has the decay model:

+ 8-

won=woan(i+5) (7]
(17)

If there are two populations in the sample, with one
undergoing diffusion and the other flow, the decay model is:

r(0,0,7)=2,(0,0,0) (1+%) - +2,(0.0.0)exp [_ <%> 2]

+ 800
(18)

The ability to resolve multiple populations in a sample is
dependent on a number of factors including the relative
concentrations and quantum yields of the different species.
Although these limitations of ICS have not been studied,
there has been an extensive investigation of the analogous
restrictions in the context of FCS measurements [38].

The percentage of the population which is immobile can
be calculated from the offset parameter g, and the
amplitude, g(0,0,0), obtained from the fits (Eqs. 13, 15, 17,
or 18) [4]:

% immobile = Bo (19)

g, +2(0,0,0)

There is evidence that the detection of an immobile
fraction using fluorescence recovery after photobleaching
(FRAP) is an artifact caused by anomalous subdiffusion
[39]. This effect has not been examined in the context of
TICS measurements, and it is possible that the long-time
offset of a temporal autocorrelation function reflects
anomalous subdiffusion occurring in the system instead
of an immobile population.

Finally, assuming the laser excitation volume has a 3D
Gaussian intensity profile, the functional form of the time
correlation function for a system with 3D diffusion is [40]:

g(0,0,0)

T (@ >2 T 12
(1) (1+252)

where (zo) is the mean e > radius of the laser focus in
the axial direction. In practice, (zo) (and (@g)) can be
obtained by 3D optical sectioning of a sample of sub-
diffraction-limit fluorescent microspheres distributed on a
glass coverslip. Experimental temporal autocorrelation

r(0,0,7) =

+ 8 (20)
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functions for diffusing and flowing microsphere samples
are presented in Fig. 3, along with fits to Egs. 20 and 15.

Comparison of TICS, Fluorescence Recovery after
Photobleaching, and Single Particle Tracking

In addition to TICS, a number of other techniques have
been developed to measure membrane dynamics, including
SPT and FRAP. We will briefly discuss their relative
advantages and disadvantages. SPT follows the location of
one particle as a function of time to discern its mode of
transport and diffusion coefficient or flow speed. Because
the behavior of each particle is measured, subpopulations
of particles can be clearly resolved [41]. In contrast, fluc-
tuation correlation methods such as FCS and ICS measure,
by their nature, an ensemble of particles and often report an
average value, but not its distribution. Unlike single mol-
ecule techniques, such as SPT, fluctuation techniques may
not be able to detect a subpopulation made up of a small
fraction of the particles [38]. However, correlation tech-
niques are generally more straightforward, and less time-
consuming to implement (see supplemental material in [42]
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Fig. 3 Temporal image correlation decays for fluorescent micro-
spheres in aqueous sucrose solution, imaged on a two-photon laser
scanning microscope, undergoing (A) diffusion and (B) flow. From
Ref. [25], with permission

for a comparison of SPT and ICS). Another key advantage
of fluctuation techniques is that they can by applied to both
relatively low and high density samples [43], unlike SPT
which requires individual particles to be well separated.
This need for low-density labeling is often incompatible
with GFP transfections of proteins expressed at native
levels in cells where individual fluorophores are not well
resolved. Because SPT requires a low-density, high quan-
tum-yield fluorophore, quantum dots (QDs) or colloidal
gold particles are often used to label proteins of interest
[44]. However, most methods of labeling a cell surface
protein with these probes involve multivalent ligands,
which can lead to unintended clustering of proteins and a
concomitant erroneous determination of the macromole-
cule’s dynamics [41, 44].

FRAP monitors the spontaneous recovery of fluores-
cence in a region of the cell membrane after all
fluorophores in the region have been bleached with a laser
pulse [45]. FRAP is capable of determining both the dif-
fusion coefficient and immobile fraction of a system of
fluorescently tagged molecules [46]. However, the tech-
nique requires the introduction of a large external
perturbation by using high intensity laser illumination.
Some studies have suggested this light can potentially
injure the cell or induce cross-linking of membrane
receptors [47, 48], but the general consensus is that there is
no such damage [49, 50]. In contrast, TICS uses a much
lower laser excitation power, and studies the system at
equilibrium or biological steady state.

Data in FCS and FRAP experiments are sometimes fit to
anomalous subdiffusion models [39, 51], in which particles
exhibit a restricted mobility, but are not immobilized. It is
thought that this non-Brownian behavior is the result of
fixed obstacles or lipid rafts in the membrane [52]. To date,
TICS data have not yet been fit to anomalous subdiffusion
models, and it would be beneficial to study systems with a
number of techniques and over a range of time scales.

Accuracy of, and Photobleaching in, TICS

Kolin et al. [43] examined the accuracy of TICS mea-
surements by using computer simulations of LSM imaging
of point emitters undergoing diffusion and flow. They
found that, as with spatial ICS, recovering accurate number
densities from TICS autocorrelation functions was pri-
marily limited by background noise in the sample. In
contrast, diffusion coefficients and flow speeds could be
recovered in the presence of high levels of background
noise, and their accuracy was governed by spatiotemporal
sampling (i.e., the number of pixels in the region of anal-
ysis, and the number of frames in the image time series).
The effect of photobleaching on temporal autocorrelation
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function decays was also studied in the same work, and it
was found to cause a severe underestimation in number
densities (by approximately a factor of 5), and a smaller,
but still significant, overestimation of diffusion coefficients
and flow speeds (roughly 20% for diffusion, and 5% for
flow). For the case of irreversible monoexponential
photobleaching, the authors provide a correction factor
which can be used when fitting the data to recover unbiased
values of (n,), D, and v.

Cytosolic fluorophore populations should not interfere
with TICS measurements of fluorescently labeled mem-
brane proteins. Since proteins in the cytosol diffuse
approximately two orders of magnitude faster than mem-
brane-bound proteins, any concentration fluctuations due to
fluorophores in the cytosol will be completely decorrelated
in subsequent images, which are typically acquired at
imaging rates below 10 Hz. Although the dynamics of
these quickly diffusing species cannot be measured from
LSM-acquired image series using TICS, we will describe a
novel extension of ICS in Section “Raster Image Corre-
lation Spectroscopy” that can measure such faster transport
processes.

Image Cross-Correlation Spectroscopy

Image cross-correlation spectroscopy (ICCS) quantifies the
coincident spatial fluctuations of two images collected in
two different detection channels. Usually, two fluorophores
with different emission wavelengths are attached to two
different proteins of interest. The two fluorophores are
imaged on a microscope that spectrally resolves the emis-
sions, and an image is collected for each detection channel:
is(x, ¥) and ip(x, y). The normalized intensity 2D spatial
cross-correlation function for these two images is given by
Eq. 1 with 7 = 0:

(Sia(x,y)dip(x + &,y + 1))
<ia(xay)><ib(x7y)> 7

and is calculated using Fourier methods, just as with a
spatial autocorrelation function (Eq. 8). The average
number of colocalized independent fluorescent particles
in the beam area, (1) is:

rab(év ’7) =

(1)

8av(0,0)
gaa(ov O)gbb(07 0) ’

where g,,(0,0) is the amplitude of the cross-correlation
function, and g,,(0,0) and g,,(0,0) are the amplitudes of the
autocorrelation functions for channels a and b, respec-
tively. All three amplitudes are determined by nonlinear
curve fitting of their respective correlation functions to Eq.
9. The number density (n,;) is usually transformed to a CD

(nap) = (22)

(as in Eq. 5), or the fraction of protein 1 interacting with
protein 2 (or vice-versa) using (n,) or (n).

A dual-labeled sample can be imaged as a function of
time, and the fluorescence emissions imaged simulta-
neously in two detection channels to generate a dual-color
image time series. A temporal cross-correlation function
can be calculated from this image series, which is given by
Eq. 1 with the spatial-lag variables ¢ and # set to zero:

<5ia(x,y, t)aib(xaya r+ T)>
(ia(x,y, 1)) (ip(x, ¥, 1 + T)>t+r .

If a fraction of the two populations are interacting on the
time scale of the measurement, r,,(0,0,7) can be fit to the
same analytical models as the temporal autocorrelation
decays (e.g., Egs. 13, 15, 17, or 18 or 20) to determine the
dynamics of the interacting complex. If there is no
interaction between the species, the cross-correlation
function will be zero for all t if sampling of fluctuations
is sufficient.

rab(oa 0, T) = (23)

Advantages, Limitations, and Dynamic Range of ICCS

As alternatives to ICCS, protein—protein interactions can
also be measured using automatic colocalization algo-
rithms [53, 54]. These techniques calculate the interaction
fraction for two protein species separately labeled with
different color fluorophores based on the amount of signal
overlap between pixels at the same image location for the
two detection channels. Comeau et al. [55] and Costantino
et al. [23] extensively studied the accuracy of ICCS and
compared it to the automatic colocalization algorithms
commonly found in commercial microscope software, and
found the two techniques were complimentary and deliv-
ered accurate results under different experimental
conditions. Specifically, spatial ICCS is able to accurately
determine the fraction of proteins interacting over several
orders of magnitude in concentration. In contrast, auto-
matic colocalization usually provides accurate estimates at
low fluorophore density, but can overestimate the fraction
of interacting protein at higher concentration levels. Fur-
thermore, spatial ICCS only works well when the
interaction fraction is higher than 20% (for a typical image
size of 256 x 256 pixels), while automatic colocalization
will return an erroneous result if there is more than a factor
of 2 difference between the concentration of the two pop-
ulations being measured. Also, ICCS is substantially less
affected by the signal-to-noise of the images than auto-
matic colocalization algorithms [55].

An advantage of ICCS is its ability to automatically
correct for different spatial alignments of the two channels.
Chromatic  aberrations in  microscope objectives,
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misalignment of optical components, and vibrations and
mechanical instability of the scanning system can all
cause a shift of more than one pixel between two color
images acquired from the same sample [56]. Automatic
colocalization techniques are greatly affected by system-
atic shifts since they directly compare pixels at the same
image coordinate, so the raw data must be appropriately
corrected for this shift. Although more sophisticated
colocalization implementations include this pre-registra-
tion (such as the Medical Image Processing, Analysis, and
Visualization (MIPAV)) software package developed by
the Center for Information Technology, National Institutes
of Health [57]), most do not automatically account for
this shift. In contrast, a spatial shift between two images
used for cross-correlation analysis would simply introduce
a shift in the location of the cross-correlation function
maximum, but would not alter the key parameter, its
amplitude [55].

Automatic colocalization algorithms require that both
channels in the optical setup have the same PSF [54], while
cross-correlation calculations can be corrected for PSFs of
different sizes [55, 58]. Additionally, the automatic colo-
calization algorithms force each pixel to be classified as
either colocalized or non-colocalized, in contrast to ICCS,
which takes into account that the PSF convolution causes
intensity counts to be present in pixels adjacent to those
where fluorophores are actually centered.

FRET has also been used to probe protein—protein
interactions in live cells [59]. FRET measures the amount
of non-radiative energy transfer between a donor and an
acceptor fluorophore. In vitro measurements can give
accurate distance measurements on the order of 1-10 nm,
while measurements in live cells typically detect either the
presence or absence of the transfer. Unlike FRET, cross-
correlation cannot determine the average separation
between two fluorophores. It can only give the fraction of
the labeled species, which are located together spatially or
travel together temporally in a common complex. How-
ever, some biomacromolecular complexes are so large that
FRET cannot be used to measure the separation between
two different components on opposite sides of the aggre-
gate. Also, ICCS and automatic colocalization would find
two components colocalized if they were in a common
subcellular compartment, whose size was below the dif-
fraction limit (~200 nm) and were imaged in the same
pixel location. On the other hand, FRET could be used to
differentiate between a true close interaction between two
components, and a common compartmentalization.

As with ICS, the images analyzed must be relatively
homogeneous, and without sharp bands of intensity or
discontinuities. For example, ICS and ICCS may be
appropriate for studying transmembrane proteins in the
plasma membrane, but not the trans-Golgi network. Also,

spectral bleed-through of signal (also known as cross-talk)
between the detection channels must be corrected for to
prevent artifacts in ICCS analyses.

Correlation Techniques for Non-Planar Regions of
Cells

Image correlation techniques assume that the imaged
membrane is perfectly flat. A small slope or undulations in
the membrane would perturb the correlation functions.
Petersen [12] examined the effect of a sloped membrane on
spatial ICS measurements using simulations and found that
while the g(0,0,0), value is not significantly affected, a
degree of aggregation calculation (cf. Eq. 6) would be
underestimated. The membrane slope causes this effect
because the out-of-focus membrane contributes less to the
intensity, and (i) is lower than if the membrane were
entirely in focus. Milon et al. [60] investigated the effect of
sloped, out-of-focus, or undulating membranes on FCS
autocorrelation functions using simulations and measure-
ments on large unilamellar vesicles, and found that these
membrane characteristics could cause the diffusion coef-
ficient could be underestimated by approximately a factor
of 3 in FCS measurements on typical cells.

Some cell lines, such as leukocytes, are spherical and do
not have flat areas appropriate for traditional ICS analysis.
In this situation, a cell can be imaged on a LSM and using
the microscope’s inherent optical sectioning capability, and
a z-slice can be obtained from an axially central region, in
which neither the basal nor the apical membranes are vis-
ible yielding an image with “ring” staining for a membrane
protein. Afterwards, a fluorescence trace around this “ring”
can be extracted. This fluorescence record has been used to
measure colocalization using a cross-correlation approach
[61-63], as well as dynamics using a modified TICS
analysis [64]. This technique is summarized in Fig. 4. A
line trace around the perimeter of a cell membrane samples
far fewer fluctuations than an image of a planar region of
the membrane; therefore, these variants have an inherently
lower signal-to-noise ratio than their imaging counterparts,
and are best suited to round cell types which lack a large,
relatively flat membrane region.

Spatiotemporal Image Correlation Spectroscopy

TICS is able to measure the magnitude, but not the direction
of a concerted flux of flowing fluorophores (i.e., the flow
speed). As first suggested in [65], the direction of the flow
can be determined by calculating a full spatiotemporal
correlation function. The technique was later fully devel-
oped and verified, and was named spatiotemporal ICS
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Fig. 4 An overview of ring correlation spectroscopy (RCS). (A) The
image series collected in time from an optical section of the entire
“spherical cell” at its equator. The resulting image series contains
intensity rings for labeled membrane species. (B) In RCS, the
intensity trace around the cell membrane is extracted for each image

(STICS) [20]. Recently, a similar technique has also been
developed independently [66]. The theory of STICS anal-
ysis is similar to particle image velocimetry (PIV), a
technique developed in 1984 to measure the turbulent flow
of non-fluorescent micron-sized beads in fluids [67].
However, STICS incorporates greater temporal lag sam-
pling into the calculation of the space—time correlation
function from which velocity vectors are measured.

A spatiotemporal correlation function is defined in Eq.
1. As with ICS autocorrelation functions, this function is
usually calculated with FFTs using the Wiener-Khinchin
theorem (Eq. 8), because using the FFT is several times

Fig. 5 STICS (A, C) and TICS (B) analysis of a region of the basal
membrane of a living CHO cell expressing a-actinin-eGFP. The
spatiotemporal correlation function without immobile population
removal (A(i)) does not show a clear flowing population because the
flowing component is masked by a slowly diffusing or immobile
component. However, when the immobile filtering is applied (A(ii)), a
flowing component becomes readily visible, and is easily tracked in
the STICS correlation function. This peak location is tracked, and a

in the time series. (C) These membrane perimeter intensity records
are correlated in space (for each ring) as well as time for a given
membrane pixel location to measure the number density, dynamics, or
interacting fractions of the fluorescently labeled proteins

faster than the “direct” calculation [17]. The point spread
function of laser scanning and TIRF microscopes is
approximately Gaussian in the axial plane, so a STICS
correlation function is usually a 2D Gaussian which moves
from the zero-lags center as a function of time lag if there
is a flow present (Fig. 5A(ii)). The velocity of the sample is
determined by tracking the center of the moving peak at
each time lag. Linear regressions of the x- and y-coordi-
nates of the peak location as a function of time yield the x-
and y-components of the velocity for uniform motion
(Fig. 5C) [20]. As with PIV, using FFTs can introduce a
significant bias in the correlation function if the PSF is on

linear regression of each of the x and y peak positions as a function of
time lag, 7, gives the velocity vector components v, = (1.8 = 0.3) x
107 pm/s and v, = (5.5 = 0.2) x 107 pm/s, respectively (C). TICS
analysis of the same region yields a temporal autocorrelation function
best fit by a two-population flow/diffusion model, giving vics = (7.7
+0.8) x 10um/s and D = (6 = 1) x 107 ym*/s. From Ref. [20],
with permission
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the order of the size of the window used in STICS analysis
[68]. This regime is usually not encountered with typical
applications of STICS.

As with ICS, a STICS analysis is usually performed on
different subregions of a cell (e.g., Fig. 6B). In the most
recent application, a high-resolution variant has been used
in which many small, partially overlapping regions are
analyzed on the same sample (usually areas of
16 x 16 pixels?, where each new region is offset 4 pixels
from an adjacent region; see Fig. 7).

In many biological systems, two different proteins may
interact periodically, but are not always colocalized. In
such a case, a STICCS cross-correlation analysis will not
yield a measurable Gaussian peak, because the correlation
decays too quickly. In these situations, vector maps from
each individual channel can be calculated (Fig. 7). The
interaction between the two different proteins can then be
quantified by comparing the relative magnitude and ori-
entation of corresponding vectors in the velocity maps
[69]. Brown et al. [69] hypothesize that this data treat-
ment reveals the transient interaction between two
different proteins because the binding and unbinding will
lead to a fractional correlation in the two velocities. This
method of analyzing dual-color STICS vector maps is
thus a useful way to quantify transient protein—protein
interactions when there is not a measurable cross-
correlation.

Immobile Population Removal

The STICS theory presented to this point assumes there is
only one population of fluorophores, which is flowing.
However, in living cells, there is often a significant fraction
of labeled protein that is either slowing diffusing or
immobile in the plasma membrane on the measurement
time scale. Either of these non-flowing populations, if

Fig. 6 (A) Dynamics of a-actinin-GFP fusion proteins in a live CHO-
B2 cell, imaged on a two-photon LSM, were measured using TICS
and STICS analysis. The region of the cell beneath area “3” in (A)
was analyzed in more detail both before (B) and after (C) retraction of
a microspike. There was a concerted flux of a-actinin away from the
microspike during the retraction (B), while only diffusion was
detected in those regions after the retraction (C). Circles indicate the

present, are manifested in the STICS correlation function,
and can prevent an accurate tracking of the flow correlation
peak (Fig 5A(i)) [20].

The immobile population is usually removed from an
image series prior to STICS analysis by subtracting the
“mean image” of the image series from each image.
This can be accomplished quickly by Fourier trans-
forming in time each pixel trace in the image series,
setting the DC component of the transforms to zero, and
inverse Fourier transforming each pixel trace to recover
the original movie with only the moving components
preserved [20].

Slowly diffusing particles will also create a central lags
peak in the STICS correlation function, which can mask
the flow correlation peak which must be well-resolved to
be tracked and to recover an accurate velocity. Using the
previously described Fourier-based immobile population
removal will only partially eliminate the contribution of the
diffusing population to the correlation function [20]. An
alternative method of removing slowly moving features in
an image series is to use a moving average filter [70]. The
variable temporal window size used in the filter determines
which features are removed.

k-Space Image Correlation Spectroscopy

Concentration correlation techniques measure the under-
lying dynamics of a system by calculating a correlation
function of spontaneous fluctuations observed as fluoro-
phores move in and out of a small observation volume. To
extract meaningful dynamics such as the diffusion coeffi-
cient or flow speed, these correlation functions are fit to
different analytical models depending of the type of
transport process the fluorophores are undergoing (e.g.,
Egs. 13 and 15 for diffusion and flow, respectively). These
analytical functions were derived assuming that the

average 10 min root-mean-square diffusion distance from the center
of the circle. Arrows give the direction and average 10 min
displacement for proteins undergoing flow in a particular region, as
determined using STICS. The pixel size in all three image series was
0.118 pm, and images were acquired at 5 s intervals. Scale bars are
10 pm (A) and 5 pm (B and C). From Ref. [4], with permission
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Fig. 7 High-resolution velocity maps of a-actinin-eGFP and actin-
mRFP in an MEF cell plated on 1 pg/ml fibronectin. Image series
were acquired on a TIRF microscope (Olympus IX70) with a Retiga
EXi CCD camera. The color scale is common between both maps (see
colorbar below images). The length scale of the velocity arrows varies
between both maps; in both cases the velocity scale arrow represents

movement of fluorophores is the only process causing
fluctuations in the collected fluorescence [8, 10]. However,
many fluorophores have time dependent photophysical
properties, such as fluorophore photobleaching [71] and
intermittent fluorescence or “blinking” [72]. In fluores-
cence correlation techniques such as FCS and TICS, these
intensity fluctuations due to the fluorophore photophysics
must be taken into account when fitting the decay with an
analytical model. If not, the experimental autocorrelation
function may appear to be fit well by a model which only
accounts for transport, but the transport coefficients
recovered may be highly erroneous [43, 73].

Blinking of organic fluorophores occurs on the micro-
second time scale, and is not sampled in the TICS
autocorrelation functions because it occurs much faster
than the imaging rate; any correlations due to triplet state
photophysics are completely lost by the time a subsequent
image is acquired. As described for TICS in Section
“Accuracy of, and Photobleaching in, TICS,” photoble-
aching of organic fluorophores can significantly affect the
diffusion coefficient and flow speed obtained from tem-
poral autocorrelation functions. This perturbation can be
corrected for by fitting to an analytical model, which
takes into account a first-order photobleaching contribu-
tion to the correlation function [43]. However, fluorescent
proteins can also undergo reversible photobleaching [71],
and this behavior is not easily measured from an image
series of a live cell or corrected for in TICS studies. As
well, QDs have recently emerged as novel fluorescent
tags for biological macromolecules. Unlike organic fluo-
rophores, QDs exhibit greatly reduced photobleaching
under continuous laser excitation for extended periods of
time (minutes to hours) [74, 75]. However, they do

0.5 pm/min, and the spatial scale bar is 5 um. Each analysis used 100
images, acquired at intervals of 10 s, with a pixel size of 0.215 pm.
The relative directional correlation and relative velocity magnitude
between both maps can be calculated. From Ref. [69], with
permission

exhibit significant emission “blinking,” in which indi-
vidual QDs alternate between “on” and “off” states [76].
In contrast to organic fluorophores whose “on” and “off”
distributions are characterized by exponential distribu-
tions [72], those of QDs are governed by extended
power-law distributions in time [77]. These power-law
distributions do not have a characteristic (i.e., average)
“on” or “off” time. There have been recent efforts to
derive an analytical model for temporal autocorrelation
functions of QD blinking [78, 79]. However, their results
are very complex, have not been yet tested experimen-
tally, and are not directly amenable to experimentally
measured correlation functions for blinking and diffusing
QDs.

k-Space image correlation spectroscopy (KICS) is a
useful new image correlation technique applicable when
fluorophores undergo significant photobleaching or
“blinking,” because it always returns unbiased estimates of
the fluorophore dynamics without any previous knowledge
of the photophysics or PSF of the system [80]. As with the
previously mentioned techniques, the seminal measure-
ment in kICS is a microscope image time series, i(r, ).
With kICS, each image is 2D Fourier transformed in space
to yield i(k,), before being correlated in time. (With
modern computers, performing the transform prior to cor-
relating imparts only a small increase in analysis time.) We
define a reciprocal-space time correlation function, r(k, 1),
as:

r(k,t) = (i(k, )" (k, 7 + 1)), (24)

where the angular brackets denote a time average. The
notation i*(k, 7 4+ 7) denotes the complex conjugate of the
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2D spatial Fourier transform of image i(r, ¢ + 7). Assuming
the system is imaged on a microscope with a Gaussian PSF,
r(k,7) has the following form for a 2D system of a popu-
lation of fluorescent particles undergoing diffusion and
flow [80]:

4.2
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where N is the number of particles in the image, ¢ is the
quantum yield, [ is the incident laser central peak intensity,
v is the velocity of the particles, and O(¢) is 1 if a particle is
fluorescing at time ¢ and O otherwise. The angular brackets
denote an average over all particles in the image. For a
sample undergoing diffusion, D is calculated by circularly
averaging r(k,7) and taking the natural logarithm:

(25)
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Note that the first term is constant for a given value of 7,
and D can be extracted from In[r(|k|*,7)] with several
linear regressions (Fig. 8). In contrast to r-space correlation
techniques, D can be calculated without any knowledge of
the fluorophore photophysics [80, 81]. An application of
kICS to QD blinking is described in Section “Fluorophore
Photophysics.”

We have recently shown that a new implementation of
KICS can give a PSF-independent correlation function [81].
Therefore, KICS analysis does not require a calibration of
the PSF of the imaging system, and automatically accounts
for a non-Gaussian PSF, or an any asymmetry in the focal
plane due to misalignment of optics.

One disadvantage of kICS is that it cannot be applied to
arbitrarily small regions of cells. The analysis involves a
linear regression (cf. Fig. 8), and depending on the sample
size and noise level, a reliable fit may not be possible.
Under typical imaging conditions, this usually limits
analyses to image series 32 x 32 pixels® or larger, pre-
cluding the study of small cells such as yeast or bacteria.

The theory of kICS is very similar to that of dynamic
light scattering [82], however the instrumental implemen-
tation and systems studied vary significantly. Fink et al.
[19] and Hattori et al. [83] have developed techniques
similar to kICS to selectively probe wavevectors using two
interfering laser beams. These techniques can recover the
same quantities as kICS; however, they require specialized
equipment and cannot be applied directly to image series
acquired on commercial imaging microscope, as can kKICS.

1wwﬁmm%
(26)

Fig. 8 (A) The circularly averaged, natural logarithm of the k-space
time correlation function at t = 0.451 s for a sample of diffusing
microspheres, with a radius of 0.1 pm, in sucrose solution. The image
series was acquired on a confocal laser scanning microscope. The
intercept of the correlation function as k2 — 0is proportional to the
number of particles in the image, and is also dependent on the
photophysics of the fluorophore. The slope of the first segment (i.e., at
low Ikzl) is related to the diffusion coefficient (cf. Eq. 26). Noise is
manifested in the second segment (i.e., at high Ik2l). An analogous
regression is performed for r(k, t) for each value of 7. (B) The slopes
obtained from the plots of (A) at different 7 values are plotted as a
function of 7, and the diffusion coefficient is given by this slope. In
this case, D = (0.0316 £ 0.0002) umzls. From Ref. [80], with
permission

Raster Image Correlation Spectroscopy

For TICS and kICS analysis, the imaging rate of the
microscope dictates the maximum rate of a diffusive
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process which can be measured [43]. On a typical LSM, this
limits the largest diffusion coefficient measurable to
approximately 10~ cm?/s. Most membrane proteins diffuse
more slowly than this, so applying TICS to image series
collected on an LSM is often an appropriate method to study
this phenomenon. However, small molecules or proteins in
solution diffuse far too quickly to be studied using either
TICS or kICS, because fluorophores enter and leave the
small focal volume long before a subsequent image is
acquired, so intensity fluctuations in adjacent images in the
image series are completely uncorrelated. Until recently,
these fast dynamics could only be measured using FCS,
which is not included with most commercial LSMs. A new
approach, raster image correlation spectroscopy (RICS)
allows fast dynamics to be probed on standard LSMs, which
are common in life science research environments.

Digman et al. [84, 85] developed RICS, which allows
one to measure rapid diffusion on a commercial LSM
analogous to what can be measured with single-point
FCS. These microscopes generate an image by using
galvanometer mirrors to raster a laser beam across a
sample, recording one pixel at a time. The raster-scanning
used to generate an image introduces a time structure into
the image since different parts of the image are acquired
at different times (Fig. 9). RICS can therefore measure
the diffusion coefficient of a sample of fluorophores
imaged on a LSM by taking advantage of spatial corre-
lations due to the raster pattern in which the image is
constructed.

As with spatial ICS, the RICS autocorrelation function
of an image collected on a confocal or two-photon laser
scanning microscope is defined as in Eq. 7. If particles
diffuse significantly on the time scale of image acquisition,
the spatial autocorrelation function will not have an iso-
tropic Gaussian shape (cf. Eq. 9, Fig. 2B). Instead, it will
be “stretched” out in the fast scan direction, and the dif-
fusion coefficient may be extracted by taking into account

Fig. 9 (A) Dynamics of
fluorophores attached to
biomolecules ranging in size
from small molecules to large
protein aggregates in
membranes can be measured
using a LSM by applying a
variety of correlation
techniques. (B) An image series
acquired on an LSM contains
information on time scales from
the microsecond to second
regimes. Using RICS, it is
possible to exploit this time
structure to measure fast
diffusion processes. From Ref.
[85], with permission

the time structure of the image introduced by the scanning
mechanism (Fig. 10). In this case, the analytical form of
the spatial autocorrelation function, Gy(¢,n), is:

Gs(&,n) = S(&n) x G(&,n) (27)

where S(&,n) is the correlation function due to the scanning
of the laser beam, and G(¢,n) is the correlation function due
to diffusion. Because the laser beam scanning and particle
diffusion are independent processes, the correlation
function G,(¢,n) (Eq. 27) is the product of the correlation
function for each process. A number of analytical forms of
S(&,n) exist for different scanning geometries [85]. When
an image is collected on a commercial LSM, the laser is
raster scanned across the sample line-by-line, and S(&,n)
has the following form:

2 2 2
2 (1P + P
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S(&n) =exp (28)

where 1, is the pixel residence time, 7, is the line
repetition time, J, is the pixel size, and
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where y is a factor describing the geometry of the laser
beam [86]. It should be noted that the spatial lag variables &
and # in Eqs. 28 and 29 are in pixel units, and not microns
as in Eq. 9.

As with STICS, an immobile or slowly diffusing pop-
ulation can mask the correlation function of interest [20,
85]. Therefore, when RICS is used to measure cytosolic
dynamics in living cells, either a Fourier or moving aver-
age filter may be required [85] (Fig. 10).
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Fig. 10 (A) An image of a
CHO K1 cell transfected with a
paxillin-eGFP fusion protein,
imaged on a confocal LSM. (B)
An enlargement of the

64 x 64 pixel® region outlined
in (A). The correlation function
for the region shown in (B) both
without (C) and with (D)
immobile removal. (E) The
correlation function in (D) was
fit to Eq. 27, using Eqgs. 28 and
29, giving D = 8.3 um?/s. The
pixel dwell time was 8 s, the
pixel size was 0.09 um, and the
line scan time was 5.05 ms. To
improve the measurement
signal-to-noise, the average of
correlation functions from 23
regions in identical locations in
sequential images were used to
calculate the correlation
functions in (C) and (D). From
Ref. [85], with permission

Particle Image Correlation Spectroscopy

Semrau and Schmidt [87] recently introduced PICS, a hybrid
technique, which contains elements of both image correlation
and particle tracking. One step in SPT data analysis is linking
particle positions in subsequent images into particle trajec-
tories. This process can be a challenge at high densities, when
the inter-particle spacing approaches the step size of particle
movements. One limitation of ICS is its insensitivity to
movements below the diffraction limit of the imaging system.
The PICS technique avoids these two pitfalls and permits the
measurement of arbitrarily high diffusion coefficients at high
densities, as long as individual particles can be resolved.
PICS involves first identifying individual particles in each
image of an image time series. A temporal cumulative cor-
relation function is then generated from these particle
positions, and the diffusion coefficient is calculated from this
correlation function. PICS provides an attractive alternative
to other techniques when high fluorophore densities prevent
SPT analysis, or dynamics which occur on a sub-diffraction-
limit length scale preclude traditional ICS measurements.

Software for ICS Analysis

To aid researchers in adopting ICS techniques, we have
made MATLAB implementations freely available at

http://wiseman-group.mcgill.ca/. The software includes
command-line implementations of ICS, TICS, STICS and
a basic simulation program. A brief tutorial is included
with the distribution. As well, a full-featured high-reso-
lution STICS program is provided with a graphical user
interface. For implementing techniques not provided at
the above website, we recommend MATLAB or IDL as
programming languages which are relatively easy-to-
learn for those without formal programming training.
Also, researchers may find the programs SimFCS and
Globals for Imaging useful for FCS and RICS analysis.
These programs are available at http://www.1lfd.uci.edu/
globals/.

Practical Guidelines for ICS Analysis

The accuracy and precision of the results obtained from
the techniques described in this review are strongly
dependent on the quality of the data, which is analyzed.
In Fig. 11, we present images, which are either acceptable
or unacceptable for ICS analysis, and describe some of
the most common pitfalls. Although microscopy tech-
niques are beyond the scope of this review, some
excellent guidelines for fluorescence microscopy of live
cells in general are in Ref. [88], and for confocals spe-
cifically in Ref. [89].
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Fig. 11 Some common pitfalls in collecting suitable images for ICS
analysis are illustrated with a series of images of CHO cells
transfected with EGFR-eGFP imaged using a confocal LSM (Olym-
pus FV300 IX71, with 60X 1.4 NA oil objective, and 488 nm line of
an Ar" laser for excitation). These specific guidelines are given in the
context of spatial ICS, although most are applicable to all of the forms
of correlation analysis mentioned in the review. (A) Too much noise
prevents an accurate determination of number density, and can be
improved by averaging multiple frames in the series, changing the
collection filters used, and by increasing the labeling efficiency,
fluorophore brightness, detector sensitivity, or excitation intensity.
(B) Detector saturation perturbs a correlation analysis by clipping the
positive fluctuations. It can be avoided by decreasing the excitation
intensity or detector sensitivity. An analogous effect occurs with
negative fluctuations when a microscope offset setting is used to
discard low intensity values. When collecting images for ICS

Applications

Image correlation techniques have been applied to a wide
variety of biological systems, using a number of labeling
methods and imaging modalities. This section of the
review will provide a summary of this body of work. The
ICS family of methods is relatively young, and some of
the applications to date have been experiments to dem-
onstrate the usefulness or accuracy of a given technique. It
is hoped that with time, ICS will be used by more labs,
especially in the areas of biology such as cell biology and
neuroscience where there is an inherent advantage in
observing processes across entire intact cells using
imaging.

Cellular Adhesion and Migration
Cell adhesion and migration are important in a variety of

biological processes including embryogenesis, wound
healing, and metastasis [90]. Over 50 proteins have been

analysis, the offset setting should be set to zero. (C) The microscope
zoom used to collect this image gave a pixel size of ~0.5 um/pixel,
which is too large for ICS analysis because it does not sufficiently
sample the decay of the beam PSF which acts as the correlator in the
measurement. Appropriate pixel sizes for ICS are on the order of
0.05-0.1 pm/pixel. (D) The interface between the two cells in the
region of interest creates a large, bright, heterogeneous signal, which
yields an anisotropic correlation function that is fit poorly by Eq. 9.
Analyzed areas should be relatively homogeneous with randomly
distributed particles. (E) Similarly, analyzing a region which includes
the edge of a cell introduces a significant artifact in the spatial
correlation function (G). Regions analyzed with ICS should be
entirely “on cell.” (F) An acceptable region for ICS analysis. (G) The
spatial autocorrelation function for the region outlined in (E).
Compare the shape of this function to Fig. 2B

implicated in adhesion, and their spatiotemporal coordi-
nation and localization in adhesion assembly and
disassembly has yet to be fully understood [91]. Wiseman
et al. [25] used a two-photon LSM and TICS to measure
the diffusion of «S-integrin-GFP, a membrane protein
known to bind to the extracellular matrix (ECM), in the
basal membrane of a CHO cell. Two-photon excitation
represents a significant advancement for live cell imaging,
because the excitation light is less damaging to the cell
than the equivalent one-photon wavelength [92]. As well,
photobleaching outside the focal plane is reduced com-
pared to single-photon excitation, since it is limited to the
focal volume where the laser intensity is high enough to
excite fluorophores. In an extension of the earlier work,
Wiseman et al. [4] performed an extensive study on the
aggregation state and dynamics of aS-integrin in living
cells. ICS was used to characterize the degree of aggre-
gation of aS-integrin, and a calibration with monomeric
GFP allowed for a calculation of the absolute number of
protein monomers in aggregates. TICS was used to mea-
sure the relative diffusing, flowing, and immobile fractions
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of GFP constructs of «5-integrin and «-actinin (Fig. 6A). A
temporal cross-correlation analysis showed that a5-integrin
is colocalized with «-actinin, but not paxillin, throughout
the cell outside of adhesions. Finally, STICS was used
to map directed fluxes of aoS5-integrin and o-actinin
(Fig. 6B).

The linkage between actin and the ECM plays a central
role in regulating cell migration [93]. To understand this
interaction, Brown et al. [69] used actin-mRFP constructs
in CHO and mouse fibroblast cells also transfected with a
GFP construct of ¢-actinin, oS-integrin, talin, paxillin,
vinculin or focal adhesion kinase. By imaging time series
of both fluorophores simultaneously, they were able to
create velocity maps for both the actin (mRFP) and adhe-
sion related protein (GFP) (Fig. 7). The similarity between
the velocity maps for actin and the adhesion proteins was
quantified by the relative magnitude of the velocity vectors,
as well as their directional correlation [69]. This analysis
probed the efficiency of the integrin-actin linkage in dif-
ferent cell types and under different conditions, such as
various concentrations of ECM protein on the substrate.
They conclude that the linkage is regulated at two levels:
one proximal to the a-actinin in the adhesion, and another
proximal to the integrins.

Platelet-Derived Growth Factor Receptors

Platelet-derived growth factor (PDGF) p-receptors are
implicated in cell growth, chemotaxis, and actin reorgani-
zation. It is thought that their oligomerization plays a key
role in their activation [94]. In the first application of ICS,
Petersen et al. [17] compared the aggregation state of
PDGF f2-receptors before and after the addition of PDGF
fB2-receptor antibodies. They quantified the antibody
induced clustering of PDGF f2-receptors using ICS and
found that the aggregates after the addition of antibody
contained approximately 5 times as many receptors as
before. Wiseman et al. [24] later used ICS to find that
PDGF-f§ receptors were 3-4 times more clustered at
37°C than at 4°C, and that growth factor PDGF-BB addi-
tion did not induce a measurable aggregation at either
temperature.

ICS was later optimized to correct for white noise,
autofluorescence, and non-specific fluorescence [22]. Using
these corrections, Wiseman and Petersen [22] showed
using immunolabeling that PDGF f2-receptors on fixed
human fibroblast cells were pre-aggregated at 4 °C. They
also estimated these aggregates to be tetramers. A high-
order moment analysis of LSM images of PDGF receptors
in the same system also found the receptors to be in tet-
ramers after addition of PDGF-BB [32], confirming the
findings of the earlier study.

Epidermal Growth Factor Receptors

Activation of epidermal growth factor receptors (EGFR)
has been shown to trigger cell migration, growth, differ-
entiation, and apoptosis [95]. It is thought that there is a
ligand-induced dimerization or oligomerization of recep-
tors at the cell surface, which in turn activates a signaling
pathway [96].

Petersen et al. [65] studied antibody-labeled EGFR on
A431 cells, which are known to overexpress the receptors
(2-3 million per cell). They found a temperature-depen-
dent clustering of EGFR, in which the CD decreased by a
factor of 2 while the number of receptors per cluster
increased by a factor of 3 as the temperature was decreased
from 37 to 4°C.

Clayton et al. [96] used ICS on EGFR-eGFP chimeras in
BaF/3 cells to show that EGFR had, on average, 2.2
receptors/cluster in the absence of EGF, and increased to
3.7 receptors/cluster after being exposed to EGF. The
cluster density was measured with ICS, and was converted
to the number of receptors per cluster by estimating the total
number of receptors per cell using comparative flow
cytometry. In contrast to the antibody-labeled A431 cells
used in [65], the BaF/3 cells expressed EGFR at the normal
level of 50,000 copies/cell, and used GFP transfection to
label EGFR. Saffarian et al. [97] recently used a modified
fluorescence intensity distribution analysis (FIDA)
approach to quantify the clustering of EGFR, and found that
the values reported by Clayton et al. [96] are likely averages
of a heterogeneous distribution of monomers, dimers, and
tetramers. Clayton et al. [98] used ICS in conjunction with
lifetime-based FRET to measure both sub-micron scale and
nanoscale clustering of EGFR in A431 cells.

Intracellular Transport

Polyplexes, particles that are comprised of both synthetic
polymers and nucleic acids, have recently been proposed as
alternatives to viruses for gene delivery [99]. Kulkarni et
al. [42] probed the dynamics of endosomes containing
fluorescently labeled polyplexes, in living HeLa cells. They
used TICS in conjunction with SPT to characterize the
motion of an ensemble of polyplexes, and found that their
motion was Brownian the majority of the time, with brief
periods of directed motion, which they attributed to
transport along microtubules.

Clathrin-Coated Pits

Clathrin-coated vesicles are the most common route of
endocytosis in eukaryotic cells. There is strong evidence
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that the AP-2 adapter protein plays a role in binding both
clathrin, which forms the lining of the coated pit, and the
cargo, which is internalized [100]. Brown and Petersen
[101] used ICS to study the distribution of immunofluor-
escently labeled AP-2 in CV-1 cells, and found that one-
third is found in large aggregates associated with clathrin-
coated pits, and the remainder is in smaller aggregates with
approximately one-third the brightness. Later, a similar
system was used to show that ~35% of clathrin was free in
the cytosol, while ~65% was in large aggregates in coated
pit structures [102]. The same study showed that free
clathrin in the cytosol was required for the stability of AP-2
coated pit nucleation sites. CV-1 cells are very appropriate
for ICS studies because they are both large and flat [103].

Brown et al. [103] were interested in determining the
order of association between clathrin, AP-2, and membrane
receptors. Using ICS and ICCS, they found that AP-2 and
the membrane receptor were colocalized in cells in which
the clathrin lattice was disrupted with treatments. They
propose that AP-2 binds membrane proteins prior to
associating with clathrin. Later, Boyd et al. [104] used ICS
to quantify the clustering and aggregation of AP-2 on
different ECM proteins.

Fire et al. [105] found that the degree of clustering in
coated pits was directly related to a membrane receptor’s
affinity for AP-2. This result suggests that the strength of a
receptor’s internalization signal could strongly influence
both its endocytosis rate and lateral mobility.

Sendai Virus Fusion

Rasmusson et al. [106] studied the fusion of Sendai virus
with living HEp-2 and BALB-3T3 cells. They were able to
track the fusion of the viruses by labeling the viral mem-
brane envelope with a fluorescent lipid probe. As the large,
bright virus particles bound and then fused to the cell, the
fluorescent probe diffused into the plasma membrane. This
fusion was measured using ICS, and resulted in an increase
in the CD as the lipid probe was dispersed from concen-
trated viral particles to a diffuse membrane population.
Additionally, the effect of incorporating lipophosphogly-
can (LPG), a known fusion inhibitor, in the cell membrane
was measured quantitatively with ICS.

Rocheleau and Petersen [107] used a fluorescent deriv-
ative of the virus receptor GD1a, NBD-GD1a, to study the
effect of Sendai virus addition on the aggregation state of
the receptor in living CV-1 cells. The cluster density of
NBD-GDla was monitored using ICS, and exhibited a
concentration-dependent clustering when virus was added.
Furthermore, by labeling the virus with a different emission
wavelength fluorophore, DiQ, and using ICCS, it was
possible to show that the virus particles bound to the

diffuse population of NBD-GD1a, because there was not a
significant cross-correlation between the virus particles and
receptor aggregates. Rocheleau and Petersen [108] later
fluorescently labeled both the virus protein and lipid
components with FITC and DiQ, respectively, and quan-
titatively followed their dispersion into the cell membrane
upon fusion using ICS.

Caveolin-1 and Bone Morphogenetic Protein Receptors

Bone morphogenetic proteins (BMPs) have been shown to
play key roles in a number of biological processes
including embryonic development and postnatal bone
formation [109]. Caveolae are membrane systems, often
in the form of flask-shaped invaginations, that are
involved in endocytosis and signal transduction [110].
Nohe et al. [111] used ICCS in conjunction with dual-
color antibody labeling to show that ~25% of caveolin-1,
a key protein in the formation of caveolae, is colocalized
with BMP receptors type-Ia and -II, as well as EGFR.
This was later extended to study the effect of BMP
receptor stimulation with BMP-2 on the distribution of
caveolin-1 isoforms and BMP receptors [112]. The
aggregation of BMP-type-II and -type-la receptors and
their role in activating the Smad signalling pathway, were
also studied using ICS [113].

Counting Dendritic Spines

Changes in the number density of dendritic spines on
neurons have been implicated as an indicator of synaptic
plasticity [114]. Dendritic spines in light microscopy
images of neuronal tissue are traditionally manually
counted in a time-consuming procedure. Wiseman et al.
[29] showed that ICS could yield number densities of
spines, which agreed with the manual counting method,
had a comparable precision, and could be obtained more
quickly. This advance has not yet been adopted by other
neuroscience groups probably due to the fact that it was
communicated in a technical microscopy journal which
would have a restricted readership amongst neuroscientists.

Membrane Domains

Bates et al. [115] studied the lateral diffusion of cystic
fibrosis transmembrane conductance regulator (CFTR), a
transmembrane protein, in living BHK cells using three
different techniques: TICS, FRAP, and SPT. CFTR was
labeled using streptavidin-Alexa488, -Alexa568, or -QD
fluorophores bound to an enzymatically attached biotin
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tag on an extracellular loop of the protein. Both FRAP
and TICS found that >50% of the protein is immobilized
at the cell surface. Interestingly, they found that FRAP
consistently measured a higher diffusion coefficient than
TICS measurements on the same system. SPT analysis of
the QD-labeled protein revealed that a histidine tag
mutant CFTR underwent transient confinement in the cell
membrane. Computer simulations suggested that this
transient confinement could be responsible for the dif-
ference in D measured using TICS and FRAP, since
TICS was more sensitive than FRAP to the transiently
confined population. Srivastava and Petersen [35] also
found a similar difference between TICS and FRAP
measurements of the diffusion of antibody-labeled trans-
ferrin receptors. They attributed this discrepancy to TICS
measuring the diffusion of large aggregates of receptors,
and FRAP probing the diffusion of receptor monomers,
but the computer simulations do not support this
interpretation.

In the first application of PICS, the mobility of a eYFP/
H-Ras mutant in live 3T3 cells was measured [87]. The
membrane-anchored protein was found to exist in two
populations: one which exhibited a fast, free diffusion
(0.73 £ 0.01 pmz/s), and another which diffused more
slowly (0.10 £ 0.01 umz/s), and was found to be confined
to domains less than 200 nm in size. In the future, PICS
should prove to be a useful alternative to SPT for detecting
sub-micron confinement zones.

Putative lipid rafts in biological membranes are choles-
terol enriched domains which are thought to play a role in
signal transduction [44]. As a model raft protein, Nohe et al.
[36] studied a glycosylphosphatidylinositol (GPI) lipid
tagged with GFP. They found that the GPI-GFP is distrib-
uted in two populations: a homogeneous distribution, which
moves too quickly to be measured via TICS, and a popu-
lation of larger clusters that diffuses at a rate of 6 x 10~
'2 cm?/s. They also studied the effect of cholesterol deple-
tion and temperature on the measured diffusion coefficient
and cluster density of the slower moving population.

Wang and Axelrod [116] used spatial autocorrelation
functions to examine acetylcholine receptors (AChR) on
rat myotubes. The size, periodicity, and spatial anisotropy
of the AChR clusters were measured from the correlation
function. As well, they introduced a novel method to pre-
vent long range (i.e., low spatial frequency) variations in
the image from masking short range (i.e., high spatial
frequency) fluctuations.

Hwang et al. [117] used near-field scanning optical
microscopy (NSOM) to image antibody labeled HLA-I
membrane proteins. By calculating circularly averaged
spatial autocorrelation functions from images, they were
able to measure two distinct domain sizes of protein pat-
ches. A similar approach was used to characterize model

membranes containing dipalmitoylphosphatidylcholine
(DPPC), dilauroylphosphatidylcholine (DLPC), and cho-
lesterol [118].

Fluorophore Photophysics

Bachir et al. [119] used TICS to characterize the blinking
dynamics of QD ensembles. They immobilized QDs on a
glass coverslip, and imaged them using a TIRFM and CCD
camera. They found that while temporal correlation func-
tions for single QDs were dominated by long “on” and
“off” times (on the order of 100 s), the correlation func-
tions for ensembles of dots were well-fit by a power law:

r(t) = A — Bt*. (30)

By changing the excitation laser intensity, the
underlying blinking statistics of the QDs were altered,
and these changes could be characterized by changes in the
o fitting parameter.

Durisic et al. [81] used computer simulations and QDs
in glycerol to show that TICS decays of samples containing
blinking QDs are well fit by models taking only diffusion
into account. However, the diffusion coefficient recovered
from such analyses is significantly biased to higher diffu-
sion coefficients because of the fluctuations introduced by
the fluorophore blinking fluctuations. They showed that a
kICS analysis of the same image time series measures the
QD mobility independently of photophysics. Finally, they
analyzed an image series of a QD-labeled GPI-anchored
protein, CD73, in the membrane of fibroblast cells using
both TICS and kICS and measured different diffusion
coefficients, in agreement with the computer simulations
and model system.

The kinetics of GFP photobleaching have been mea-
sured using kICS as a proof-of-principle to show that
fluorophore photophysics could easily extracted indepen-
dently of dynamics from a k-space time correlation
function [80]. Although this demonstration measured
monoexponential photobleaching, kICS could also be
applied to more complex photophysics, such as QD
blinking which is governed by a power-law distribution.

Conclusions

The progeny of ICS discussed in this review comprise a
powerful toolbox for studying the dynamics, aggregation
state, number density and interactions of membrane and
cytosolic fluorescently labeled proteins in living cells.
Importantly, they do not require custom made equipment,
and can be applied to image series acquired on com-
mercial LSMs and TIRFMs. Although we have presented
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a number of varied applications of ICS techniques, their
use is still in its infancy. With the further development of
both methodology and microscopy, the power of the
techniques and the breadth of their applications are bound
to grow.
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commentary

Principles for designing
fluorescent sensors and

reporters

Edward A Lemke & Carsten Schultz

Sensors and reporters are among the most exciting tools used in cell biology. Now, they are increasingly
used in developmental biology and medicine because they allow us to spy on events in living cells and
organisms, including humans, in real time and with high spatial resolution. Herein, we discuss multiple
design options for fluorescent sensors and reporters as well as strategies to improve their properties and

increase development.

ensors and reporters are among the

most fascinating and revealing tools

available in today’s laboratories. They
permit us to do something that must have
been considered a futuristic dream 50 years
ago: follow events inside living cells and
organisms, in real time and with spatial
resolution. Although the first fluorescent
sensors, such as voltage-dependent dyes,
were introduced in the 1970s!, the revolution
truly began when the first ratiometric
fluorescent calcium sensors®® were
combined with a method for delivering such
molecules noninvasively and irreversibly
across plasma membranes*. This provided
the first technology routinely used to study
ion homeostasis in living cells. Whereas
sensors such as the calcium indicator
Fura-2 were based on small molecules, the
discovery and implementation of genetically
encoded reporters—fluorescent proteins—
was the next major step in expanding our
repertoire of fluorescent probes®. The impact
of the latter advances was recognized with
the Nobel Prize for chemistry in 2008.

Sensors versus reporters

‘Sensor’, ‘indicator’, ‘reporter’ and

‘tracer’ are terms that are often used
interchangeably in the literature. We define
sensors and indicators as molecules that
undergo a structural change when exposed
to certain conditions, ions or molecules.
The detector unit of a sensor is coupled

to another part of the molecule and acts
almost like a display, communicating
changes through, say, an increase in
fluorescence. The structural change a
sensor undergoes is always reversible,
allowing us to follow dynamic processes

480

over time. By our definition, reporter or
tracer molecules are somewhat different;
they also have a detector unit, such as

a paramagnetic metal complex or a
fluorescent protein, but they are usually
insensitive to the external environment

and are often used to gather spatial
information. A third group of molecules

is sensitive to external changes but lacks
the reversibility of sensors. This group
consists mostly of fluorescent reporters that
react to changes in the environment but
become localization detectors immediately
after the change. Such reporters include
fluorescent substrates for enzymes that

are cleaved irreversibly and activity-based
probes (ABPs) that covalently react with an
enzyme®’. Although their lack of dynamic
readout might appear to be (and sometimes
is) a drawback, these reporters have the
advantage of producing an accumulating
signal that provides information about even
very small changes that develop over long
periods of time, and they can potentially
provide spatial resolution as well. These
molecules are commonly called memory
probes.

Making a good sensor

Apart from simple labeled proteins, it is
estimated that there are over 100 sensors and
reporters available that have been used in
living cells or animals. Of these, only a small
number have been used outside of their lab
of origin. Many genetically encoded sensors
originated from the discovery of a molecular
mechanism underlying a biological process,
such as calcium binding or GTPase activity.
Thanks to decades of fundamental biological
research, there are numerous biological

processes waiting to be adapted for sensor or
reporter design.

Bacterial and plant proteins, as well as
proteins that are common in only one cell
type, are particularly useful for building
sensors in mammalian cells because they
are less likely to show cross-reactivity.
Alternatively, isolated protein domains
that lack enzyme activity can often be
starting points for the development of
intramolecular sensors®. Fluorescence-based
sensors are typically successful if a protein
changes conformation or when molecular
assembly or disassembly occurs. In such
cases, Forster resonance energy transfer
(FRET)-based reporters, which rely on a
fluorophore pair that senses proximity and
or dipole orientation, are a common choice
(Fig. 1). For genetically encoded FRET-
based sensors, much attention has to be paid
to the position and properties of the peptide
linkers between the sensor protein and
the somewhat large fluorescent proteins’.
Often, this involves an educated guess, based
on substituting amino acids and varying
overall linker composition until a sensor
shows a useful sensitivity (a large structural
change induced between the two fluorescent
proteins) in response to the underlying
biological process. However, as the barrels
that make up the core of fluorescent proteins
never allow the chromophores to come into
truly close proximity, FRET changes are
typically small, even for the best sensors.

To overcome these limitations, a
semisynthetic approach was recently
developed using SNAP and CLIP tags to
introduce small-molecule fluorophores into
sensors for drugs or metabolites (Fig. 1)™°.
This strategy is based on genetically fusing
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an enzyme (SNAP or CLIP) to a protein A
of interest, yielding a fusion protein that Sensor
is able to label itself in the presence of a m—

suitable substrate. The result is similar to
a genetically encoded fusion protein, but
the fluorophores are synthetic, small and
photostable. As a result, FRET changes in
response to conformational changes were in
the order of 30-100% and are expected to
reach values as high as 500% in the future,
significantly higher than with the average
fluorescent proteins. In the future, a less
intrusive and more sophisticated solution
could be provided by fluorescent tags that
covalently react with small residues inside
the living cells. Examples are the FIAsH
tag that reacts with tetracysteine motifs'!
and unnatural amino acids (UAAs) that
provide bioorthogonally reactive chemistry
via cyclooctyne groups'?. UAAs can be
genetically encoded by re-engineering
the host translation system, allowing site-
specific replacement of a single natural
amino acid in a protein of choice with a
customized artificial amino acid" (such as |
a ‘clickable’ UAA; Box 1). This technology | | |
offers a straightforward route to minimize Molecular
changes to the native protein. machine Cell
When protein conformational changes
are not involved, small and nonratiometric
sensors might be considered. However,
care needs to be taken with this approach,
as nonratiometric intensity-based sensors
suffer frequently from the influences of
environmental factors, including pH and
ions. Even more problematic is the variation
in sensor copy number from one cell to
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Synthetic
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Figure 1| Example reporters and sensors with typical time resolution and application range. In small-
molecule FRET, small synthetic molecule dye pairs are used to probe ligand and or metabolite binding.
In FP-based FRET, genetically encoded FRET sensors are frequently used to measure conformational
changes induced by, for example, post-translational modifications or ligand binding. Voltage and ion
sensors report dynamic behavior by changes in emission intensities or ratiometric readouts. Shown here
is the voltage sensor ANNINE-6, which inserts into plasma membranes. Activity-based probes have
applications in vitro, in cells and within living organisms (left). Internalization of a fluorescent fragment
after cleavage of a lipidated small-molecule protease FRET reporter on cell surfaces produces a memory
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the next. Furthermore, the variability and
stability of equipment often complicates
experiments and makes comparisons
between studies almost impossible, as
there is usually no internal reference for
standardization. Nonratiometric tools are
most commonly applied if a ratiometric
sensor does not exist or if an additional
readout, such as spatial redistribution,
makes it possible to generate ratios of
intensities between two regions within the
cell™.

Small-molecule sensors, which are
widely used to detect metal ions such as
calcium and zinc, come in different varieties,
including ratiometric and nonratiometric
variants; their major advantages are
their small size and tunable biophysical
properties. Their much higher performance
has a two-fold cost: preparation of these
reagents requires organic and/or peptide
chemistry and significant purification, and
cell penetration of sensors is not always
achieved by small-chemical, enzyme-
sensitive masking groups. In general, cell
delivery is often difficult because what is
able to enter is also able to leave. Solutions

effect (right).

include the use of cell-penetrating peptides'®
and noncovalent tricks to force the
molecular tool into cells or tissue'. The issue
of cell and tissue penetration is generally one
of the most basic bottlenecks in all strategies
for the biological application of synthetic
‘spying’ tools.

Making a good reporter

The design of fluorescent substrates to
serve as reporters for enzymes is in theory
straightforward. Once a suitable enzyme
substrate has been identified, a useful FRET-
dye pair can be attached to either end of
the substrate such that a bond cleavage
(for example, elimination or hydrolysis)
results in total separation of the dye pairs
and thus, complete loss of FRET instead of
a gradual change. However, as with small-
molecule probes in general, this comes

at the cost of decreased cell penetration

as well as cell- or tissue-specificity issues.
Even more importantly, those probes need
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to be synthesized by organic chemistry
procedures, and any modification to the
reporter requires more or less sophisticated
chemistry and the ability to make fresh
batches over time. As a result, there are
currently many more genetically encoded
sensors than small-molecule reporters
available.

Toward spatial resolution of enzyme
activities

Enzyme activity is at the core of biological
function and many activities central to cell
viability. The number of reactions going on
in a single cell per unit of time is enormous.
The constant forming and breaking of
bonds thus presents an ideal environment
for studying protein function using ABPs
(Fig. 1). A particularly elegant approach

is the development of a compound that
perfectly mimics the original substrate and
acts as a suicide inhibitor. The active enzyme
consumes the artificial substrate—by
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our definition, a reporter—immediately
stalling enzyme function, thus providing
a global snapshot of cellular enzyme
activity. If a fluorescence marker is linked
to the artificial substrate, a spatial target
profile can be generated by advanced
imaging technologies. The power of this
technique can be enhanced even further if a
purification handle, which allows a scientist
to ‘fish’ for the inactivated enzymes", is also
linked to the probe. Advanced proteomics
analysis then reveals the identity of the
targets. Owing to the high sensitivity of
such approaches, even rare events and
heterogeneous populations can be resolved.
An alternative to ABP use is to directly
monitor the formation of enzyme-substrate
complexes by fluorescence lifetime imaging.
In one published example of this technique,
a tyrosine phosphatase PTP1B sensor was
able to reveal localized enzyme activity at
the endoplasmic reticulum®.

Memory reporters

The search for memory probes has been
going on for decades, and the above
mentioned ABPs could be considered

a special class of these probes. In
neurobiology, it would be very helpful to
know which cells in a neuronal network

in an intact organism have fired under a
specific set of environmental and temporal
conditions. To our knowledge, however,
there is no calcium sensor that can provide
this information in organisms. In the
future, it might be possible to use annexins
to do this, as these proteins polymerize
irreversibly after a specific intracellular

Box 1| “Click Chemistry"

calcium level is reached™. The readout
intensity will be improved when enzyme
substrates are used, owing to intrinsic
amplification and irreversibility. The
challenge in this case is to preserve the
products of the enzymatic reaction locally.
In some examples, this has been achieved
by generating an entity that can penetrate
cell membranes after cleavage of a FRET
reporter. The fluorescent fragment is then
trapped, staining the cell interior (Fig. 1)*?'.

Demand versus delivery

The need to understand molecular functions
in cells is increasing the demand for

sensors and reporters enormously. For

some common organisms, the number of
fluorescent fusion proteins used to localize
proteins of interest in cells reaches into

the thousands, although there are issues
maintaining endogenous protein levels with
these reporters. Still, there are only a few
probes available for monitoring enzyme
activities. Ideally, we would have sensitive
reporters and sensors for most biochemical
reactions happening in cells, but ten years of
hard work have clearly failed to achieve this
goal. Therefore, high-throughput approaches
need to be developed to make more probes
available. For genetically encoded sensors,
this means that most expressed sequence
tags need to be placed between a selected set
of fluorescent proteins, including circular
permutated versions with a variety of dipole
moment orientations, serving as FRET pairs.
To do this for large libraries, automated
cloning and automated microscopy are
required. The latter was recently established

An optimal biocompatible chemical reaction proceeds rapidly in water and is absolutely
specific. In order for it also to work within the context of a living cell, another prerequisite
is that that both reaction partners must be completely bioorthogonal, meaning that they
do not cross-react with any biological specimen. Very few chemical reactions fulfill these
requirements, and these are often summed up under the term ‘click chemistry’. One of the
most prominent types of biocompatible click reactions is the reaction between an ideally
strained alkyne and an azide. Both chemical groups are not naturally occurring, are fairly
inert, are nontoxic and react with each other quite rapidly. The high biocompatibility of
this type of chemistry has even enabled applications within living embryos®.

N
N
N N

Y

+
N3

X

[3+2]
Cycloaddition

X

Basic reaction for strain-promoted azide-alkyne activated click chemistry (SPAAC).

at the European Molecular Biology
Laboratory in Heidelberg, where cDNAs
bearing FRET constructs were spotted on
cover slips’. Reverse transfection of cells
growing on these spots in a multiwell format
permitted the examination of larger sensor
libraries by automated confocal microscopy
under identical conditions, thereby helping
to increase the throughput in sensor
production.

Sensors and reporters in animal
models

Application of sensors to animal models is
not just limited by the technological state

of sensor development: genetic sensors
require time-consuming knock-in strategies,
whereas faster gene-delivery strategies,

such as viral infection, are still subject to
problems with issues such as controlled
expression, infectivity and tissue specificity.
In addition, fluorescence imaging in living
animals is still a nascent field. However, two-
photon imaging® and sheet-illumination
approaches?® have the potential to overcome
many of the current challenges. Particularly
advanced sensors have already been applied
in neurobiology, where voltage-sensitive
small-molecule dyes (Fig. 1) can facilitate
visualization of action-potential firing.
Using genetically encoded sensors, we can
envision a future where we can see brains
think. Given the growing potential of
genetically encoded and neuron-specific
sensors, a time-resolved atlas of neuronal
network activity does not just seem like
fiction anymore.

Parting perspectives
Analogous to drug screening, combinatorial
approaches may also be used to screen for
small-molecule sensors. These efforts do
not face the same hurdles as screening for
genetically encoded probes but instead face
the possibility that the resulting probes lack
a targeting device for in vivo applications.
A possible solution would be to use
semisynthetic strategies that incorporate the
advantages of both approaches, which we
envision will define the future. New sensors
can be identified in chemical screens, and as
part of a pipeline process, target compounds
will be selected for membrane permeability.
Using ‘click chemistry’, selected compounds
can then be linked to a genetically encoded
‘click counterpart, assuring proper
integration into host cells and living
organisms (Box 1).

We also want to stress that the
improvement of fluorescent sensors
and reporters is necessarily linked to
technological advances in fluorescence
detection and microscopy. There are many
more exciting advances that could be
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discussed: for example, the development of
switching-based technologies®, which will
have a dramatic impact on future sensor and
reporter studies.

In the future, there will be the need
for an objective quality standard for
sensors and reporters. In many analytical
fields, general quality criteria have
been established. For instance, X-ray
crystallographers use Ry, values and
resolution as standard scales by which
to judge the quality of a model. Sensors
and reporters also have recurring
characteristics that provide information
about their utility, such as sensitivity,
signal strength and stability. What has
been less fully investigated is whether they
are sensitive to other cellular perturbations
unrelated to their intended application—a
factor that is often only taken into account
during the application of the sensor. The
process of ‘learning by doing’ is long and
winding, making it especially helpful to
establish common quality criteria for a

given variable, especially to facilitate the
application of the expected wave of new
sensors and reporters in live cells and
organisms. u
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Directed molecular evolution to design
advanced red fluorescent proteins

Fedor V Subach!2, Kiryl D Piatkevich!? & Vladislav V Verkhusha!

Fluorescent proteins have become indispensable
imaging tools for biomedical research. Continuing
progress in fluorescence imaging, however,
requires probes with additional colors and
properties optimized for emerging techniques.
Here we summarize strategies for development

of red-shifted fluorescent proteins. We discuss
possibilities for knowledge-based rational design
based on the photochemistry of fluorescent proteins
and the position of the chromophore in protein
structure. We consider advances in library design
by mutagenesis, protein expression systems and
instrumentation for high-throughput screening
that should yield improved fluorescent proteins for
advanced imaging applications.

The discovery of homologs of GFP, which emit not only
green but also yellow, orange and red fluorescence,
has provided a powerful boost for in vivo labeling!.
Similarly to GFP, these fluorescent proteins have
been developed into monomers suitable for protein
tagging: this includes conventional fluorescent pro-
teins, fluorescent proteins with a large Stokes shift of
fluorescence emission (LSS-FPs), photoactivatable
and photoswitchable fluorescent proteins (PA-FPs and
PS-FPs, respectively) and fluorescent timers?. Several
advances in the design of red-shifted—such as orange,
red, and far-red—fluorescent proteins (here generally
referred to as red fluorescent proteins (RFPs)), and
RFP-based biosensors with new spectral and photo-
chemical properties have also been achieved: reduced
autofluorescence, low light scattering and minimal
absorbance at the longer wavelengths make RFPs
superior probes for super-resolution, deep-tissue and
two-photon imaging. However, no existing RFP is per-
fect; each still has some suboptimal key characteristics
such as brightness, pH stability, photostability, matu-
ration rate, photoactivation, photoswitching contrast

or monomeric state (Supplementary Table 1). Some
RFPs undergo undesirable photochromism and photo-
conversion during imaging or complex photobehavior
during switching, and few attempts have been made to
optimize such properties as intracellular life span and
cytotoxicity. Although many RFPs have properties that
are optimal for specific applications, no single RFP
combines several of them (Supplementary Table 2).
Moreover, there is a large demand for RFPs with
improved brightness. Also, monomeric LSS-FPs and
PA-FPs are available in green and red colors only?3.
Finally, red-shifted fluorescent proteins also hold a
great potential for the engineering of biosensors, but
this has not been exploited in full as yet. Thus, we
expect that new strategies for generating enhanced
RFPs will have an impact on many fields.

Here we first describe chemical transformations of
the RFP chromophores, the understanding of which
gives the basis for a knowledge-guided design of new
red-shifted fluorescent proteins. The chemistry of
the RFP chromophores is more diverse and complex
than that of the GFP-like chromophore and thus has
substantially more potential for selection and fine-
tuning. Nonetheless, although we focus on the devel-
opment of new RFPs, the general themes we discuss
apply to fluorescent proteins of all colors. Based on in
depth analysis of the dependence of RFP properties
on amino acids surrounding the chromophore, we
describe approaches for the development of new red-
shifted fluorescent proteins with desired phenotypes.
Finally, we consider new methods to improve molecu-
lar evolution and discuss possible resulting RFPs for
emerging imaging techniques.

Rational design of fluorescent proteins
A typical process for the development of fluorescent
proteins with desired properties includes rational
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design followed by several steps of General approaches

directed molecular evolution (Fig. 1 and
Supplementary Note). Rational design
relies on knowledge about chromophore
transformations in RFPs.

Rational design
based on chromophore
chemistry and spatial
structure

Chromophore transformations. The
chemistry of RFPs is determined by the
chromophore-forming tripeptide and its
immediate environment. Although most
chemical transformations occur in the
chromophore, its amino acid microenvi-
ronment has a crucial role for catalysis.
Currently known red-shifted fluorescent
proteins have one of two major types of
red chromophores, called the DsRed-like
chromophore 5a, 6a (see Fig. 2 for chromo-
phore structure and numbering) and the
Kaede-like chromophore 14, after the first
proteins in which they had been found!2.

Two chemical mechanisms for DsRed-
like chromophore formation have been
discovered?: it is formed either through
autocatalytic post-translational modifica-

Directed evolution
to optimize biochemical
characteristics and to
enhance
spectral properties

Application
in life science

Evolution steps Methods and techniques
Computer-based analysis

Template gene
of protein structure

Knowledge-based mutagenesis
Primary clones with
required spectral

phenotype Random, cassette mutagenesis,

gene shuffling,
gene recombination,
somatic hypermutations and
viral mutagenesis
Large library of

random mutants X X
Biological components:

mammalian and bacterial cells,
yeast, bacterial and phage display and

X . in vitro compartmentalization
Clones with required

biochemical parameters
High-throughput screening:
fluorescence lifetime,
polarization and anisotropy,
whole fluorescence spectrum,
two-photon brightness and
microfluidic cytometry

Clones with required
spectral parameters

High-resolution,
deep-tissue, intravital and
conventional microscopy

Advanced variants
with optimized characteristics

Figure 1 | Steps in the directed molecular evolution of fluorescent probes. Vertical arrows indicate
the typical order of steps. Horizontal arrows represent possible transitions between the steps of
molecular evolution, which can be repeated several times in different order.

tions of a blue monomeric (m)TagBFP-like

chromophore 4 (refs. 4,5) (found in mTag-

BFP® and in the blue form of fluorescent timers’) or via induction
by irradiation with violet light®, as in the case of PAmCherry?,
PATagRFP!? and PAmKate!!. The DsRed-like chromophore can
exist in neutral 5b, 6b or anionic 5a, 6a states, which interconvert
upon pH changes and excited-state proton transfer®2. Cyclization
of the N-acylimine group in the DsRed-like chromophore results
in an mOrange-like or mKO-like 10 chromophore or a zFP538-
like 9 chromophore, exhibiting orange emission!2. Formation
of the zZFP538-like chromophore 9 is accompanied by backbone
cleavage. The photoconversion of the DsRed-like chromophore
5a, 6a into the GFP-like chromophore 12 has been demonstrated
for mKate, HcRed and DsRed using high-power irradiation!?.
The converse transition 12 to 5a, 6a, called ‘redding, was auto-
catalytic!* or induced by oxidants for several different GFPs'>.
Unlike the GFP-like chromophore, the illumination of mOrange-
like or mKO-like chromophores 10 resulted in an appearance of
far-red 11 and red 5a species, respectively!>16; the absorbance
(610 nm) and emission (650 nm) of these far-red species sug-
gested formation of new type of chromophore (Supplementary
Table 3). The far-red-shifted spectral properties of chromo-
phore 7 observed in mRouge!”, E2-Crimson!®, mNeptune!®
and TagRFP657 (ref. 20) result from the realization of hydrogen
bonding, stacking interactions and/or hydrophobic residues sur-
rounding the DsRed-like chromophore.

The Kaede-like chromophore 14 is characteristic for the red
state of green-to-red PS-FPs including Kaede, EosFP, mEos2,
mlrisFP, Dendra2, mKikGR and mClavGRs"?2!. In the green
state, these Kaede-like PS-FPs have the GFP-like chromophore 12.
The formation of the Kaede-like chromophore requires a histi-
dine residue at the first position of the chromophore-forming
tripeptide Xnn65-Tyr66-Gly67 (where Xnn is any amino acid and
numbering of amino acids follows that of GFP), limiting its pos-
sible chemical transformations.

1020 | VOL.8 NO.12 | DECEMBER 2011 | NATURE METHODS

Based on the current data on fluorescent proteins, three conclu-
sions can be formulated: (i) most chemical transitions between
chromophore structures occur autocatalytically, photochemically
(by photoinduction) or are blocked; (ii) the same chromophore
structure can be either in a fluorescent state (that absorbs and
emits) or in a chromo state (that absorbs but does not emit);
and (iii) autocatalytic versus photoinduced versus blocked states
and fluorescent versus chromo states are mainly determined by amino
acid residues in the chromophore and in its nearby environment.
Some of these conclusions can be illustrated by two RFP sub-
families, derived from mCherry and TagRFP (Fig. 2b,c). These
observations form the physicochemical basis for the development
of RFPs with new photochemical behavior.

Choosing a template. Choosing an appropriate starting template
for development of fluorescent proteins is an important step that
strongly influences the final results of the process. A list of possible
templates is made based on their spectral and biochemical proper-
ties, using as criteria both the required phenotype and the availa-
bility of three-dimensional structures. High amino acid homology
between potential precursors and already known RFPs with the
desired phenotype but having different spectral characteristics or
other suboptimal properties can be used as an additional screening
criterion. It is preferable to select templates with beneficial char-
acteristics such as high brightness, pH stability, photostability, fast
maturation and low cytotoxicity. For example, the brightness, mat-
uration and pH stability of PATagRFP and PAmCherry1 proteins
correlates with those characteristics of their precusors!?.

Knowledge-based mutagenesis. The knowledge of chromophore
chemistry and overall protein structure enables the directed
engineering of variants with required phenotypes (Table 1 and
Supplementary Table 4). As stated above, the diverse chemical
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Figure 2 | Major chemical transformations of the chromophores in red fluorescent proteins. (a-c) Transformations in fluorescent protein subfamilies
derived from red fluorescent protein (a), mCherry (b) and TagRFP (c). The colored shading of the chemical structures (a) and chromophore numbers (b,c)
correspond to the spectral range of the chromophore fluorescence emission. Gray shading denotes the nonfluorescent state; [H] denotes reduction; and
[0] denotes oxidation. The chromo states (structures 5, 10 and 13) are not necessarily caused by a cis-trans chromophore isomerization but may result
from modifications of the chromophore environment of the same isoform that decrease quantum yield. hv, photon.

transitions and spectral and photochemical properties of red-
shifted fluorescent proteins are mainly due to the interactions
between the chromophore and its immediate environment. The
main targets for rational design are therefore the amino acid resi-
dues around the chromophore.

There are currently ~80 red-shifted fluorescent proteins of
different phenotypes. An analysis of the properties of these
existing RFPs and of their chromophore’s immediate environ-
ment suggests key and supporting positions for each phenotype.
Amino-acid residues at the key positions provide a principal RFP
phenotype, whereas residues at the supporting positions tune the
RFP properties (Supplementary Note). Both key and supporting
residues are responsible for the different photoinduced or auto-
catalytic chromophore transitions, photophysical chromophore
properties and oligomeric state of REPs (Table 1, Supplementary
Table 4 and Supplementary Fig. 1). For example, an alignment
of the amino acid sequences of red-shifted PA-FPs with those of
the parental RFPs and with each other reveals positions at which
the residues were substituted. This allows us to identify positions
such as 69 and 203, minimally required for the photoactivatable-
like phenotype, as key positions (Table 1). Additional analysis
of literature on available mutants and on X-ray structures of the

related RFPs allowed us to determine ten supporting positions
responsible for this phenotype (Supplementary Table 4). We
note that there are many examples where a particular property
(for example, red color in DsRed) is a synergistic effect of the large
number of residues, including many that are remote from the
chromophore. How these positions control fluorescence proper-
ties via coupling to each other is poorly understood.

Based on suggested residues at the key (Table 1) and supporting
positions (Supplementary Table 4), the template can be subjected to
multiple site-specific mutagenesis at the chosen positions, beginning
with residues at key positions and, in subsequent rounds, targeting
supporting positions to optimize properties of fluorescent pro-
teins. The PAmCherry®, PATagRFP'?, rsTagRFP?2, mRouge!” and
mTagBFP-like® and LSS-FP-like? fluorescent proteins have different
colors and photochemical behavior, and all of them were developed
using rational mutagenesis at amino acids around the chromophore
to find a weak phenotype, followed by random mutagenesis for the
improvement of mainly brightness, maturation and photostability.
A computer-based approach using the PHOENIX protein design
software and FASTER algorithm can be used to eliminate amino
acids incompatible with the B-barrel protein fold and generate
focused small-size combinatorial libraries of RFP mutants!”.

NATURE METHODS | VOL.8 NO.12 | DECEMBER 2011 | 1021
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Table 1 | Residues responsible for RFP phenotypes and properties

Structure or

Phenotype or property transition Key positions
mTagBFP-like 4 842 1482 2032
Phe, Trp, Leu Phe, Ile Ile, Tyr, Phe
Fluorescent timer-like 4 — ba, 6a 692 842
Arg Trp
Photoactivatable-like 4 — 5a,6a 69° 2032
Asn, Ser, Lys, Gln Arg
Photoswitchable-like 5a ¢> 6a 1482 1652 1672 2032
Cys, Ala, Thr, Ser Ser, Gly, Ile Met, Gln His, Ile
Far-red shifted-like
Hydrogen bonding to N-acylimine 7a 14b 16° 440
Thr, Phe Thr, Glu, Gln, Val Gly, Gln, Glu, Ala, Cys, Met
Hydrophobic packing 7c 84°¢ 148¢ 165¢ 167¢
Phe, Leu, Trp His, Ser, Cys, Asn Met,T,C, Asn, Ser Mer, Leu, Gln
T stacking 7b 65¢ 69¢ 148¢ 203¢
Phe, Met, Gln His His, Ser, Cys, Asn Tyr, His, Arg, Thr, Ile
Large Stokes shift-like 5b, 6b <> 5a, 6a 148b 165° 167>
Asp Asp, Glu Asp, Glu, Lys
High quantum yield 70¢ 148¢ 167¢
Thr Ser, Asn Met
High photostability 642 992 165¢
His Tyr Thr, Ala, Ile
High pH stability 69P 1670
Arg Lys
Fast maturation 42°¢ 69¢ 179¢ 224¢
Gln Lys, Arg Val, Ala, Cys Ser, Ala
Monomeric state 126¢ 162¢ 166¢ 168¢
Arg Glu, Lys, Arg Asp, Lys, His Ala, Arg

aResidues at this position provide the respective phenotype in a concerted manner (residue numbering follows that for jellyfish GFP). PResidues at this position provide the respective pheno-
type independently. ‘Residues at this position provide the respective phenotype either in a concerted manner or independently.

Directed evolution of fluorescent proteins

Creation of large libraries of mutants. Once rational design has
resulted in primary clones with a required spectral phenotype,
researchers typically take advantage of directed evolution for
optimization. The first step in each round of molecular evolu-
tion is the generation of a large number (>10°) of mutant genes.
In vitro random mutagenesis, coupled with bacterial expression,
has been effectively used to develop new red-shifted fluorescent
proteins. In eukaryotic systems, different approaches must be
taken to generate large mutant libraries. A recombinant vesicu-
lar stomatitis virus was recently reported to generate randomly
mutated fluorescent proteins amenable to screening in mamma-
lian cells??. The mutation rate and the size of the library were
controlled by regulating the number of infected cells and the
number of rounds of viral replication. However, the likely pres-
ence and continuous replication of several viral genomes per cell
may hamper efficient screening of clones for specific spectral
phenotypes (Fig. 3). Gene-diversification processes, such as
somatic hypermutation and gene conversion, occur naturally in
B lymphocytes via an introduction of random point mutations in
a certain gene and through random shuffling of complex genetic
domains, respectively. These approaches have been introduced
for high-throughput screening of non-antibody proteins and
have been applied to develop RFPs?,

The main advantages of in vivo mutagenesis are expression of the
protein library in the context of intracellular networks, substantially
shorter time of sequence evolution and high diversity of mutants;
viral mutagenesis is applicable to a wide spectrum of cell types and
has advantage over somatic hypermutation and gene conversion

1022 | VOL.8 NO.12 | DECEMBER 2011 | NATURE METHODS

approaches, which are limited to B lymphocytes. Furthermore,
because these mutagenesis techniques use mammalian cells as hosts,
they should result in the selection of mutants with low cytotoxicity and
ones that are optimized for expression and stability in these cells.

Biological components of molecular evolution. New systems
for the expression of gene libraries may help to improve directed
evolution of fluorescent proteins and increase the number of bio-
chemical parameters screened. With the exception of the above
examples in eukaryotic cells, to date the molecular evolution
of fluorescent proteins is mainly carried out via expression in
Escherichia coli.

One property that could be substantially improved in new
expression systems is intracellular half-life. Currently available
fluorescent proteins typically have an intracellular half-life in
mammalian cells of about 20-30 h (ref. 25). Short-lived fluorescent
proteins variants with lifetimes of 0.5-10 h have been developed
by fusing them with ubiquitinatable peptides*>. However, fluo-
rescent proteins with an extended intracellular lifespan are still
in demand. Use of bacterial hosts other than E. coli, such as
Thermus thermophilus that grow at 70 °C (ref. 26), could allow
high-throughput screening for thermally stable fluorescent pro-
teins, but this approach has not been implemented yet (Fig. 3).
With some exceptions, a longer intracellular lifespan of pro-
teins correlates with their higher thermostability in bacteria®’
and mammalian cells, so that this approach could complement
expression in mammalian cells as a way to screen for variants with
longer half-lives and those that are more suitable for long-term
monitoring of proteins in vivo.
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Figure 3 | Methods that could improve a Viral mutagenesis b
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for fluorescent protein stability under different environmental conditions or for fluorescent protein-based biosensors. In vitro compartmentalization (e)
of bacteria in water-oil-water or water-agarose-water droplets should enable screening for fluorescent protein-based biosensors.

Phage, bacterial and yeast surface display of a fluorescent pro-
tein library offers a spectrum of screening conditions (proteases,
temperature and denaturants) for higher stability of the displayed
protein?®, In particular, surface display of fluorescent proteins
could provide an important future tool for screening of biosen-
sors. Surface display of biosensor variant libraries would enable
screening for interactions with potential ligands, substrates or
metabolites. Surface displays of large proteins are well developed
in yeast eukaryotic cells?’, but typical library sizes are limited to
about 10° clones. Bacterial surface display is not well established
for large proteins and requires improvement®’. The Bacillus subtilis
endospore system (proteins are targeted to the endospore surface)
may be promising in this regard because the expressed proteins do
not need to cross a cytoplasmic membrane, but the low transforma-
tion efficiency of B. subtilis is a substantial limitation. An approach
that could in the future complement bacterial display for RFP-
biosensor screening is in vivo compartmentalization3!, based on
compartmentalization of bacterial cells secreting RFP constructs in
water-in-oil emulsions. But problems with ensuring the presence
of single constructs per ‘cell, with limiting the number of empty
‘cells’ and with preventing exchange of small molecules between
compartments limit this approach and will need to be solved.

Instrumentation for high-throughput screening. The major
high-throughput screening approach for evolution of fluores-
cent proteins is sorting of bacterial libraries using a fluorescence-
activated cell sorter. However, it is limited by the available
excitation sources®? and to the detection of essentially three
parameters: (i) wavelength of fluorescence emission, (ii) fluores-
cence intensity and (iii) intensity of light-scattering at two angles.
The substantial improvements of the optical detection modes and
fluidics formats discussed below have been implemented in proof-
of-principle experiments, but these achievements have not been
applied for RFP screening yet.

Fluorescence-activated cell sorter optical components can be
developed by introducing new types of excitation and detection
formats (Fig. 4). Recording the whole fluorescence spectrum??

during fluorescence-activated cell sorting (FACS) may enable effi-
cient screening for far-red- and near-infrared-shifted fluorescent
proteins. Detection of polarization or anisotropy would enable
screening for monomeric RFPs lacking fluorescence resonance
energy transfer (FRET) between similar chromophores (homo-
FRET). Incorporating sequential irradiation with several syn-
chronized lasers will make it possible to sort for high-speed
photoswitching PA-FPs for photoactivated localization micros-
copy (PALM) of live cells.

FACS with fluorescence lifetime detection®* will permit addi-
tional improvement of FRET pairs of fluorescent proteins. It will
accelerate the development of RFPs with distinctive lifetimes, which
would provide new possibilities for imaging proteins in vivo, using
a single excitation source and emission channel®®. The fluorescence
lifetime is proportional to quantum yield, and fluorescence lifetime
measurements are independent of changes in probe concentration,
excitation intensity and other factors that limit intensity-based
measurements>. Thus we believe that fluorescence lifetime screen-
ing either in a low-throughput format®, or using FACS**, holds
great promise for the improvement of RFP brightness.

Finally, coupling a two-photon laser with a fluorescence-
activated cell sorter®” provides a way to develop a new class of RFPs
with greater two-photon excitation efficiency. Current RFPs have
suboptimal two-photon brightness and photostability®, which are
important properties for intravital imaging in animals.

Developments in the fluidics components of fluorescence-
activated cell sorters could provide advanced platforms for
screening of molecular fluorescent biosensors that include
(i) rapid switching between buffers with distinctive properties or
concentrations of substances to be ‘sensed’, (ii) automatic sam-
pling from multiwell plates pretreated with such substances
and (iii) use of biphasic unmixable suspensions of one liquid in
another, such as aqueous drops in a nonpolar carrier for bead-
based in vitro transcription-translation systems. Several recent
approaches such as those using microfluidic cytometers®® and a
combination of imaging scanning cytometers?® with cell-isolation
technologies?! could provide additional options for screening.
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Figure 4 | Possible FACS-based screening approaches for red-shifted
fluorescent proteins. The respective red fluorescent proteins expected to
result from each method are listed on the right. The schematic depicts
cells or other hosts expressing fluorescent proteins being mixed with
ligand, substrate or metabolite with different delays before fluorescence
screening. A standard one-photon laser excites flowing cells, and the
resultant fluorescent signal is dispersed with a diffraction grating
(triangle) and projected onto an array detector (rectangle) for recording
of a complete emission spectrum. A two-photon laser excites the cells
with two low-energy photons (hv,) and the resulting fluorescence
emission (hv,) is detected. Linearly polarized laser excitation and the
emitted fluorescence signals have different degrees of polarization
depending on the size of fluorescent molecules and FRET efficiency
between them. Cylinders denote fluorescent proteins in monomeric and
dimeric states. Modulated excitation (yellow sinusoid) results in a phase
shift, Ag, between the fluorescence emission (red) and side-scattered
excitation light (SSC; yellow), which is used to compute the average
fluorescence lifetime of fluorescent proteins in a cell.

Compared to FACS, these techniques are slower, but they pro-
vide longer time periods for cell detection and manipulations
such as buffer exchange.

Installing cell lysis*> and PCR microfluidic chips*? at the output of
fluorescence-activated cell sorters or microfluidic cytometers could
accelerate re-cloning of fluorescent protein genes from eukaryotic,
viral and phage expression systems into bacterial systems, for high-
throughput screening gene sequencing and protein production.
Growing of cells in microdroplets* would increase screening sen-
sitivity, particularly for surface displays with a limited number of
molecules of fluorescent proteins on the cell surface.

Advanced probes for emerging imaging approaches
Approaches such as super-resolution microscopy including stim-
ulated emission depletion (STED) microscopy and PALM, deep-
tissue imaging, intravital microscopy and two-photon microscopy
demand fluorescent proteins with particular properties.
Commercial super-resolution STED microscopy requires far-red
fluorescent proteins excitable with red lasers, such as 633 nm HeNe
and 635-640 nm laser diodes'®?0. Similarly, far-red or near-infrared
fluorescent proteins are necessary for deep-tissue and whole-
animal imaging, as oxy-hemoglobin, deoxy-hemoglobin and
melanin do not absorb light at these wavelengths (650-900 nm),
and light scattering from cellular components is decreased as
well. To date the most far-red shifted fluorescent proteins, such
as E2-Crimson'®, mNeptune!® and TagRFP657 (ref. 20), have in
common a DsRed-like chromophore, and have excitation and
emission maxima limited to about 610 nm and 650 nm, respec-
tively. The ‘cost’ of the far-red shift of the DsRed-like chromophore
is a substantial drop in its quantum yield. Furthermore, quantum
yield also decreases with the increasing Stokes shift of emission.
As there is a correlation between the absorbance and emission
wavelengths and the number of the conjugated double bonds
(Supplementary Table 3), one possible way to develop far-red
fluorescent proteins could be to design a chromophore with
more double bonds than in the DsRed-like chromophore. The
Kaede-like chromophore 14 is a good candidate; it has more
double bonds than DsRed-like chromophore 5a, 6a and a far-
red shoulder at 627 nm. Kaede-like far-red fluorescent proteins
could be developed by causing the light-inducible transition from
structure 12 to 14 to proceed autocatalytically. Another approach
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may be to exploit the fact that the mOrange-like chromophore 10
undergoes photoconversion to far-red species 11. Thus, far-red
fluorescent proteins could be developed by causing the transition
from structure 10 to 11 to occur autocatalytically, with no light.
A third approach may exploit hydrogen bonding, stacking and
hydrophobic interactions around the DsRed-like chromophore
to obtain a far-red-shifted chromophore 7a,b,c.

STED microscopy is typically limited to fixed cells because
of the extremely high light intensity (10 MW cm~2)—which is
harmful to live cells—required for the depletion of the excited
state of fluorescent proteins*>. However, a STED microscopy
modification, called reversible saturable optical transitions
(RESOLFT), can be applied for live cell super-resolution micro-
scopy. RESOLFT uses RS-FPs, which typically require relatively
low photoswitching intensity of 1-10 W cm™2, but scanning is
typically performed several tens of times. Presently available
RS-FPs have low photostability, which does not allow their use
for many switching cycles of RESOLFT. RS-FPs with substantially
higher photostability need to be engineered. RS-FPs with pho-
toswitchable absorbance spectra could be also used as accep-
tors in photochromic FRET approaches??. This should facilitate
detection of protein-protein interactions, provide internal con-
trols for FRET and could enable the determination of the distance
between interacting protein pairs.

Finally, multicolor localization microscopy of single molecules,
such as PALM and its variants, requires PA-FPs of different colors*®.
Currently, monomeric PA-FPs are limited to green and red 10464,
Analysis of chemical transformations of the RFP chromophores
provides putative rational strategies to develop orange and far-red
PA-FPs photoactivatable with violet light, for instance via making
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light-inducible the autocatalytic steps from structure 4 to 10 and
from structure 4 to 7a,b,c (Fig. 2). PA-FPs with photoactivation
bands in the near-UV or green wavelength ranges could expand the
palette of single-molecule super-resolution approaches even further!®.
For example, a blue PA-FP, photoactivatable with near-UV light
and excitable with violet light, could be engineered by blocking the
photoinducible transition from structure 4 to 5a,b (Fig. 2).

PALM with PA-FPs is limited to a localization precision of
15-20 nm? that allows for estimation of co-localization of two
proteins but makes it difficult to determine whether the proteins
physically interact with each other. Combining FRET with two-
color PALM could solve this problem, but it is difficult because
simultaneous photoactivation of the PA-FP donor and PA-FP
acceptor in the interacting protein pair is highly unlikely. However,
an acceptor PA-FP photoactivatable via FRET from a conven-
tional fluorescent protein donor could allow super-resolution
imaging of protein-protein interactions. A PA-FP acceptor with
the photoactivation band in a green-orange wavelength range
would be required for this purpose. Such PA-FPs could be also
useful for intravital photoactivation experiments because green-
orange light is substantially less phototoxic than violet>’.

Multicolor fluorescence imaging using a single excitation
wavelength could be possible with LSS-FPs of different emission
wavelengths. The excitation of such LSS-FPs with the same
one-photon laser would permit researchers to image several
probes simultaneously. Determination of chromophore environ-
ments in green and red LSS-FPs? resulted in the elucidation of
several excited-state proton transfer pathways that cause the
LSS emission. Engineering of these pathways into existing con-
ventional RFPs could yield LSS probes with orange and far-red
fluorescence. Moreover, multicolor LSS-FPs with close excitation
maxima could be applied for intravital imaging using two-photon
excitation with a single wavelength of the two-photon laser.

Conclusions

Despite the availability of increasingly sophisticated rational
design software, it is unlikely that the structure-based
approaches alone will be sufficient to solve all future demands
for engineering of fluorescent proteins. Analysis of chromo-
phore transformation mechanisms suggests that fluorescent
probes with novel features can be designed based on exist-
ing monomeric fluorescent proteins, using a combination of
rational engineering and high-throughput screening tech-
niques. Improvements both in the biological and instrumental
components of directed molecular evolution should increase
the palette of red-shifted fluorescent proteins with advanced
biochemical and photochemical properties. Advanced fluo-
rescent proteins will not only solve some of the limitations
of current microscopy methods but will in turn stimulate the
development of novel fluorescence-detection technologies,
in vivo imaging approaches and image-processing techniques.

Note: Supplementary information is available on the Nature Methods website.
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ABSTRACT

This unit describes the method of following phosphoinositide dynamics in live cells.
Inositol phospholipids have emerged as universal signaling molecules present in virtually
every membrane of eukaryotic cells. Phosphoinositides are present in only tiny amounts
as compared to structural lipids, but they are metabolically very active as they are
produced and degraded by the numerous inositide kinase and phosphatase enzymes.
Phosphoinositides control the membrane recruitment and activity of many membrane
protein signaling complexes in specific membrane compartments, and they have been
implicated in the regulation of a variety of signaling and trafficking pathways. It has been
a challenge to develop methods that allow detection of phosphoinositides at the single-
cell level. The only available technique in live cell applications is based on the use of
the same protein domains selected by evolution to recognize cellular phosphoinositides.
Some of these isolated protein modules, when fused to fluorescent proteins, can follow
dynamic changes in phosphoinositides. While this technique can provide information on
phosphoinositide dynamics in live cells with subcellular localization, and it has rapidly
gained popularity, it also has several limitations that must be taken into account when
interpreting the data. This unit summarizes the design and practical use of these constructs
and also reviews important considerations for interpretation of the data obtained by this
technique. Curr. Protoc. Cell Biol. 42:24.4.1-24.4.27. © 2009 by John Wiley & Sons,
Inc.

Keywords: phosphoinositide ¢ FRET e live-cell imaging e green fluorescent proteins e
pleckstrin homology domain e fluorescence microscopy

INTRODUCTION

The first established role of phosphoinositides was recognized in the mid-80s as pre-
cursors for two important second messengers, the calcium mobilizing inositol 1,4,5-
trisphosphate and the protein kinase C activator diacylglycerol (Berridge and Irvine,
1984). However, starting with the discovery of PI 3-kinases (Whitman et al., 1988), sev-
eral new inositol lipid isomers have been identified and a much broader role of these lipids
as organizers of membrane-associated signaling complexes were uncovered (Di Paolo
and De Camilli, 2006). The highly compartmentalized nature of inositol lipid signaling
processes demanded new methods that allow detection of the presence of the various
inositide isomers with subcellular resolution. The idea of how this can be achieved was
born out from discoveries that identified protein modules capable of inositol lipid recog-
nition with reasonable specificity in proteins that are regulated by phosphoinositides
(Lemmon et al., 1997).

Visualization of phosphoinositide changes in single living cells was then based on the
premise that protein modules that possess high enough affinity and specificity to bind
the inositide headgroup of specific phosphoinositides can find the lipids within the cell
and visualize it when expressed in the form of a green fluorescent protein (GFP) fusion
protein (Balla et al., 2000). As simple as it sounds, the short history of this method has
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already raised several important technical and theoretical questions that one needs to
be aware of when attempting to use these methods. The protocols in this unit provide
some practical guidance to users who are not experienced with live cell microscopy. Also
included are sections that deal with theoretical considerations and interpretational issues
highly relevant to these measurements (see Commentary). The protocols will not detail
common laboratory practices but try to concentrate on aspects that are unique to these
applications. The technical comments are intended for less experienced users and not
intended for experts of this research field.

STRATEGIC PLANNING

Selecting Fusion Proteins for Detection of Selected Inositol Lipids

Table 24.4.1 summarizes protein domains that have been used for imaging purposes.
Some of these are better established, while a consensus has yet to be reached for others.
These protein domains are widely available and also can be easily duplicated. This section
discusses the most important issues related to the individual lipid species for which the
authors have accumulated experience.

PtdIns(4,5)P,

Almost all imaging work for this lipid has used the pleckstrin homology (PH) domain
of PLCS; (PLC&;PH-GFP) construct developed independently in the Meyer laboratory
and in the authors’ laboratory (see references in Table 24.4.1). This construct expresses
very well and decorates the plasma membrane and some vesicular structures but no
other organelles. This has raised the question of whether PtdIns(4,5)P, is only present in
detectable amounts in the plasma membrane, or is the probe biased against the plasma
membrane pool of the lipid. Few reliable works have compared PLC;PH-GFP distri-
bution with staining with PtdIns(4,5)P, antibodies, and some have found the lipid in the
Golgi with antibody staining but not with PLC$;PH-GFP (Matsuda et al., 2001), while
others have seen no discrepancy and no Golgi staining with PtdIns(4,5)P; antibody either
(Hammond et al., 2006). Also, EM studies showed some PtdIns(4,5)P; in the Golgi using
GST-fused PLC6;PH-GFP post fixation (Watt et al., 2002). These data demonstrate one
of the possible limitations of this method, namely, that not all pools of the lipids might
be equally seen by the domain and this will be even more apparent when imaging other
inositol lipid forms (see below).

In spite of this lingering question, the plasma membrane pool of PtdIns(4,5)P, can be
monitored by PLC&;PH-GFP. This probe reports changes in this lipid either following
phospholipase C (PLC) activation or after degradation by a phosphoinositide-sensitive
5-phosphatase (Stauffer et al., 1998; Varnai and Balla, 1998; Vérnai et al., 2006). How-
ever, there is another question that complicates what these changes mean when following
PLC-mediated hydrolysis of these lipids. Since PLC31PH-GFP recognizes the phospho-
rylated inositol headgroup within the lipid, the corresponding soluble inositol phosphate
[in this case, Ins(1,4,5)P3] can compete with the membrane PtdIns(4,5)P, for binding the
PH-domain GFP fusion protein. Because of this competing effect, some research
groups treat the changes in PLC$;PH-GFP membrane localization as a faithful index
of InsP3 elevations rather than lipid changes within the cell (Nash et al., 2001).
A recent detailed review of the authors’ opinion on this topic is available (Varnai
and Balla, 2006). The bottom line is that inositol phosphates can compete with
lipid binding of the PH-domain constructs and their effects on changing localization
could be quite significant under certain conditions and cannot be ignored. At the
same time, it would be just as misleading to treat the PLCPH-GFP translocation
response as an index of InsP; change, and differences between the two have been
recently demonstrated by simultaneous measurements of InsP; and PLCé;PH-GFP
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Table 24.4.1 Phosphoinositide Binding Modules in Use for Imaging Purposes in Live Cells

Lipid protein domain

In vitro reference

Live cell localization

Reference

PtdIns(4,5)P,
PLC6,-PH

Tubby domain

PtdIns(3,4,5)P;
GRP1-PH

ARNO-PH
Cytohesin-1-PH

Btk-PH

Lemmon et al., 1995

Santagata et al., 2001

Klarlund et al., 1997,
Rameh et al., 1997a

Klarlund et al., 2000
Klarlund et al., 2000

Salim et al., 1996;
Rameh et al., 1997a

PtdIns(3,4,5)P; /PtdIns(3,4)P,

Akt-PH

PDK1
CRAC

PtdIns(3,4)P,
TAPP1-PH
PtdIns(3,5)P,
Ent3p-ENTH*
Svplp*

PtdIns3P

FYVE (Hrs, EEA1)

(Vps27)
P40phox-PX

PtdIns4P
OSH2-2xPH?

OSBP-PH

FAPP1-PH

PtdIns5P
3xPHD (ING2)

Franke et al., 1997

Komander et al., 2004
Huang et al., 2003

Dowler et al., 2000

Friant et al., 2003
Dove et al., 2004

Burd and Emr, 1998;
Simonsen et al., 1998

Ellson et al., 2001;
Kanai et al., 2001

Yu et al., 2004

Levine and Munro, 1998

Dowler et al., 2000

Dowler et al., 2000

Gozani et al., 2003

Plasma membrane

Plasma membrane plus
cleavage furrow

Plasma membrane

Plasma membrane

Plasma membrane

Plasma membrane

Plasma membrane
Plasma membrane

Dictyostelium plasma
membrane

Plasma membrane

Yeast pre-vacuole

Yeast vacuole

Early endosome

Yeast vacuole

Early endosome

Plasma membrane

Golgi plus plasma
membrane

Golgi plus plasma

membrane

Nucleus plus plasma
membrane

Stauffer et al., 1998;
Varnai and Balla, 1998

Santagata et al., 2001;
Field et al., 2005

Venkateswarlu et al., 1998a;
Klarlund et al., 2000

Venkateswarlu et al., 1998b

Nagel et al., 1998;
Venkateswarlu et al., 1999

Varnai et al., 1999

Watton and Downward, 1999;
Servant et al., 2000

Komander et al., 2004

Dormann et al., 2002

Kimber et al., 2002

Friant et al., 2003
Dove et al., 2004

Gillooly et al., 2000

Burd and Emr, 1998
Ellson et al., 2001

Roy and Levine, 2004;
Yu et al., 2004;
Balla et al., 2007

Levine and Munro, 1998,
2002;
Balla et al., 2005

Munro, 2002;
Godi et al., 2004;
Levine and Balla, 2005

Gozani et al., 2003;
Pendaries et al., 2006

9The usefulness of these domains for imaging purposes is questionable (see Michell et al., 2005).

bThe OSH2-PH shows little discrimination between PtdIns4P and PtdIns(4,5)P; based on in vitro binding (Yu et al., 2004) and it is still
uncertain whether it actually reports on both of these molecules in some proportions.
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translocation (Matsu-ura et al., 2006). Another PtdIns(4,5)P; binding module called the
Tubby domain was described from the Tubby protein (Santagata et al., 2001; Field et al.,
2005; Yaradanakul and Hilgemann, 2007). Two recent studies using a full-length Tubby
protein (Nelson et al., 2008) or a mutant form of the Tubby domain have shown that
these domains are less sensitive to InsP3 changes than the PLC§PH-GFP (Nelson et al.,
2008; Quinn et al., 2008).

The third complication to remember when using these methods is the inhibitory effect
of the expressed domain on cellular responses regulated by the inositol lipids. Bind-
ing of the PH (or other) domain-GFP reporters to phosphoinositides should inhibit the
lipid-mediated cellular process since it competes with the lipid binding of endogenous
effectors. High expression of the PLC$; PH-GFP causes morphological changes that in-
clude rounding of the cells, loss of attachment, and development of intracellular vesicles
(Fig. 24.4.1). These “toxic” effects are due to the inhibition by the construct of the
connections between the cytoskeleton and the plasma membrane (Raucher et al., 2000).
This problem can be minimized by choosing cells that express low levels of the protein
and using a sensitive microscope that can resolve the weak signals that such cells will
possess (Fig. 24.4.1A).

PtdIns4P

Several PH domains have been used to detect PtdIns4P in living cells. The two most
popular ones are the PH domains of the oxysterol binding protein (OSBP) and four-
phosphate-adaptor protein (FAPP1) that were first identified as specific binders to
PtdIns4P by fat blots (Dowler et al., 2000). Based on lipid vesicle-binding assays,
these domains not only bind PtdIns4P but also PtdIns(4,5)P; (Levine and Munro, 1998;
Roy and Levine, 2004; Yu et al., 2004). These PH domains, as well as their close relative
found in the ceramide transfer (CERT) protein, were indeed localized to the Golgi pool
of PtdIns4P both in yeast and in mammalian cells (Levine and Munro, 2002), but not to
the plasma membrane, where PtdIns(4,5)P, is abundant. These data suggest that within
the cells these PH domains do not recognize PtdIns(4,5)P; efficiently. Moreover, it was
also found that both the OSBP- and FAPP1-PH domains require active (GTP-bound)
Arf1 for Golgi localization, and their Golgi targeting requires binding to both PtdIns4P
and Arf1-GTP (Levine and Munro, 2002). Neither interaction alone is sufficient for ef-
ficient membrane recruitment. This also means that brefeldin A treatment that prevents
the formation of Arf1-GTP in the Golgi causes release of these PH domains from these
locations. The limited lipid-binding specificity and the need for additional protein inter-
action for membrane targeting make these probes less than optimal for lipid imaging in
live cells. However, because of the lack of better probes, they have been used in many
laboratories including the authors (see Table 24.4.1 for references).

Two additional PH domains, namely those of OSH1 and OSH2 (oxysterol binding pro-
tein homologs of S. cerevisiae) were found to show cellular localization consistent with
binding to PtdIns4P in yeast (Roy and Levine, 2004; Yu et al., 2004). Remarkably, the
OSH2-PH (used in tandem to increase its apparent affinity) showed both the plasma
membrane and the Golgi pool of PtdIns4P in yeast, while the OSH1-PH domain only
detected the pool in the Golgi (Roy and Levine, 2004; Yu et al., 2004). This spatial
discrimination was the more surprising as these PH domains showed very little discrim-
ination between PtdIns4P and several other inositides including PtdIns(4,5)P; in various
in vitro lipid-binding assays (Yu et al., 2004). Studies in the authors’ laboratory on mam-
malian cells with these two PH domains yielded somewhat different results: while the
OSHI1-PH is found as a very good marker for PtdIns4P in the Golgi (as it was in the
yeast), the OSH2-2xPH (or the single PH domain) construct only localizes to the plasma
membrane but does not show Golgi localization (Fig. 24.4.2C). In spite of its very limited
in vitro lipid-binding specificity, the OSH2-2xPH appears to be biased towards PtdIns4P
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Figure 24.4.1 Cellular localization of the PLC&;PH-GFP. (A) Clusters of HEK293 cells transfected for 24 hr,
and expressing the domain at various levels. Note the vesicular structures in the cell (arrow) that expresses
a high level of the fusion protein. This is an example of toxic effects of the protein. Also note that with these
illumination settings (panel a), cells 1 and 2 are not even visible, yet these are the cells that should be chosen
for analysis as shown by higher illumination, which saturates the signal in other cells (b and c). (B) Confocal
images of a COS-7 cell transfected with PLC&;PH-GFP for 24 hr and analyzed by z-sectioning. Panel a shows
an image taken close to the bottom of the cell where it attaches to the coverslip. Note that there is no sharp
outline of the cell and the signal covers the whole area of the cell. In panel b, the picture is taken at a z-plane
higher up in the cell and again, there is no clear outline of the plasma membrane. Compare it with HEK293
cells that are not as flat and show a clear image of the plasma membrane (A). The side views of this COS-7
cell at the cross-sections (top and right side) show a better image of plasma membrane localization and the
shape of the cell.

over PtdIns(4,5)P, in the plasma membrane, based on the resistance of its membrane
localization to phosphoinositide 5-phosphatases that eliminate PtdIns(4,5)P;, (Balla et al.,
2008). The extent of this discrimination as well as the mechanism underlying its inter-
action with other proteins that would restrict access to PtdIns(4,5)P, but not PtdIns4P;
however, requires further investigation.

It is clear that only specific pools of PtdIns4P can be monitored with these domains
and there is not a single domain identified as yet that would detect all PtdIns4P pools
within a cell. A domain that recognizes the PtdIns4P produced by type-II PI 4-kinases on
endosomes has not been found. Even within the Golgi, PtdIns4P is produced by different
PI 4-kinases (De Matteis et al., 2005), and it is possible that the different PH domains do
not detect these pools equally. Moreover, there is an effect of the overexpression of the
domains on the Golgi itself. For example, the FAPP1-PH localizes primarily in the trans-
side of the Golgi (Godi et al., 2004), but its localization between the cis- and trans- side

depends on the expression level (Weixel et al., 2005). In COS-7 cells, an increased level Lipids

24.4.5
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A COS-7 cells
FAPP1-PH-GFP OSBP-PH-GFP OSH1-PH-GFP OSH2-2xPH-GFP
B  HEK293 cells C COS-7 cells
OSH1-PH-GFP OSBP-PH-GFP
OSH2-PH-GFP FAPP1-PH-GFP

Figure 24.4.2 Localization of the various domains used for imaging PtdIns4P in COS-7 and HEK293 cells.
(A) COS-7 cells transfected with the indicated domains for 24 hr. Note the sharp contrast and prominent
recruitment of the FAPP1-PH domain and the higher nuclear staining of the OSBP-PH domain. The yeast
OSH1-PH-GFP also shows the Golgi but is also localized to a small extent to the plasma membrane (better
seen in B). The OSH2-2xPH-GFP prominently labels the plasma membrane but does not show Golgi lo-
calization. For this picture cells were selected that are not so flat, to demonstrate better plasma membrane
localization. (B) Localization of the OSH1-PH-GFP and OSH2-PH-GFP constructs in HEK293 cells. Note the
Golgi and moderate plasma membrane localization of the OSH1-PH and the lack of Golgi localization and high
nuclear signal with the OSH2-PH domain. The nuclear localization is less prominent with the OSH2-2xPH-GFP
construct. (C) Examples for interference of the domains with cellular functions. Both the OSBP- and FAPP1-PH
domains cause tubulation of the Golgi. Remarkably, this always occurs at moderate levels of expression and
never at high expression levels and only in a fraction of cells. This indicates that this effect is conditional and
requires a certain functional state of the Golgi. At high expression levels, the two constructs have very different
effects: the OSBP-PH breaks the Golgi into small vesicles that eventually cover the whole cytoplasm. These
are completely resistant to brefeldin A, a treatment that rapidly eliminates the Golgi localization of the construct
indicating the Arf1-GTP requirement of the localization (not shown). In contrast, the FAPP1-PH domain shows
no Golgi localization at high expression levels and instead produces large vacuoles in the cell with FAPP1-PH
domain attached to their limiting membranes.
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of expression of FAPP1 and OSBP causes distinct morphological changes (Fig. 24.4.2B)
suggesting that they interact with distinct proteins (in addition to PtdIns4P and Arfl)
and indicating that even though they may appear in the same Golgi compartment at low
expression levels, they still detect functionally distinct pools of the lipids. These are all
important signs to indicate that not all PtdIns4P are created equal and cannot simply be
imaged by a single probe.

PtdIns(3,4,5)P;

There are a large number of studies imaging PtdIns(3,4,5)P3 dynamics due to the high
interest in phosphatidylinositol (PI) 3-kinase signaling and its role in polarized cell
movements such as chemotaxis. In Dictyostelium, a widely used model for polarization
migration, the PH domain of the CRAC protein (cytosolic regulator of adenyl cyclase,
not to be mistaken with calcium release activated channels, as the same acronym is often
used in mammalian cells) has been a very good reporter of PtdIns(3,4,5)P3 distribution
(Dormann et al., 2002; Huang et al., 2003). In mammalian cells, the Akt-PH domain has
served best for following polarized PtdIns(3.4,5)P3 production (Servant et al., 2000), even
though this PH domain also recognizes PtdIns(3,4)P,. The Btk-PH domain that is more
specific for PtdIns(3,4,5)P3 and detects lipid increases after PDGF or insulin stimulation
in the plasma membrane (Varnai et al., 1999) has not seen similar popularity presumably
because it does not show this polarization so effectively. This already suggests that in
addition to PtdIns(3,4,5)Ps, protein-protein interactions probably also play a role in the
effective recruitment of these PH domains to the plasma membrane. Because of its good
in vitro specificity, the Grp1-PH domain (or its close relative, ARNO-PH) is considered
to be the most specific probe to detect PtdIns(3,4,5)P3. However, the authors’ experiences
have not been positive with this construct. In many cells it shows a relatively poor re-
sponse, e.g., by showing high nuclear localization [independent of PtdIns(3,4,5)P3] and
membrane recruitment is largely dependent on active (GTP-bound) Arf6 (Cohen et al.,
2007). Because membrane recruitment is largely dependent on active Arf6, the Grp-PH is
also relatively toxic to the cells and inhibits several Arf6-dependent functions including
attachment and spreading of cells (Varnai et al., 2005). A recent study compared several
PtdIns(3,4,5)P5-binding PH domains for their in vitro binding specificity and cellular lo-
calization response (Manna et al., 2007). This study found strikingly different membrane
recruitment kinetics between the various domains in PDGF-stimulated NIH3T3 cells also
suggesting that in addition to inositide lipid binding, membrane penetration and possibly
protein-protein interactions have a role in membrane association of the domains. Based
on all of the measurements presented, the Btk-PH appeared to be the best probe for the
detection of PtdIns(3,4,5)P3 in intact cells.

PtdIns3P

PtdIns3P was one of the first inositol lipids for which a recognition domain other than
a PH domain was found. No PH domain that recognizes PtdIns3P specifically has been
reported to date. It was the FYVE domain (the acronym originates from the first four
proteins in which the domain was described: Fablp, YOTB, Vaclp, and EEA1) that was
found to be responsible for PtdIns3P recognition and shown to recognize this lipid in
its isolated form fused to GFP (Burd and Emr, 1998). Since the strictly defined FYVE
domain will recognize PtdIns3P very specifically in vitro, but poorly localizes without
some adjacent residues that help its dimerization (and partially may also bind Rab5),
the most widely used construct from the Stenmark laboratory is based on a tandem
FYVE domain of the Hrs protein (Gillooly et al., 2000). The construct the authors
have made from the EEA1 (early endosome-associated antigen) FYVE domain is the
slightly longer version (Hunyady et al., 2002). Both of these constructs decorate an early
endosomal compartment and will fall off from the vesicles upon inhibition of PI 3-kinases
consistent with the view that the Class III PI 3-kinase (the mammalian Vps34p homolog)
constitutively generates PtdIns3P on early endosomes.
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The other domain that recognizes PtdIns3P is the PX domain of several proteins, but
most prominently that of p40phox (Kanai et al., 2001). Expression of this PX domain as
a GFP fusion protein also labels the early endosomes. However, in contrast to the FYVE
domains, this construct leads to the accumulation of very brightly stained aggregated
vesicles in many cells that express higher amounts of the protein. Moreover, these bright
vesicles do not lose their signal after addition of PI 3-kinase inhibitors (while the solitary
vesicles labeled in cells with low expression do), suggesting that the PX domain is part
of a more stable protein complex that cannot disassemble and is probably responsible
for the aggregation of vesicles. This again is an indication of protein-protein interactions
that clearly differ between the FYVE and PX domains and a good example of why cells
with low expression levels should be used in these studies.

PtdIns(3,4)P,, PtdIns(3,5)P,, and PtdIns5P

The authors have not had much experience with visualizing any of these lipids; therefore,
a summary of what is known in the literature is presented. The only PH domains that
showed in vitro specificity to binding PtdIns(3,4)P, were those of the TAPP1 and TAPP2
proteins (Dowler et al., 2000). The crystal structure of the TAPP1 PH domain clearly
revealed the structural features responsible for this specificity (Thomas et al., 2001). The
GFP-tagged TAPP1 PH domain has been shown to detect the lipid in live cells in the
plasma membrane under conditions where PtdIns(3,4)P;, but not PtdIns(3,4,5)P3, was
elevated (Kimber et al., 2002). In addition, a GST-fused TAPP1 PH domain labeled the
membrane of internal vesicles and the multivesicular body in fixed cells processed for EM
analysis (Watt et al., 2004). Moreover, this domain does not show membrane association
when only PtdIns(3,4,5)P; is elevated, indicating that it can discriminate between these
two otherwise closely related lipid products within the cell. Other studies also found
this domain useful in detecting the formation of PtdIns(3,4)P, in phagocytic cups in
macrophages (Horan et al., 2007). The PX domain of p47phox has also been claimed as
a PtdIns(3,4)P;-recognizing module (Zhan et al., 2002) and used to detect the lipid as a
GFP fusion protein (Stahelin et al., 2003). However, in the authors’ hands the p47phox
PX domain-GFP chimera does not show any indication of binding to membranes in a
lipid-dependent manner (T. Balla and P. Varnai, unpub. observ.) and its binding to other
phospholipids such as phosphatidic acid (Karathanassis et al., 2002) and proteins (Zhan
et al., 2002) may limit the usefulness of this PX domain as an imaging tool.

The formation of PtdIns(3,5)P; and its role in trafficking to the vacuole in yeast and to
the multivesicular body in higher eukaryotes (Gary et al., 1998; Ikonomov et al., 2003;
Jefferies et al., 2008) has made this lipid a highly interesting target for imaging studies.
Unfortunately, in spite of several attempts and claims, there are no established tools to
accomplish this task reliably. Two proteins, the yeast Ent3p (Friant et al., 2003) and Svplp
(Dove et al., 2004) have been found to be targets of PtdIns(3,5)P,. The inositide binding
site was located within the ENTH domain of Ent3p, while it was attributed to a cluster
of basic residues on a beta propeller within Svplp. To the authors’ knowledge there
has been no systematic analysis on the intracellular distribution of any isolated domains
extracted from these molecules with the aim of localizing PtdIns(3,5)P; in live cells.

PtdIns5P is a lipid that was first identified as a substrate of the type II PIP kinases (PISP
4-kinase; Rameh et al., 1997b). The main route(s) of its production in cells is highly
debated, but most likely is the result of dephosphorylation of polyphosphoinositides
(Coronas et al., 2007; Zou et al., 2007) rather than direct phosphorylation of PtdIns.
The only domain that recognizes PtdIns5P has been identified in the nuclear protein
ING?2 within a domain (PHD as for plant homeodomain) that binds PtdIns5P, and to a
lesser degree PtdIns3P, in vitro (Gozani et al., 2003). A GFP fusion protein made of
the 3xPHD domain of ING2 detected PtdIns5P in the plasma membrane in response to
overexpressed bacterial 4-phosphatase, IpgD (Gozani et al., 2003; Pendaries et al., 2006)
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and did not show endosomal localization suggesting that it does not bind PtdIsn3P in
the cells. Nevertheless, more experience is needed with this domain to determine where
PtdInsSP is found in the cells and whether its role in the nucleus is associated with
detectable changes in its nuclear level.

The common message from these examples is that none of these tools is useful as general
lipid reporters without specific constraints that vary from probe to probe. However, if
treated with caution and after performing proper controls, these reporters are very useful
in answering questions that no other technique can provide.

Selecting the Fluorescent Protein to be Fused

Most of these fluorescent reporters have been originally created as fusion proteins with
the enhanced green fluorescent protein (EGFP). However, over the past few years, a
large number of fluorescent proteins were introduced now offering a wide variety of
colors and other unique features (unir21.5). In addition to the spectral variants that allow
multicolor imaging of several probes in parallel, new features include photoactivation
(uNIT 21.6), photoswitching, spectral change during maturation, pH stability, resistance
to photobleaching or dimerization, etc. These have been summarized in several recent
reviews and will not be detailed in this unit (Shaner et al., 2005; Giepmans et al., 2006;
Wiedenmann and Nienhaus, 2006). These proteins are often very useful for a particular
application but there is considerable confusion as to the source of these proteins. In
addition to the GFP variants based on the pioneering work of the Tsien laboratory, many
new proteins originate from the Miyawaki laboratory, and the company Evrogen. These
proteins have been cloned from a variety of species and are not derivatives of the jellyfish
Aequorea victoria GFP. A good summary of these proteins and their features are found
in Muller-Taubenberger and Anderson (2007) and unit 21.5. However, these proteins do
not only differ in their optical behavior and they cannot be replaced with one another
without any problems. In the authors’ experience, occasionally a probe behaves quite
differently depending on whether an EGFP, an mRFP, or EosFP molecule is attached
to it. Therefore, it is better to start with a few colors that are proven to work similarly
with a particular lipid-binding domain than to generate a whole series of colors assuming
that they will behave identically within the cells. As most studies were done with the
pEGFP plasmids and their initial color versions, it is recommended to use these for initial
experiments. Unfortunately, the original pPEGFP-N and -C series plasmids are no longer
available because Clontech has become part of Takara and these companies now offer
their own fluorescent proteins that originate from a different species. The original EGFP
and its color variants are now sold by Invitrogen in a different plasmid backbone. This
often causes confusion among novices beginning their fluorescent protein collections
that do not realize that a green fluorescent molecule now can mean different entities
depending on the manufacturer.

EXPRESSION OF FLUORESCENT PROTEINS IN MAMMALIAN CELLS

The following procedure describes the general methods for analyzing cells expressing
EGFP or GFP-fusion proteins by microscopic techniques.

Materials

98% ethanol

0.1% (w/v) poly-L-lysine in water (Sigma cat. no. P-8920)

Cultured cells of interest

Culture medium with serum and antibiotics (depending on the cells)

Plasmid DNA (usually a midiprep)

Transfection reagents (depending on the cells in use; UNITS 20.3, 20.4, 20.5, 20.6, & 20.7)
Phosphate buffered saline (PBS)
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2% (w/v) paraformaldehyde (see recipe)

Blocking solution (10% FBS in PBS made fresh)

Primary antibody against fluorescent protein (available from several commercial
sources)

0.2% saponin

Fluorophore-conjugated secondary antibody

Aqua-Poly/Mount (Polysciences)

Clear nail polish

25-mm coverslips (PGC Scientific cat. no. 60-4884-25 or Warner Instruments
cat. no. 64-0705) for TIRF applications

6-well culture dishes

Glass microscope slides

Fluorescent microscope

Prepare poly-L-lysine-coated coverslips

1.
2.
3.

Rinse 25-mm coverslips with 98% ethanol in a cell culture hood and air dry.

Place one coverslip in each well of a 6-well culture dish.

Add 2 ml of 1:50 or 1:100 dilution of poly-L-lysine in filter-sterilized deionized
water to cover the entire surface of each coverslip and allow to stand 1 hr at room

temperature.

In a pilot study, plate cells on coverslips coated at each poly-L-lysine concentration to
determine which is best for the cells being studied.

Because most plastic-ware used for cell culture work has high autofluorescence, it is rec-
ommended that cells be cultured and transfected on poly-L-lysine-coated glass coverslips
so that they can be viewed under the microscope after transfection without replating. For
certain cell types and transfections, it is more advantageous to transfect the cells in cul-
ture dishes and re-plate the transfected cells on the poly-L-lysine-coated coverslips before
microscopy. Some cells can be grown on coverslips without the coating (e.g., cost-7, CHO)

4. Aspirate the solution from the coverslip and air dry (~ lhr) before plating cells.

Transfect cells with plasmid DNA
5. Plate ~50,000 cells directly onto the poly-L-lysine-coated coverslips in 2 ml of the

appropriate culture medium and grow to the density best suited for transfection
(usually 2 days).

6. Transfect the cells with the desired plasmid DNA construct using a method that is

most appropriate for the cells.

The authors usually use 2 wl Lipofectamine 2000 and 0.5 g plasmid DNA per coverslip.

Transfection protocols are available for different reagents (UNITS 20.3-20.6), and for each
cell type, the reagent and the procedure that produce the best results can differ consider-
ably (UNIT 20.7). Therefore, refer to the manufacturer’s instructions as far as specifics for
cell transfection are concerned. The optimal level of expression must be determined for
each cell type and expression construct. It is important to remember that the expressed
proteins often interfere with the functions of the lipids that they recognize, and in high
concentrations, the lipid-binding fusion proteins are often toxic to the cells.

Initial transfection of cells with a mutant version of the lipid-binding domain that does
not bind lipids is recommended. For example, many constructs localize to the nucleus, but
this localization is not dependent on lipid binding; thus, lipid-mediated localization can
be confirmed by comparing the distribution of the native lipid-binding domain to that of
the non-lipid binding mutant. Transfection of cells with the GFP protein alone without the
lipid-binding domain is also recommended. These two controls help to track phenotypic
changes and potential cellular toxicity associated with overexpression of the lipid-binding
domain, as well as to serve as controls for monitoring localization that accurately reflects
lipid binding.
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7. Grow cells 24 hr to allow expression of the transfected protein.

8. Incubate cells in serum-free culture medium for 6 to 10 hr to render them quiescent
before microscopy.

Growing cells for >34 hr after transfection is not recommended because of the potential
toxicity of the lipid-binding fusion protein and the ability of the expressed protein to
interfere with the functions of the lipids that they bind. Not every experiment requires
serum deprivation of cells.

Immunostain cells to detect expressed GFP fusion protein
9. Rinse the transfected cells with 2 ml of PBS.

10. Add 2 ml of 2% paraformaldehyde and incubate 10 min at room temperature.
11. Wash cells three times with 2 ml of PBS, 10 min each wash.

12. Cover cells with 2 ml of blocking solution to block nonspecific antibody binding.
Incubate 10 min at room temperature.

13. Add primary antibody diluted appropriately in blocking solution supplemented with
0.2% saponin. Incubate 1 hr at room temperature.

A volume of 100 ul of diluted antibody should be sufficient for a 25-mm circular or 22 x
2—-mm square coverslip, if it is inverted on a glass slide and incubated in a humidified
Petri dish.

This step can be skipped when performing live cell microscopy (see below). However; it
may be necessary to confirm expression of the fusion protein, especially if the GFP signal
is not bright enough. This confirmation can be accomplished by immunocytochemistry
with antibodies to the GFP portion of the fusion protein. Co-localization of the GFP-fused
domain with other molecular markers may also require immunostaining.

14. Wash cells three times with 2 ml of blocking solution, 5 min each wash.

15. Add the fluorphore-conjugated secondary antibody diluted in blocking solution con-
taining 0.2% saponin. Incubate 1 hr at room temperature protected from light.

16. Wash cells three times with 2 ml of PBS, 1 min each wash.

17. Air dry until coverslips are only damp.

18. Mount coverslips with cells down on a glass slide using Aqua-Poly/Mount.
19. Seal coverslips on the side with clear nail polish to prevent drying.

20. View the slides to detect expression of the GFP/fluorescent protein.

VERIFYING STRUCTURAL INTEGRITY OF THE FUSION CONSTRUCT

This protocol describes how to determine whether the fluorescent protein construct
remains intact when expressed in the cells. This is an important control in addition
to sequencing the DNA construct before performing any microscopy work. Often the
fusion protein is cleaved within the cell so that the green fluorescence is not coming
from the molecule that was designed. In the authors’ experience, free EGFP is more
often present when using pEGFP-N1 plasmids than with the pEGFP-C1-variant. (This
can happen if an internal ribosomal entry site allows the translation of GFP itself,
which can be prevented by removing the start codon of the original GFP.) In one case, a
fusion protein expressed in COS-7 cells was proteolytically cleaved when placed COOH-
terminal to EGFP. Analyzing cell lysates by sodium dodecyl sulfate polyacrylamide gel
electrophoresis (SDS-PAGE) either using a phosphorimager equipped with a blue laser
line (described below) or by conventional immunoblotting (UNIT 6.2) techniques using
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antibodies against the GFP portion of the fusion protein is recommended. In many cases,
samples that are boiled and analyzed by immunoblotting show more degraded product
than those analyzed directly from the gel. The electrophoretic mobility of the EGFP
molecule is clearly different when expressed from pEGFP-C1 versus pEGFP-N1. This
may be due to altered migration of the non-denatured protein by extra amino acids
encoded within the multiple cloning site of the pPEGFP-C1 plasmid.

Materials

Cultured cells of interest

Culture medium with serum and antibiotics (depending on the cells)
Plasmid DNA (usually a midiprep)

Transfection reagents (depending on cells used)

Phosphate buffered saline (PBS)

Laemmli buffer

10-cm SDS-PAGE acrylamide gel

Gel running buffer

12-well culture plates

1.5-ml microcentrifuge tubes

Sonicator

SDS gel apparatus

Phosphorimager (or reagents and apparatus for immunoblotting)

1. Seed COS-7 (or other cells to be studied) at 2 x 10° cells/2 ml medium onto 12-well
culture plates and incubate 24 hr.

2. Transfect cells with the method of choice and incubate 1 day (or equal to the time
the experiments would be done).

3. Wash cells with 2 ml PBS and aspirate the PBS.

4. Dissolve cells in 100 pl Laemmli buffer and transfer to 1.5-ml microcentrifuge tubes.
Do not boil, but briefly sonicate to disrupt DNA.

5. Load 40 pl of the sample per lane of a small (10-cm) SDS-PAGE gel with an
acrylamide concentration that will resolve proteins in the size range of interest.

6. Run the gel at 100 V until the front reaches the bottom of the gel.
7. Remove gel from cassette and place in running buffer.

8. Place the wet gel directly onto a phosphorimager and scan using the appropriate
laser line (blue for GFP and red for mRFP or similar colors)

Alternatively, if no phosphorimager is available, the fluorescent proteins can be detected
with immunoblotting using an anti-GFP (or other appropriate) antibody. In this case, boil
the samples before SDS gel analysis. It is also important to remember that the anti-GFP
antibody does not recognize proteins that are derived from other species than Aequorea
victoria.

BASIC OBSERVE GFP SIGNAL BY MICROSCOPY

PROTOCOL 3 Provided here are practical suggestions on what to pay attention to when observing cells

by microscopy. This is not intended for experienced users but for researchers who have

Visualiziation of limited practical knowledge of microscopes and want to observe their proteins as GFP-

Cellular fusion constructs in live cells. This protocol is not a substitute for training on any specific

PhosPli;’;ggsg,'i‘tlﬁ microscope system but rather an aid to help commonsense practices.
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Wide field or confocal microscopy?

The first question to be answered is whether to view the cells with a conventional
fluorescence microscope or with a confocal microscope. The authors suggest that the
distribution of GFP fluorescence and other initial experiments such as assessing trans-
fection efficiency should be performed with a conventional fluorescence microscope
using filters suitable for fluorescein isothiocyanate (FITC) detection (excitation at 470
to 490 nm, emission at 500 to 550 nm). It is not necessary to examine the cells immedi-
ately with a confocal microscope, and it is more difficult to obtain a general impression
of what the cells look like in a confocal microscope when expressing the construct.
Individual cells, especially COS cells, show enormous variability in their shape, size,
and general appearance, and often the level of expression changes their appearance.
Conventional fluorescence microscopy is a significantly more efficient way to browse
through many cells and notice trends in cellular morphology. In addition, many cells
are flat in culture (especially COS cells), so there is little benefit from analyzing the
cells in a confocal microscope. Confocal microscopy can be saved for recording cells
and changes in fluorescence distribution once the conditions have been optimized with a
fluorescence microscope. A further advantage of viewing cells in a fluorescence micro-
scope is that autofluorescence often can be distinguished from the GFP signal because
its color is different from the green color of GFP. It is important to remember that
confocal microscopes detect light intensity without colors and the “color” given is ar-
tificial. Therefore, in each case, the autofluorescence has to be determined so that the
GFP signal can be reliably used. For this, observation of untransfected cells is a useful
control.

Fixed or live cells?

The next question is whether to analyze live or fixed cells. EGFP fluorescence can persist
in fixed cells under proper fixation conditions (see Basic Protocol 1, steps 9 to 19).
Fixed cells can be processed for immunostaining, which is often necessary to determine
co-localization with organelle markers for which antibodies are available. Also, fixed
cells can be stored and studied whenever convenient. On the other hand, changes cannot
be followed as they happen in real time when using fixed cells. Moreover, fixation and
permeabilization procedures may distort cellular morphology. For example, vesicular
structures shrink during fixation, and long canaliculi can turn into small vesicles. The use
of live cells is the most reliable way of assessing undistorted morphology, but it is also
the most time-consuming and least efficient. For live-cell imaging, it is best to use an
inverted microscope. New water-immersion objectives make it possible to look at cells
under upright microscopes, but the objective has to be in culture medium. In addition,
live-cell imaging would generally require some form of temperature control with all the
complications associated with it while fixed cells do not.

When analyzing live cells, one major advantage is to record time-lapsed images se-
quentially after a stimulus is applied to the cells. In confocal microscopes, the speed of
scanning determines how fast one can record an image, and generally the faster the scan,
the poorer the quality of the individual pictures. Finally, one of the greatest difficulties
is to keep the cell in focus after stimulation, because of shape changes that often occur
in response to the stimulus (HEK 293 cells are especially lively). This change in po-
sition of the originally imaged plane can make the entire recorded process unsuitable.
Software programs are being developed to compensate for “focal-drift” due to cell move-
ments. These new developments may already be available for some confocal imaging
systems.

Current Protocols in Cell Biology
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LIVE-CELL IMAGING

This protocol describes steps to help guide a less-experienced user during the live-cell
imaging process.

Materials

Coverslips holding transfected cells
Medium appropriate for cells (e.g., modified Krebs-Ringer solution; see recipe)
Immersion oil

Chambers to hold coverslips (e.g., metal Atto chambers, Invitrogen)

Kimwipes

Wide-field fluorescence microscope equipped with sensitive camera and
appropriate software for data acquisition or confocal microscope

Lens cleaning paper

Objective heater and heated stage (Bioptechs, http://www.bioptechs.com) or a
complete temperature control enclosure

Computer controlled valve-system and perifusion (optional)

Forceps

Mount transfected cells

1. Place coverslip with transfected cells face-up into metal chambers. Tighten the upper
part with the O-ring in place gently but firmly so no leaks occur. Wash cells with
medium and add 1 or 2 ml medium to the cells. Clean the bottom of coverslip with
a clean Kimwipe.

Ensure that the coverslip is in the grooved area of the chamber otherwise it will break
during tightening. Test for leakage using a clean paper where the metal meets the glass
coverslip. Leakage can worsen as the temperature changes on the stage. In any case, the
use of a lens protector against leakage is advised when using live-cell imaging.

2. Dust off the objective and clean with a cleaning solution provided by the manufacturer
(or isopropanol) using a lens cleaning paper.

Cleaning the lens is important but it can do more damage than good if not done properly.
Consult an expert before performing this task. Do not use Kimwipes or any other paper
or cotton swab for this purpose. Never clean the lens with dry lens paper and do not use
solutions containing ammonia (e.g., Windex) or organic solvents other than recommended.

3. Add one small drop of immersion oil to the lens without allowing it to flow down
along the surface.

4. Place the metal chamber on the stage and slowly elevate the objective with eye
control until it touches the coverslip.

Select cells

5. Observe the transfected cells and, if necessary, the control non-transfected cells
using the fluorescence setting of the confocal microscope fitted with filters suitable
for the chosen fluorophore (470 to 490 nm excitation and 500 to 550 nm emission
for EGFP).

Looking into the fluorescence microscope, one can usually see cells with a wide range of
fluorescence intensities. Depending on the quality of the microscope and the intensity of
the light source, sometimes only the cells with the highest expression levels are visible and
these are the cells to avoid. It is recommended to study cells in which the GFP signal is as
low as possible but clearly distinguishable from the autofluorescence of non-transfected
control cells. Since microscopes are very different, there are no arbitrary rules.

Often a separate non-transfected cell control is not necessary, because even in the trans-
fected samples, not all cells express the fusion proteins. The non-transfected cells in the
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population can usually be distinguished by their autofluorescence, allowing easy identifi-
cation of transfected and non-transfected cells from the same sample when viewed using
the fluorescent setting.

6. Choose cells in which expression levels are just high enough to be resolved above
the background autofluorescence, and that are not obviously unhealthy.

A good quality image should be obtained in confocal microscopy using 3% to 5% of the
maximum laser power (assuming a 30-mW, 488-nm laser; see Fig. 24.4.1A).

Analysis of cells that are unhealthy and suffer from toxicity induced by the expression of the
fusion protein should be avoided. For example, cells that have rounded up and are about
to detach—a common phenomenon with cells expressing high levels of a fusion protein
consisting of the PH domain of PLC and GFP (PLCS§;PH-GFP) are not likely to behave
normally. Another indication of toxicity is the appearance of large intracellular vesicles.

Perform time-lapse analysis of live cells
7. Record and store an image before applying any stimulus.

An important and often unappreciated problem in live-cell imaging is the proper temper-
ature of the cells that are being observed. Even with a heated stage, an objective acts as
a heat sink, keeping the cells in the observation field at a temperature near that of the
objective. This temperature is closer to room temperature especially when rooms are kept
on the cold side because of the lasers. Many trafficking processes in the cells slow down
or do not work properly below 34°C. Therefore, use an objective heater. Unfortunately,
the heater collar does not fit all objectives, and heating may be damaging to the objective
if it is warmed very fast from a cold temperature. Alternative methods of maintaining the
proper temperature include perfusion of cells with a high flow of warm medium or the use
of a hair dryer to keep the objective at the proper temperature. Complete incubator enclo-
sures are also available from various companies that can keep both the temperature and
CO; concentration and humidity of cells on the stage at the desired levels. Unfortunately,
they make manipulations of the cells often difficult.

8. Set the software to record time-lapsed images.

The speed of recording must be decided based on the expected speed of the response
and the scan speed that is required to generate an image. Phospholipase C activation
by receptors is a fast event, but it can be followed by obtaining an image every 5 sec.
Depending on the software, the scanning time (1.0 to 2.5 sec/image for one color) is taken
into account when setting up the speed of image acquisition. It is important to remember
that frequent scanning leads to fast photobleaching but including a break between scans
helps to counter the bleaching problem.

9. Start data acquisition and add stimuli or inhibitors after a control period (five to ten
images depending on the speed).

Addition of a treatment is more complicated than it seems. The best method is to use
a computer-controlled valve-system linked to constant perfusion of the cells with pre-
warmed medium. This ensures proper mixing, timing, and keeping the composition of the
medium not affected by evaporation. However, the authors’ experience is that many of
the lipophylic compounds (ionomycin, thapsigargin, rapamycin, etc.) stick to the plastic
tubing and to the valve components to such an extent that it is almost impossible to clean
them even with organic solvents. This is also true for the metal chambers including the
plastic O-ring seal. This may cause significant problems, especially in multi-user set-
tings. Because of this potential problem, simply use a pipet to stimulate the cells. For
this, remove 200 ul warm medium from the cells and add it to a microcentrifuge tube
that contains the desired amount of drug in 1 to 5 ul, and after mixing, add the medium
back to the cells. With practice, one can pipet the medium back at an angle that will yield
proper mixing, which may be further mixed by pipetting up and down one time. This takes
~2 sec, which is acceptable for many applications but may be too slow for others. It is
the investigator’s choice whether to follow the manual pipetting procedure or to use the

more sophisticated valve-controllers.
Lipids
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Figure 24.4.3 Quantification of the plasma membrane localization of an inositide binding do-
main. HEK293 cells are shown expressing the PLC%;PH-GFP. The pixel intensity histograms are
calculated for the three lines placed on this recording. Note that the scale shows that this is a 12-bit
image. An 8-bit image would only have 256 levels of intensities. Also note that the peak intensities
are not at saturation. The lower panel shows how the intensity values from the membrane and
the cytosol are calculated. Their ratio is then a good measurement of localization. Also note that
no lines are placed over areas where two cells are joined. These calculations must be made for
each picture from a sequence to obtain a full time-course of change. It is recommended that more
than one line be placed on a cell to obtain a more accurate value as the intensities vary along the
perimeter.
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10. Once the scanning sequence is complete, save the results.

11. Quantify the data using appropriate software.

The most demanding part of the analysis of time-lapsed sequences is the quantification
of data. Obvious changes can be documented in a series of pictures or movies that
describe what is happening. However, as imaging tools are improving, some of the
changes are not so obvious to the eye, especially when the number of vesicles, their
movement patterns, or intensities all show some changes. Quantification is necessary
when determining a dose-response relationship, comparing the relative effectiveness
of two stimuli, or investigating the efficacy or potency of an inhibitor. It is difficult to
provide recommendations that would cover all of these areas. In most of the applications
dealing with plasma membrane phosphoinositides, it is necessary to assess the extent
of plasma membrane recruitment; therefore, methods that determine plasma membrane
association are focused upon. The simplest way is to monitor the cytosolic intensity since
it will significantly increase as a domain translocates from the membrane to the cytosol.
It is more demanding to calculate the ratio of membrane to cytosolic intensities. This can
be done after creating a line-intensity histogram through a selected line across the cell. It
is important that the highest intensities should not be in saturation, which requires a fine
optimization of the dynamic range before recording in 8-bit systems (256 levels of gray
intensity; Fig. 24.4.3). This is less of a problem with the newer 12-bit systems (4096 levels
of intensity) or with a higher dynamic range. A more accurate but also more demanding
way of quantification of the extent of membrane association of fluorescent proteins is
to use fluorescence resonance energy transfer (FRET; UNITS 17.1 & 17.9) or total internal
reflection fluorescence (TIRF; UNIT 4.12) microscopy as detailed in Varnai and Balla
(2006) and Balla (2007). The latter is able to detect the radiationless energy transfer
between two appropriate fluorophore pairs when they are within an optimal distance,
while the former only detects fluorescence originating from the plane of the membrane
attached to the coverslips. The variability of the cell population and the requirement for
analysis of a large number of cells to obtain quantitative estimates of the fluorescence
changes remains the most laborious parts of obtaining reliable, reproducible results.

REAGENTS AND SOLUTIONS

Use deionized, distilled water in all recipes and protocol steps. For common stock solutions,
see APPENDIX 2A; for suppliers, see SUPPLIERS APPENDIX.

Krebs-Ringers solution

120 mM NaCl

4.7 mM KCI

1.2 mM Na,HPO,

1.2 mM CaCl,

0.7 mM MgSO,

10 mM glucose

20 mM Na-HEPES, pH 7.4

0.1% bovine serum albumin (BSA; not added when lipofilic drugs are to be added)

Store up to 4 to 5 weeks at 4°C

Paraformaldehyde

Prepare paraformaldehyde fresh by dissolving the appropriate amount of EM-grade
paraformaldehyde in PBS and heating (in a chemical hood) until the aldehyde goes
into solution. Keep the bottle cap loosened so that pressure does not build up. Cool

down to 20°C and pH to 7.4 with NaOH.

COMMENTARY

Background Information

The classical methods to study phospho-
inositides relied upon metabolic labeling of
phosphoinositides. Labeling cells with myo-
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[*Hlinositol or 3?P-phosphate followed by
lipid extraction and separation by TLC (or
other methods) has been widely used to mea-
sure phosphoinositide changes (e.g., Christy
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et al., 1998). However, these techniques re-
quire millions of cells to obtain a sufficient
signal. Moreover, depending on the labeling
time and the turnover rate of the metabol-
ically distinct inositide pools, it is not cer-
tain whether isotopic equilibrium is reached.
Determination of the subcellular location of
inositides requires even more cells and cell
fractionation procedures, and by the end it
is still questionable whether the distribution
really reflects what was present in the intact
cell. Total cellular mass of inositides have
also been measured based on quantitation of
the inositide headgroup that is liberated from
the extracted lipid species (Pearson et al.,
2000). Detection of phosphoinositides or in-
ositol phosphate mass separated on HPLC has
been done with metal dye-detection (Pittet
et al., 1989) or suppressed conductivity de-
tection (Nasuhoglu et al., 2002). Excellent
collections of the conventional methods have
been published (Irvine, 1990; Shears, 1997).
In the meantime, newer methods have been in-
troduced for mass measurement of inositides
without extensive purification with the aid of
protein domains that specifically recognize the
inositide headgroup (Luo et al., 2003; Guillou
et al., 2007). However, even in their most
simple forms these methods are cumbersome
and are unable to resolve the small changes
that occur in subcellular compartments, espe-
cially against the higher background of non-
responsive inositide pools. The realization that
inositides are rapidly changing in restricted
cellular compartments brought about the de-
sire to detect them at the single-cell level
preferably in live cells where the dynamics
can be followed in real time.

Since the method employing protein do-
main fluorescent protein (FP) chimeras in
live cells has certain limitations, there is a
legitimate need for alternative methods in
which the lipids are detected post-fixation
without interfering with the biological pro-
cess. Moreover, none of the live-cell imag-
ing techniques can compete with the resolving
power of electron microscopy. Post-fixation
detection of the lipids has been achieved
with anti-phosphoinositide antibodies or re-
combinant GST-fused inositol lipid—binding
domains in immuno-cytochemical or -electron
microscopy applications (Watt et al., 2002,
2004). The value of these techniques is clear;
theoretically they would tell us where the
lipids are in an intact cell without any distor-
tion caused by the detection process and many
cells can be analyzed with no time constraints.
EM studies revealed the presence of lipids

in compartments where in vivo PH domain
imaging failed to do so, e.g., PtdIns(4,5)P2
in the Golgi (Watt et al., 2002). However,
these techniques also have their drawbacks.
First, the fixation process has a major influ-
ence on what inositide pools are visible to the
antibodies or the GST-fused inositide-binding
module. Second, the sensitivity of these meth-
ods is hard to evaluate. The fixation process
is even more critical than in proteins in pre-
serving the lipids and yet to make them ac-
cessible to the antibodies or protein modules.
This technical difficulty explains the variabil-
ity of the results obtained in different lab-
oratories with the antibodies and their fail-
ure to work in some cases. The specificity
of the antibodies should be a rigorous crite-
rion and the data should be consistent with al-
ready existing knowledge on the distribution of
phosphoinositides.

Assessing membrane localization by FRET
A quantitative assessment of the membrane
localization of fluorescent probes is not always
easy based on confocal images. An increase
in the fluorescent intensity of the membrane
can reflect a change in membrane volume or
shape and not a real recruitment. Similarly, the
cytosolic intensity of the probe can increase
due to shrinkage instead of its release from
the membranes. To overcome these problems,
the FRET principle was used in several stud-
ies to obtain a signal that reflects true bind-
ing of the inositide binding domain to mem-
branes. The method developed in the Jalink
laboratory and also used in the authors’ stud-
ies is based on co-expression of the CFP- and
YFP-tagged versions of the same PH domain
(e.g., PLC%;-PH). These fluorophores are the
most widely used pairs for FRET studies al-
though the more pH-resistant Venus replaces
YFP and cerulean replaces CFP in newer ap-
plications. Newer fluorophore pairs are also
available now for FRET studies but they are
not as well established as the GFP derivatives.
Nevertheless, the principle is the same; when
the donor (CFP) and the acceptor (YFP) are
within FRET distance (<8 nm) there will be
energy transfer from CFP to YFP causing a
decrease in CFP emission (475 nm) and an in-
crease in YFP emission (525 nm) when using
CFP excitation only (430 nm). In the so-called
sensitized emission method, the efficiency of
the energy transfer is numerically calculated
after making all necessary corrections (such
as bleed through of the CFP and YFP sig-
nals into the other pair’s emission channels).
However, for all practical purposes, the simple
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fluorescence ratio of 525/475 can be used if
the two wavelengths show opposite changes.
This principle is applicable to the lipid bind-
ing PH domains when expressed both as a
CFP or YFP fusion protein. The two fluo-
rophores will show efficient energy transfer
when their attached PH domains are bound
to the lipids at the membrane. However, upon
PLC activation, the PtdIns(4,5)P, molecules
are hydrolyzed and the PH domains leave the
membrane decreasing the FRET signal (van
Der Wal et al., 2001). This method is quite
sensitive and even small PLC activation can
be detected and quantified. The method does
not require a confocal microscope and can be
used either in individual cells or in cell sus-
pensions (Balla et al., 2005). A disadvantage
of the method is that the FRET efficiency is
not very high at low expression levels (which
would be desirable to minimize the ill effects
of the presence of the probes) and even at high
probe concentrations there could be low FRET
signal if the density of the lipids is below a cer-
tain level. Although the authors have not used
this application, FRET can also be assessed
by fluorescence life-time imaging microscopy
(FLIM; UNIT 4.14) that calculates the half life
of the excited state of the fluorophore that is
very different when the energy is emitted in the
form of photons or is transferred to an acceptor
by FRET (Bastiaens and Squire, 1999). FLIM
has many advantages over sensitized emission
to evaluate FRET but it requires separate spe-
cial instrumentation that is not as easily avail-
able as fluorescence microscopes.

In the above examples, two separate
molecules are used to detect FRET be-
tween neighboring molecules (intermolecular
FRET). A better solution would be to have
inositol lipid probes based on intramolecular
FRET in which case both fluorophores are at-
tached to the same inositide-recognizing do-
main. Lipid binding then induces a molecu-
lar rearrangement that changes the distance
(or more likely the dipole orientation) of the
two fluorophores and, hence, the FRET sig-
nal. Such a probe based on the Grpl-PH do-
main was targeted to different membranes
for PtdIns(3,4,5)P; detection (Sato et al.,
2003) and a similar principle was utilized to
generate FRET probes for monitoring InsP3
concentrations in the cytoplasm (Matsu-ura
et al,, 2006). The difficulty here is to en-
sure a large enough conformational change
upon lipid binding to substantially change
the FRET efficiency. Construction of a useful
probe requires lots of experimentation with the
domains themselves as well as with the link-
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ers to connect the fluorophores. In a recent
study, the AktPH domain was used to detect
PtdIns(3,4,5)P3/PtdIns(3,4)P, changes using a
clever molecular design. The conformational
change between the lipid-bound and unbound
stages was achieved by inserting a negatively
charged “pseudoligand” into the probe that
binds to the PH domain (presumably to the
lipid-binding site) when lipids are not present.
Binding of the appropriate lipids abolishes this
intramolecular interaction amplifying the con-
formational change and amplifying the change
in the FRET signal (Ananthanarayanan et al.,
2005). These single-molecule FRET probes do
not require co-expression, their readout does
not depend on their expression level (once
above reliable detection limits) or on lipid den-
sity in the membrane. It is expected that more
efforts will be made to generate similar probes
for the detection of lipid production in the var-
ious cellular compartments.

More detailed technical and theoretical
background on FRET measurements either
with sensitized emission or with FLIM are
covered in recent publications (Sekar and
Periasamy, 2003; van Rheenen et al., 2004;
Thaler et al., 2005).

Membrane localization based on TIRF
analysis

Total internal reflection fluorescence
(TIRF; UNIT 4.12) analysis has also been used to
monitor plasma membrane association of in-
ositol lipid binding domains (Tengholm et al.,
2003). The basis of this technique is a spe-
cial form of illumination where the light is
shot at the sample at a shallow angle in a way
that the photons do not illuminate the speci-
men beyond a ~200-nm thickness above the
coverslip. This way the excitation is limited
to the fluorescence molecules that are found
close to the membrane of the cell attached to
the coverslip, which makes this method suit-
able to detect membrane-associated events and
also useful to study association and dissocia-
tion of molecules from the membrane. If the
footprint of the cell changes, it could cause a
change in fluorescence intensity unrelated to
the actual amount of fluorescent molecules at
the membrane. For this reason, use of a fluo-
rescent membrane marker as a control and then
evaluation of fluorescence changes against this
reference signal are recommended.

Live-cell imaging of inositol lipids has be-
come a standard approach in many laborato-
ries. It has generated some controversy with
examples for its uncritical use as well as for
its complete dismissal as an unreliable method.
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The truth is that this method—as every other—
has its unique benefits as well as its limits.
The authors emphasize that the phosphoinosi-
tides imaged with these molecular tools are
only representative of a pool associated with
certain processes and not necessarily represen-
tative of all of that particular inositide within
the cell. This is especially true and obvious for
PtdIns4P and may be less notable but still true
for the other inositides. Also be cautious about
high expression levels, which inhibit and dis-
tort cellular processes. Generating quantitative
data with these methods is an added challenge
but a very important necessity. As more do-
mains that interact with inositides are identi-
fied in proteins it is important to remember
that many of these will not work as reporters
because their cellular localization is more de-
pendent on protein-protein interaction than on
lipid binding. However, some other probes
should be compared for their imaging proper-
ties, especially for PtdIns(4,5)P, and PtdIns4P.
Development of FRET-based probes relying
on intramolecular rearrangements should also
be facilitated. This research area will be in
high demand for the near future. The high in-
terest in phosphoinositides also demands con-
stant improvement of the tools to further the
knowledge on these molecules.

Troubleshooting

Described here are the most common prob-
lems that are encountered—starting from plas-
mid propagation to the final microscopy steps.

No bacterial colonies

The pEGFP plasmids have the kanamycin
selection marker so transformed bacteria must
be grown on kanamycin-containing plates and
not on ampicillin-containing plates. However,
companies are selling various forms of plas-
mids that one cannot assume that all GFP con-
structs are kanamycin selectable. Moreover,
some laboratories add GFP to their chosen do-
main in ampicillin-resistance plasmids, and of-
tentimes researchers make wrong assumptions
when selecting colonies of transformed bacte-
ria. This should be the first consideration when
no colonies are found after transformation of
bacteria during subcloning or propagation of
plasmids. Problems with subcloning, ligation
reaction, or bacterial transformation can also
result in no bacterial growth, but discussion of
these variables is beyond the scope of this unit.

No green fluorescence

It may sound trivial but the most common
reason for not seeing fluorescence is due to in-
appropriate microscope settings. Confocal mi-

croscopes used for fluorescence imaging can
be intimidating for novices, with several fil-
ters and light directions that must be set prop-
erly to see the fluorescent signal. It is good
practice to find the right focus of the cells
with transmitted light. Switching to fluores-
cence, the blue (or other color) light coming
through the objective must be visible to be
sure that the illumination and the light path
is properly set. It is very useful to have a
slide of fixed GFP-expressing cells to use as a
control. If the microscope settings are correct
and there are still no GFP-positive cells (yet
the autofluorescence is visible with a 40x or
higher objective), then the problem lies with
the transfection. Transfection problems can be
caused by several factors, including inaccu-
rate subcloning, impure plasmid for transfec-
tion, unsuitable transfection conditions for the
cells. Even transfected primary cultured cells
should have a few positive cells. Using cells
transfected with the original pEGFP plasmid
as control should help to determine whether
the transfection procedure or the DNA con-
struct is the source of the problem. If these
cells are positive for GFP fluorescence, then
the most likely source of the problem is the
construct itself. The DNA construct could be
defective by having an unwanted stop codon or
a frame-shift either due to a flaw in the design
or by a mutation. The plasmids should always
be confirmed by DNA sequencing and the ex-
pression of the full-length protein should be
confirmed by SDS-PAGE as described.

Weak fluorescence

If there are positive cells but their fluores-
cence is weak, the microscope may not be
set up properly. Compare the cells with fixed
cells transfected with EGFP alone to deter-
mine if the problem is with the microscope
or the construct to be studied. If the EGFP-
expressing cells are bright, but the fusion
protein—expressing cells are weakly fluores-
cent, then the problem is inherent to the fu-
sion protein. The authors’ experience is that
the larger the protein fused to GFP, the weaker
its fluorescence. This could be because of the
difficulty in the folding of GFP as part of a
larger protein or that the translation of longer
proteins is less efficient. Since the constructs
listed in Table 24.4.1 express well, low levels
of fluorescence usually indicates a transfection
problem, which is also corroborated by few
cells showing fluorescence. Many cells show-
ing weak fluorescence indicates good transfec-
tion efficiency but low yield of the fluorescent
protein.
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Large aggregates present in cytoplasm

The localization of the lipid-binding do-
mains listed in Table 24.4.1 is well docu-
mented. However, from time to time, one will
encounter a problem when making a new probe
or introducing mutations or deletions in any of
these probes. This is a “localization” that is
not related to interactions with phospholipids
but is due to technical problems. High concen-
trations or more often folding problems of the
expressed fusion proteins are usually respon-
sible for this phenomenon, which results in the
formation of large fluorescent aggregates that
are found in various parts of the cell but mostly
associated with the perinuclear area and could
overlap with the Golgi. Very often this lo-
calization corresponds to the ER-associated
protein degradation and represents the proteo-
some (Hitchcock et al., 2003). The authors ex-
perienced such problems with the EBFP-fused
PLC1PH and with some chimeric constructs.
In such cases, a fraction of the expressed pro-
tein still could fold properly and function as
expected, and there are also cells that express
less of the protein or, for a shorter time, do
not display this problem. It is important to rec-
ognize this aggregation artifact and not to in-
terpret it as a true localization. Sometimes it
helps to reduce expression by using a less ac-
tive promoter or to lower the temperature by 5°
to 7°C during transfection and culture. How-
ever, the authors were not successful with these
manipulations once the construct showed this
aggregation behavior.

No localization is observed on the
membrane where the lipid is expected to be

If GFP fluorescence is observed, but it is not
associated with the membrane, it should be
confirmed that the expression construct con-
tains the sequence for the lipid-binding do-
main. Plasmid preparations of pEGFP-based
plasmids often contain a ~600-bp DNA piece
that is present without digestion by restric-
tion enzymes. This band is usually faint but
can be mistaken for an insert when confirm-
ing the DNA construct by restriction enzyme
digestion analysis. This is especially problem-
atic because many PH domains are encoded
by DNA sequences of ~500 bp.

It also has to be realized that the amount
of lipid produced and available for binding
by a fluorescent probe is limited. Therefore,
the membrane-bound fraction may not be dis-
tinguishable from the high cytosolic back-
ground of the unlocalized fusion protein when
a cell expresses high amounts of the fusion
protein. This is another reason to study cells
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that express low concentrations of the fu-
sion protein. When PtdIns(4,5)P; is monitored
with PLC6;PH-GFP, saturation within a wide
range of expression level was not observed.
We assume that there is a compensatory in-
crease in the amount of PtdIns(4,5)P; in the
cells expressing larger amounts of the lipid-
binding protein. Compensatory increases are
less likely to occur with lipids that are only
formed in response to acute stimulation, such
as PtdIns(3,4,5)P;.

Nuclear localization

All of the domains listed in Table 24.4.1
can penetrate the nuclear pore and enter the
nucleus, although their movement in and out
is clearly limited. Many of the PH domains
(Grpl-PH, ARNO-PH, Btk-PH, OSBP-PH,
OSH2-PH) show very prominent nuclear lo-
calization. With the increased interest in nu-
clear phosphoinositides (Irvine, 2006) and the
clear presence of these lipids in the nuclear
matrix (in a still poorly understood physical
form), localization of PH domains sparks the
interest of many researchers. However, nuclear
localization of these domains is also observed
with mutants that do not bind the inositol
lipids. This does not rule out that the wild-type
constructs do have some nuclear binding com-
ponents, but it shows that the major force of
nuclear enrichment is not a reflection of lipid
binding. It is very likely that the numerous
basic residues characteristic of these domains
are responsible for their nuclear localization;
this is supported by the fact that algorithms
based on the primary sequences of these pro-
teins accurately predict their nuclear localiza-
tion. However, if the protein binds to a lipid
that is already present and abundant during
expression, such as PtdIns(4,5)P,, it will keep
the domain out of the nucleus, provided that
the amount of the expressed protein does not
saturate the lipid available for binding. Again,
choosing cells in which the expression levels
are low also ensures less localization in the
nucleus.

Plasma membrane localization—true or
Jfalse?

The authors believe that many investigators
have wrong ideas about how plasma mem-
brane localization can be recognized espe-
cially under a confocal microscope. They ex-
pect a strong fluorescence signal outline of
cells and no signal over the cytoplasm. This
is true for cells that are round in shape or ar-
ranged as cobblestones such as MDCK cells.
However, plasma membrane localization can
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be more difficult to recognize in cells that are
solitary and very flat such as COS cells. In
such flat cells, one could see even fluorescence
when imaging the glass-attached membrane
surface giving the impression that the probe
is also present in the cytoplasm. Moving up-
wards on the cell can change the view to a
very fuzzy ring with some worm-like intensity
(representing ruffles and microfilopodia) as the
membrane covering the nucleus appears in the
z-plane (Fig. 24.4.1B). It requires a trained
eye to differentiate between plasma membrane
and cytosolic constructs in such cells. A good
guide is to see if the fluorescence clearly out-
lines the nucleus and its intensity is dimin-
ishing toward the periphery of the cells, both
being signs of cytosolic localization.

In an opposing way, cytosolic proteins can
show a phenomenon that the authors call
“pseudo membrane localization,” which gives
the impression that the protein is in the mem-
brane. In very flat cells, the edge of the cell
and the membrane ruffles often appear as
high-intensity lines or wrinkles because of
the way the membrane appears in the im-
aged plane. Since membrane ruffling is a com-
mon response of cells to stimuli that acti-
vate PI 3-kinases and can be reversed with
PI3K inhibitors, this “apparent” localization
will show the same PI 3-kinase dependence
as the real plasma membrane recruitment of
PtdIns(3,4,5)P3 recognizing domains. There-
fore, it can give the impression that the con-
struct localizes to the membrane ruffles in
stimulated cells even when it does not actu-
ally bind to PtdIns(3.4,5)P;. Comparing the
fusion protein—expressing cells with control
cells expressing only GFP is essential to re-
solving true versus false membrane localiza-
tion. A useful measure of true plasma mem-
brane recruitment is to monitor the decrease
in intensity of the probe in the cytoplasm. The
authors find that often this decrease can be
best judged by the increased contrast between
the cytoplasm and the nucleus, which appears
sharper as the cytoplasmic fluorescence de-
creases. True membrane localization also has
to fulfill several criteria. The localization of the
fusion protein should follow the lipid changes
that are evoked by physiological or pharmaco-
logical means. For example, PI 3 kinase in-
hibitors, such as wortmannin or LY294002
prevent the formation of 3-phosphorylated
lipid products, so treatment of the transfected
cells with these inhibitors should eliminate lo-
calization of fluorescent probes that recognize
3-phosphorylated lipids. Also, robust activa-

tion of PLC should cause a decrease in the
localization of probes detecting PtdIns(4,5)P;.
However, the extent of change often is smaller
than what can be detected by the eye or even
with more sensitive quantification. For exam-
ple, many G protein—coupled receptors evoke
a Ca’* signal (indicating PLC activation), yet
no detectable change in PLC6,PH-GFP distri-
bution. This does not mean that the probe does
not work. It only means that the PLC activa-
tion is not robust enough, or the PIP 5 kinase
activity is so active that there is little change
in the concentration of the PtdIns(4,5)P, in the
membrane.

A further observation of practical impor-
tance is that live cells lose localization of
the PLC&1PH-GFP (and some other domains)
when they are kept at room temperature for
>15 to 20 min. The reason for this has not
been explored in detail, but it may be that lipid
synthesis is slowed because of either ATP de-
pletion or the physicochemical properties of
the membrane change. Warming the cells to
37°C does not correct the situation within 30
min. Thus, live-cell imaging should be per-
formed using a temperature-controlled micro-
scope system within a short period of time after
placing the cells in the observation medium.

Anticipated Results

Expression of GFP-fused inositol lipid
binding domains should yield a fluorescent
signal that is easy to recognize and distin-
guishable from background autofluorescence.
In fact, the larger problem often is too high of
expression, especially in COS-7 cells. In these
cells, the biology is greatly distorted; there-
fore, these cells should not be used for analy-
sis (see Fig. 24.4.1 for an example). HEK293
or HeLa cells will express more moderate lev-
els of the same constructs since they do not
express the large T antigen that generates many
copies of the plasmid in COS cells. The dis-
tribution of the individual domains will reflect
the localization of the lipid to which it binds
except additional interactions of the domain
with other membrane components or proteins
may significantly alter the localization of the
probe. Lastly, the lipid changes are not al-
ways large enough to be observed by the eye
or even by quantification of the data. Many
cells generate clearly detectable Ca>* signals
by PLC activation without a noticeable change
in PLC61PH-GFP localization. These negative
data do not necessarily mean that the probe is
not working. A positive control is always a
useful way to check a newly studied construct.
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Time Considerations

Performing a live-cell imaging experiment
is not particularly time consuming. A typical
experiment starts out by preparing the cover-
slips (~2 hr with drying) and seeding cells
for the experiment. Cells are transfected on
the following day with plasmid DNA (~1 hr
depending on the number of coverslips). For
most phosphoinositide-binding domains, the
transfection begins at ~1400 hr and the trans-
fection medium is changed to one with serum
~1900 hr for experiments that are planned for
the following day. It is not recommended to
use cells after >24 to 30 hr after transfec-
tion with these domains. The actual experi-
ment requires setting up the microscope and
the heated stage (~30 min) and waiting for
equilibration (~30 min). Depending on the
type of experiment, a sample is rarely on the
stage >30 min. Data analysis is done off-line
and can be more time consuming than the ac-
tual experiment depending on the application.
Design and generation of a new construct is
a more time-consuming process that can take
from 1 week (optimal) to several weeks.

It is important to remember that the time-
consuming part of live-cell imaging is the
many times an experiment must be repeated.
Many recordings cannot be used because of
technical problems such as moving cells or
focus-drift occurring during time-lapse imag-
ing. Also, one must repeat experiments many
times before being confident that the chosen
pictures actually represent a reproducible bi-
ological process. Due to individual variations
among cells, this is often not appreciated by
users who are used to methods that give aver-
aged cell responses.
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Summary

The phenomenon of resonance energy transfer first
described by Theodor Forster presents the opportunity of
retrieving information on molecular proximity, orientation
and conformation on the nanometre scale from (living)
samples with conventional fluorescence microscopes (or
even macroscopic devices). During the past 10 years
Forster (or fluorescence) resonance energy transfer (FRET)
microscopy has been revolutionized by the vast progress in
fluorescent protein and in situ fluorescent labelling technology
as well as by the commercial availability of advanced
quantitative microscopy instrumentation. FRET microscopy
is now routinely used in modern cell biology research. This
short review will guide the reader through the most established
FRET microscopy techniques, their inherent strengths and
limitations, potential pitfalls, and assist the reader in making
an educated choice on the FRET microscopy method most
suited for their specific application.

FRET basics

FRET is the physical phenomenon whereby energy is
transferred from an excited fluorophore, called the donor
(D), to a nearby chromophore, called the acceptor (A), by
non-radiative dipole—dipole coupling (through space). FRET
only occurs when D and A are in close proximity (nanometre
range), when there is sufficient spectral overlap between donor
emission and acceptor absorption and when the acceptor
transition dipole moment is not perpendicular to the electric
field of the dipole field of the donor. The amount of energy
transfer, usually expressed as the FRET efficiency (E), is defined
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as the fraction of photons absorbed by donors whose energy
is transferred to acceptors, and is highly dependent on the
distance between donor and acceptor (rpa). For a single DA
pair this dependence is described in Eq. (1), where R is the
Forster radius at which 50% energy is transferred:
6
= % (1).
Ry +1pa

The Forster radius Ry depends on the fluorescence quantum
yield of D (Qp), the absorption coefficient of A (¢4) (through
the parameter J, the overlap integral), the refractive index (n)
and on the relative angular dispositions of the donor emission
and the acceptor absorption dipole moments (through the
parameter: «2), see Eq. (2) in which C is a constant of
8.79 x 10~ (units M cm nm?):

RS = Cn~*Qpk?]

] =/FD(X)-8A(A)-k4dA/f Fp(L)dx 2)

(units nm®) and

The overlap integral J (units M~! cm™! nm*) depends on
the donor fluorescence emission (Fp(A), arbitrary units),
the acceptor absorption (gx(A), units M~' cm™!) and the
wavelength (A, in nanometre units).

Given the steep distance dependency of FRET (Eq. 1)
and Forster radii of 3—6 nm for most DA pairs, FRET is
only observed at DA separation of less than 10 nm, which
is at the biomolecular scale. Therefore, FRET microscopy
offers unique opportunities for studying static and dynamic
molecular proximity (through rps) and conformation
(through «?) with a resolution far below the diffraction
limit of optical microscopy. Together with the revolution in
fluorescent genetic encoded labelling [e.g. visible fluorescent
proteins (FPs)] and the increasing availability of commercial
quantitative fluorescence microscopy instrumentation, FRET
microscopy has become a routine technology in modern cell
biology with its most profound application being the study of
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cellular signalling phenomena. For more detailed description
of Forster’'s theory, the reader is referred to the original
literature and the many excellent reviews offer clear and
helpful graphical visualizations (e.g. Vogel et al., 2006; Clegg,
2009).

Intriguingly, the rate of energy transfer cannot be
determined directly (because it is a dark process), and
hence all FRET measurement techniques are indirect
and monitor subtle changes in donor and/or acceptor
photophysical properties. In order to appreciate the multitude
of FRET microscopy techniques a thorough understanding of
the changed properties of donor and acceptor molecules
due to FRET is required. After absorption of a photon, the
excited fluorescent donor molecule can relax back to the
ground state through several different kinetically competing
pathways. In case of FRET (donor in presence of acceptor,
DA), the donor quantum yield is diminished (QOps < Op),
resulting in reduced donor fluorescence intensity (Ipy < Ip).
Because FRET offers an additional deactivation pathway
from the donor-excited state, the donor fluorescence lifetime
(tp), which is proportional to the average amount of time
the fluorophore spends in the excited state, is shortened
(tpa < tp). Other competing deactivation pathways from
the singlet excited state (like intersystem crossing to triplet
state and/or subsequent photobleaching) similarly become
less probable in case of FRET. Therefore, FRET results in
slower photobleaching kinetics (longer donor photobleaching
time, tpp) of the donor (i.e. Ty pa > Tup). If the acceptor is
a fluorophore, FRET will increase the acceptor fluorescence
(In), called sensitized emission (SE), because the non-radiative
energy transfer excites the acceptor in addition to direct
excitation of the acceptor through absorbance of photons
(hence Inp > I5). FRET is not dependent on the acceptor
quantum yield (Q). FRET can also be observed by measuring
the anisotropy of the fluorescence emission after exciting the
donor with polarized light.

The efficiency of energy transfer (E) can be calculated from
altered photophysical parameters, such as intensity, lifetime or
bleaching kinetics (see Eq. 3). The subscripts denote donor in
the presence (DA) or absence (D) of the acceptor and acceptor
in the presence (AD) or absence (A) of donor.

E=1-—=1-—=1—-—=1-

_SA (SE)_EA <IAD 1)
“ep\Ia/) ep\Ia (3)

In this review, we will restrict ourselves to the most
established FRET microscopy techniques. However, for an
overview of many more (exotic) FRET detection methods,
some of which even not tested yet in practice, we refer to
Jares-Erijman and Jovin (2003). Detailed considerations on
the choice of fluorophores, either organic fluorescent dyes
or visible FPs, although crucial for the success of a FRET

experiment, are beyond the scope of this review, and can
be found elsewhere. However, some specific characteristics
of fluorophores will be highlighted if they are essential for
execution of a particular technique.

Intensity-based FRET methods

Fluorescence intensity-based FRET methods determine the
increased (i.e. sensitized) acceptor fluorescence (as compared
to the donor and/or direct excited acceptor signal).
For a comprehensive list of filter FRET techniques and
original references, see Berney and Danuser (2003). An
advantage of intensity-based FRET methods is that they
can be implemented on conventional wide-field or confocal
fluorescence microscopes. Filter FRET is the method of choice
if intramolecular ratiometric FRET sensors are employed and
fast dynamic measurements are required. In this case the
DA labelling ratio is constant in the image and a simple
ratio-image procedure can provide FRET contrast (because
probe concentration and spatial variations of excitation light
distribution and/or detection efficiency are largely divided
out). The common ratio-imaging technique is emission
ratioing, where excitation is done at a donor absorption
wavelength and the fluorescence is recorded at the D
and A emission wavelengths using bandpass filters. On
confocal microscopes this is most easily implemented using
simultaneous dual channel emission detection. On a wide-field
microscope usually a filter wheel is required to change the
emission bandpass filter to acquire two consecutive images
with a charge-coupled device (CCD) camera, in which case
the filter changes can limit the time resolution. The fastest
and most sensitive FRET recording system can be achieved
by using image splitters with dichroic mirrors projecting the D
and A imagesside by side onto the same CCD. Ratiometric FRET
can also be done using single emission wavelength recordings
at the acceptor emission wavelength and performing dual
excitation at the D and A absorption bands. For wide-
field implementation this can be beneficial because image
registration problems due to changing emission filters are
avoided. The ratio values show FRET contrast and can be
calibrated [e.g. by fluorescence lifetime imaging microscopy
(FLIM) or acceptor photobleaching, see below] to provide
quantitative images of E. However, for most ratiometric
experiments such images are not required.

Although advantageous for ratiometric sensors,
quantitative intensity-based FRET methods are highly
problematic for situations, where D, A and E are distributed
differentially in the specimen (as is the case for all
intermolecular FRET studies). Here three-filter cube methods
are necessary, requiring acquisition of three separate images
with the settings allowing the detection of sensitized emission
(S, using excitation at the donor absorption wavelength and
detection at the acceptor emission wavelength), as well as
donor (D, at donor excitation and emission wavelengths) and

© 2010 The Authors
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Fig. 1. Intensity-based and spectral FRET. Fluorescence emission spectra of donor (cyan line) and acceptor (green line) in absence (dashed line) and

presence (solid line) of FRET are shown. Note the quenched donor and sensitized acceptor emission as a result of energy transfer. For intensity-based
FRET small spectral regions (blue and green shaded areas) are selected for detection (e.g. by using bandpass emission filters). In the absence of FRET, the

detected intensity in the sensitized emission image (S) contains direct acceptor excitation and donor emission contribution (bleed-through) (green and

blue dashed arrows, respectively). In case of FRET, the S image contains direct acceptor excitation, donor bleed-through and sensitized emission (green,

blue and red solid arrows, respectively). Here the donor emission filter to acquire the D image was chosen to avoid acceptor emission bleed-through. The

calculation of net sensitized emission and E requires careful calibration with reference samples and determination of several correction factors (8, y and

G in the formula, see Jalink & van Rheenen, 2009).

acceptor (A, at acceptor excitation and emission wavelengths)
images (Gordon et al., 1998). In theory, from these three
images and several calibration images and correction factors,
E can be quantified (Jalink & van Rheenen, 2009) (see Fig. 1).
In practice the method is beset with a number of problems,
difficulties and error propagation in calculations. First, the
S image, besides sensitized emission, contains inadvertent
direct excitation of acceptor molecules. Second, the S image
contains bleed-through of donor emission into the acceptor
filter (see Fig. 1). Third, acceptor fluorescence (including
sensitized emission) can leak into the D image, which can
be avoided by choosing a restrictive donor emission filter.
To calculate correction factors to cope with these problems
and to obtain the fully corrected FRET image, a total of nine
images are required. The accuracy of the FRET estimation
will therefore be highly dependent on the reliability of the
correction factors (please note that the correction factors are
derived from measuring other samples than the FRET sample,
and therefore might not yield exactly correct values, even if
performed under exactly the same acquisition conditions).
Detrimental for accurate calculation is the presence of
different background intensities in the sample and calibration
samples due to autofluorescence, scattered excitation light
as well as possible inner filtering (absorption of excitation
light or reabsorption of emission by highly concentrated
absorbing molecules). Moreover, the method is very sensitive
to slight photobleaching, image artefacts caused by the
instrumental drift, excitation intensity fluctuations (both
spatial and temporal), registration problems due to changing
of filters, and dichroic beam splitters, dye photochromicity and
chromatic aberrations (Jalink & van Rheenen, 2009). Also
detector gain and laser intensities (in case of confocal filter

© 2010 The Authors
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FRET) need to be constant for the acquisition of all nine images,
and each experiment needs its own calibration, precluding
easy day-to-day comparisons. In practice, because of the
large amounts of corrections required, obtaining quantitative
results with filter FRET methods is very complicated, and
requires a thorough knowledge of the setup being used and
excellent microscopy and image processing skills from the
researcher. For a full description of many challenges present
in filter FRET techniques and considerations of its quantitative
possibilities (aiming also at the unification of the correction
factors nomenclature) the reader is referred to Jalink and
van Rheenen (2009). Although quantitative filter-FRET
menus and wizards are advertised by confocal microscope
manufacturers, and may seem simple as a push-button
computer application, we strongly suggest trying more robust
techniques (like acceptor bleaching or FLIM, see below)
unless acquisition speed and low fluorescent signals become a
limitation, and the aforementioned issues can be addressed.

Spectral FRET

FRET can also be calculated from spectral images (spectral
FRET) in which each pixel encodes the composite spectrum
from all different fluorescent species present at the
corresponding location in the specimen. The spectra from
the different fluorescent species are extracted with linear
unmixing algorithms and used for the calculation of E
(Zimmerman et al.,, 2002; Thaler et al.,, 2005). Spectral
FRET microscopy requires the availability of specialized
instrumentation, but in return offers several advantages over
three-filter cube FRET method: (1) the possibility to use D
and A fluorophores with highly overlapping emission spectra



114 A. PIETRASZEWSKA-BOGIEL AND T.W.J. GADELLA

(generally characterized by higher R, values and hence
enhanced FRET); (2) background fluorescence including
autofluorescence can be attributed to distinct spectral
components and adequately corrected for by unmixing and
(3) the entire emission spectrum is collected whereas in filter
FRET methods large portions of the emission are discarded by
selective bandpass filters (see Fig. 1). However, because some
spectral detectors display relatively low quantum efficiencies
(especially in confocal imaging), and emission photons are
inherently distributed into several parallel detector channels
to acquire the spectrum, the method requires relatively long
integration times and/or high fluorescence levels in the
specimen. Quantitative spectral FRET with linear unmixing
requires careful acquisition of reference spectra under the
same excitation conditions as the FRET sample (needs frequent
calibration), and similar restrictions apply as compared to
filter FRET. Spectral FRET is sensitive to photobleaching,
photochromicity (see below) and possible inner filtering.
Intensity-based and spectral FRET methods require
relatively photostable donor and acceptor molecules, and both
techniques benefit from acceptors with high quantum yield,
which increases sensitized emission, but has no effect on E.
Furthermore, to perform meaningful FRET quantification, the
donor and acceptor signals should be within the same order of
magnitude, especially for unmixing in spectral FRET.

Acceptor depletion FRET methods

Acceptor depletion methods aim at quantifying the reduced
donor quantum yield or intensity due to FRET. In practice,
the donor emission (usually in terms of intensity or spectrum
but also 7p can be determined) is measured before (providing
Ipa) and after (providing I) selective photodestruction of the
acceptor. The relative increase in donor emission — or lifetime
— after complete acceptor photobleaching is proportional to
E (see Fig. 1) (Bastiaens et al., 1996; Bastiaens & Jovin,
1998). The advantages of acceptor depletion methods are:
the ease of implementation and compatibility with standard
(confocal) microscopes; the ease of FRET estimation and
insensitivity to inner filtering artefacts. In addition, the
method, unlike FLIM, is very effective when (part of) the
donor molecules display very high transfer efficiencies causing
their ‘disappearance’. After acceptor depletion these molec-
ules contribute most to the detected FRET signal. However,
this technique can be relatively slow and therefore is most
often applied to fixed samples. In addition, it is inherently
destructive precluding dynamic measurements, and it can
induce severe phototoxic effects when applied to live samples.
Fast photobleaching requires a relatively low photostable
acceptor and a strong and selective excitation source that does
not affect donor photostability. Inadvertent bleaching of the
donor during the acquisition of Ip, and I images, results in
erroneous (under-)estimation of E. Moreover, measurements
are affected by scattering, autofluorescence and by movement

in the sample between the acquisition of the pre- and
post-bleach images. The quantification of E using acceptor
photobleaching strictly relies on complete photobleaching
of the acceptor (Berney & Danuser, 2003). However,
continuous monitoring of donor and acceptor intensities
during acceptor photobleaching and subsequent curve fitting
of donor and acceptor bleaching kinetics eliminates the
need of performing additional correction measurements. This
technique improves the determination of FRET efficiency
and allows measurements with partially bleached acceptors
(van Munster et al., 2005). For acceptor depletion methods
it is assumed that photobleaching of the acceptor also
destroys its absorption. Some acceptor fluorophores however
can be converted to (reversible) absorbing dark states with
low quantum yield. In this case acceptor fluorescence
is lost (temporarily), but FRET remains, leading to an
underestimation of E. Photochromic acceptor behaviour can
also be used for FRET microscopy if the acceptor absorption
can be switched (cycled) repeatedly between FRET competent
‘on’ and FRET incompetent ‘off’ states using specific excitation
wavelengths (photochromic FRET, pcFRET). In the past a
few organic probes have been used as reversible switching
FRET acceptors (Jares-Erijman et al., 1997). The recent
development of a reversible photoswitchable red fluorescent
protein rsTagRFP enabled excellent intra- and intermolecular
pcFRET using YFP as donor (Subach et al., 2010) and holds
great prospects for dynamic pcFRET microscopy of live cells in
the future.

Donor photobleaching FRET method

Another technique employing photodestruction is based on
altered donor photobleaching kinetics in the presence of
FRET (photobleaching FRET, pbFRET; Jovin & Arndt-Jovin,
1989). pbFRET can be applied if photodestruction of the
donor fluorophore involves and depends on the population
of the donor singlet excited state. In this case the reduced
donor fluorescence lifetime due to FRET decreases the
probability/rate of donor bleaching. In practice, the technique
requires recording of the donor fluorescence intensity as
a function of time, and the kinetics of donor bleaching
is compared in presence and absence of FRET (Young
et al., 1994). Because bleaching occurs generally in the
seconds to minutes range, the kinetic measurements can
be performed using conventional fluorescence microscopes.
Another advantage of the method is that high excitation
power and long integration times can be used which gives
rise to high signal to noise data. Disadvantages of this
technique are the requirement of fixed samples, the need for
a photostable acceptor and the influence of factors other than
FRET influencing the photobleaching rate like presence of
oxygen, radical scavengers and (spatial dependent) excitation
light intensity in the sample (e.g. introduced by inner filtering).
Even if all these can be controlled photobleaching can be a

© 2010 The Authors
Journal of Microscopy © 2010 The Royal Microscopical Society, 241, 111-118



rather complex process and the accuracy of FRET estimation
relies on the correctly fitted decay of donor intensity. Final
caveats of methods employing photobleaching strategies are
the induction of photodamage and/or photochromicity, and
their inherent destructiveness, which is not compatible with
dynamic (live cell) FRET measurements.

FLIM-FRET method

FLIM is a technique used to resolve the spatial distribution
of nanosecond (ns) excited state lifetimes within microscopic
images (Gadella & Jovin, 1995; van Munster & Gadella,
2005). The two most common implementations are the
frequency- and time-domain FLIM. Measurements in the time-
domain employ ultra short excitation pulses and recording
of the (ns) time-resolved donor fluorescence emission decay
from which the donor fluorescence lifetime (zp) can be
determined. In the frequency domain, (sinusoidally) intensity-
modulated excitation light and a gain-modulated detector
are used, and 7 is derived from the phase shift and
demodulation of the fluorescence emission as compared to the
excitation light. Because of the frequency-domain technique
is most easily implemented on wide-field microscopes (using
a gain-modulated intensified-CCD detector) and the time-
domain technique is usually implemented on a confocal
scanning microscope (using time-correlated single photon
counting), they are often described separately. However,
both methods can be implemented on either confocal
scanning or wide-field microscopes and the wide-field FLIM
implementations are compatible with Nipkow disc multi-beam
techniques.

Although FLIM-FRET requires specialized instrumentation,
the independence of t from fluorescence intensity makes
the technique very robust because variations in excitation
intensity, inner filtering, moderate donor photobleaching
and detector sensitivity do not influence t. Furthermore,
by contrast to the bleaching methods, the method is non-
destructive, not particularly phototoxic and hence can be
applied to living cells and used for monitoring dynamic FRET
changes. Factors possibly affecting the measurements are
scattered excitation light and autofluorescence. Although
the latter is a general problem for any form of quantitative
fluorescence microscopy, the former problem can be reduced
by usage of a proper emission filter or accounted for by FLIM
analysis because scattering is an ultrafast process (z = 0). A
disadvantage of FLIM analysis is that it requires the detection
of relatively large numbers of photons in order to get accurate
results, especially for (time-correlated single photon counting)
confocal imaging. This can result in long acquisition times
(generally >30 s/frame). Wide-field FLIM, despite its usage of
low quantum yield (gated or frequency modulated) intensified
detectors, is usually one to two orders of magnitude faster than
confocal FLIM because all time-resolved measurements in the
image are done in parallel: even video-rate FLIM systems have
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been described. So depending on the type of instrumentation
FRET-FLIM can be compatible with monitoring dynamic
processes.

There are two concerns related to the process of
photodestruction for FLIM measurements. First, (partial)
acceptor bleaching leaves the donor unquenched, leading to
underestimation of E. Second, photoconversion of the donor
fluorophore can alter its fluorescent lifetime. Therefore the
ideal FRET pair for FLIM consists of two relatively photostable
fluorophores with well-separated emission spectra (because
FLIM requires the donor-only part of the spectrum). For
FRET-FLIM one has to rule out the possibility of lifetime
changes due to altered pH, ion concentration or viscosity
in the sample. Small organic fluorophores are especially
affected whereas most recent monomeric FPs are far less
sensitive to such artefacts. Furthermore, donor fluorophores
with long lifetimes, increasing the dynamic range of the
lifetime measurement, and monoexponential decay, for easier
fitting and quantification, are preferred (Goedhart et al.,
2010). Assumptions involved in curve fitting, such as the
appropriateness of specific decay models for a particular
sample, or even the specific method used for fitting must be
considered to attain reasonable results. Although multispecies
fitting procedures in FLIM such as global analysis (Verveer &
Bastiaens, 2002) or phasor/polar plot analysis (Clayton et al.,
2004) can be complicated, they enable the identification of
fractions of molecules involved in FRET, which is impossible
for methods like filter FRET, spectral FRET, pbFRET, pcFRET
or acceptor bleaching.

Anisotropy FRET method

Another powerful and still underappreciated parameter
reporting on energy transfer is the anisotropy of the
fluorescence emission. Upon excitation of the sample with
polarized light, only molecules that, by chance, have their
excitation dipole moment oriented favourably (i.e. parallel) to
the excitation light polarization direction are excited (a process
called photoselection). If rotational movement of the molecule
within its fluorescence lifetime is limited or negligible (as is
the case for visible FPs due to their size), the emitted light will
also be polarized, the extent of which depends on the angle
between excitation and emission dipole moments. In case of
FRET to afluorescent acceptor, the ensuing sensitized emission
is partially depolarized because it results from acceptor
molecules whose emission dipoles can be differently orientated
with respect to the excitation polarization direction (see
Fig. 2). Both steady-state emission anisotropy and (life)time-
resolved anisotropy decay measurements are possible. In
practice, the sample is excited using linearly polarized
light and the fluorescence intensity is measured in both
parallel and perpendicular polarization directions (Clayton
et al., 2002). Anisotropy measurements can be performed
using scanning or wide-field microscopes. Complicating



116 A.PIETRASZEWSKA-BOGIEL AND T.W.J. GADELLA

™ . ')

v

Fig. 2. Homo-FRET by fluorescence anisotropy measurement. A
population of randomly oriented FPs is excited with linearly polarized
light (the polarization direction is indicated by the leftmost blue arrows). In
situation A, no FRET occurs because of extended distance between the FPs
(here, photoselection only excites two molecules). Due to a small intrinsic
angle between excitation (grey) and emission (black) dipole moments, the
total resulting fluorescence emission (red arrows) will have nearly the
same polarization direction as the excitation light. In case of homo-FRET
(in situation B, note the close proximity of FPs), the resulting fluorescence
emission consists of remaining highly polarized emission from the initial
photoselected FPs and a much less polarized sensitized emission from their
interacting partner FPs. This mixed polarization results in reduction of the
detected anisotropy. Note that FRET (green arrow) can be bidirectional
and that the total emission (summed lengths of the red arrows) is identical
for situation A and B, i.e. no overall quenching or fluorescence lifetime
reduction will occur.

instrumental factors are (de)polarizing effects of filters, mirrors
and lenses (especially lenses with high numerical aperture),
leading to a G factor (= relative detection efficiency of parallel
and perpendicular directions) substantially deviating from 1.
As a result, microscopy-based anisotropy measurements are
restricted to lenses with numerical aperture < 1, usually
limiting the possible magnification for the measurement.
Furthermore, contrast techniques such as phase contrast and
Nomarski differential image contrast that utilize polarization

and interference to enhance contrast, perturb with the
anisotropy measurement. Hence, the microscopy setup should
be free of these functional elements in order to ensure
correct anisotropy calculations. Besides these hardware
considerations, the anisotropy measurement is sensitive to
background autofluorescence and scattered excitation light.
In hetero-FRET applications (different spectral properties of
D and A), both direct excitation of the acceptor and bleed-
through of the donor emission will introduce highly polarized
components. Hence, three-filter cube-like corrections are
required for isolation of the partially depolarized sensitized
emission in hetero-FRET anisotropy.

Importantly, anisotropy measurement holds a unique
advantage over all other FRET methods in that it is the
only technique that can detect homo-FRET: the energy
migration between spectrally identical fluorophores (see
Fig. 2). A requirement for homo-FRET (also called energy
migration) is a fluorophore with a small Stokes shift and hence
overlapping excitation and emission spectra. Homo-FRET is
particularly useful for the investigation of oligomerization
(Varma & Mayor, 1998). Homo-FRET (employing 1 type
of fluorophore) provides a higher sensitivity than hetero-
FRET (employing two different types of fluorophores) for
studying homo-oligomerization. In hetero FLIM-FRET pairing
of two acceptor-tagged molecules will not be detected and
worse, pairing of two donor-tagged molecules will dilute the
FRET signal from donor-acceptor paired molecules. Other
advantages of homo-FRET are that it relieves the researcher
from dual labelling, from controlling relative expression levels
of differently labelled but otherwise identical proteins and from
using narrow emission bandpass filters, because the entire
donor spectrum can be used.

Choosing the best FRET microscopy method

Considering the many different methods and principles for
detecting FRET in a microscope, choosing the best microscopy
technique for a FRET measurement can be a daunting task.
There is no overall best method, because each has its own
pros and cons. Furthermore, the choice will be determined
by the microscopy instrumentation available, including
(excitation/emission) filters and excitation options (laser
lines), the specimen and probes used. To assist the interested
reader in selecting the best FRET microscopy technique we
included Fig. 3 in which answering a few questions will guide
you to the most straightforward and applicable techniques.
The figureis presented without pretensions: by no means other
choices, solutions or new options considering new hardware
developments are excluded, it should be regarded as a well-
meant advice after 20 years of FRET experimentation in
practice.

Some general considerations to keep in mind are: regard
the use of a simple technique in case only a qualitative
answer is needed (a FRET change over time) or in case
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Fig. 3. FRET-microscopy method selector. 1 Or slow response with fast moving cells or subcellular structures. 2Can be made quantitative after calibration
using ratiometric constructs with known E. 3In this case donor-only and acceptor-only labelled oligomers will not contribute to the FRET signal. S/N1
means the method of choice in case of high fluorescence levels and S/N | means the method of choice in case of low fluorescence levels (noisy images).

where a ratiometric intramolecular FRET sensor (with fixed
donor to acceptor labelling ratio) is used. Another advice is
to pay particular attention to setting up the proper set of
controls — also perform measurements of non-labelled, donor-
only, acceptor-only and dual-labelled non-FRET and FRET
samples, even if they do not seem necessary (like acceptor
bleaching of a donor-only labelled specimen). Such controls
will report on autofluorescence, scattering, bleed-through,
photochromicity, registration problems, etc. Upon awareness
of these problems, measures can be taken to reduce or
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eradicate them by changing the experimental conditions, like
filters, laser intensity, fixation method, medium, immersion
oil, etc. Finally, if possible, try to confirm results with two
different techniques, i.e. one based on donor quenching and
one on sensitized emission. In case of intermolecular FRET,
methods monitoring only the donor (like acceptor bleaching
and FLIM) are less prone to artefacts because acquisition
with only one excitation wavelength circumvents registration
problems, chromatic aberrations and allows usage of so-called
dirty acceptors (e.g. labelled antibodies recognizing multiple
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epitopes) or even dark non-fluorescing acceptors. On the
other hand, methods monitoring both donor and acceptor
populations provide an invaluable control for the behaviour
of both interacting species. This can be of great importance in a
situation where the distribution of molecules changes during
the measurement.
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Practical frequency domain fluorescent lifetime imaging microsco-
py has enjoyed considerable success in the analysis of biological
systems. Appreciation of the strength of the method requires an
understanding of kinetics, instrumentation, calibration, data pro-
cessing, and subsequent analysis. This chapter presents an overview
of the governing equations of frequency domain lifetime imaging,
specifically: apparent lifetimes, fluorophore mixtures, chi-squared
minimization, discrete Fourier processing, and treatment of binary
mixtures. Emphasis is placed on instrumentation variations, trends
in the field, and finishes with methods of interest for the future.
While publications on fluorescence lifetime imaging microscopy
(FLIM) have been relatively evenly divided between time and
frequency domain methods, a majority of the 10 most highly cited
papers using FLIM have taken advantage of the frequency domain
method [1, 2-9]. Both techniques have confronted similar chal-
lenges as they have developed and, as such, common themes may
be found in both approaches to FLIM. One of the most important
criteria is to retrieve the maximum information out of a FLIM
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measurement in the shortest period of time. There are many rea-
sons for this interest: minimization of motion artifacts, reduction of
sample changes during measurement, generation of time series data
sets, and photochemical damage to the specimen [9-15].

In the time domain, this has driven investigations of methods for
sampling the fluorescence decay with time in a variety of ways—a
topic treated elsewhere in this book. Similarly, in the frequency do-
main, rapid and minimally intrusive measurement involves a set of
tradeoffs between lifetime accuracy and speed. Recently, considerable
effort has gone into obtaining the most information about a sample
from measurements made at a single frequency [16-20]. To better
appreciate these developments and the instrumentation that under-
pins them, this chapter will review the theory of frequency domain
measurements, describe instrumentation for making the measure-
ment, look at some of the emerging areas in the technique, and discuss
analysis strategies. The analysis of fluorescence resonance energy
transfer using FLIM in single cells is demonstrated with an example.

The chapter will present data primarily from wide field frequency
domain measurements; however, a wide range of confocal solutions
in the frequency domain have been reported, including: point scan-
ning [21], programmable arrays [22], and spinning disks [23]. The
principles of frequency domain lifetime imaging in both wide field
and confocal measurements are the same, so the treatment is this
chapter is general. The implementation of all types is very similar
with the exception of the point scanning reference [21], which uses a
lock-in technique. Readers interested in the lock-in approach
should consult the original report. The goal of this chapter is to
present the collection and processing of frequency domain data and
briefly describe subsequent processing of single or multiple lifetime
images to provide information to users. This last part is particularly
important as there are a growing number of FLIM users who have
little or no fundamental interest in fluorescence lifetimes. These
users are interested in answers to questions such as: “Is my protein
phosphorylated?” “Are my proteins interacting?”’ “Has my recep-
tor dimerized?” “Where and when is my protein activating its

O_\H N FREQUENCY DOMAIN FLIM @H

partner?” For these users, the fluorescence lifetime is simply a tool
to answer a biological question and the goal is to provide these
users with answers as unambiguously as possible.

2.1. Rates, time constants, and lifetimes

When a molecule absorbs a photon of light, this mediates a process
in which an electron is promoted from a ground state to an excited
state. The energy difference between the two states is equal to the
energy of the photon absorbed. The molecule spends some period
of time in the excited state before returning to the ground state. The
amount of time that the molecule, on an average, spends in the
excited state is called the fluorescence lifetime. The excited state
may deactivate through a variety of processes (see also Chapters 1
and 12). If the molecule returns to the ground state with the
emission of a photon, the process is said to be radiative. If no
light is released, it is said to be nonradiative. Lifetime imaging
makes it possible to investigate the rates of molecules returning to
the ground state by observing the behavior of emitted light.
Measured fluorescence lifetimes change in response to a variety of
processes. Chemical changes in the structure of a molecule, such as
addition of a proton, can result in a fundamental change in the rate
constant of emission. More commonly, measured fluorescence life-
times change in response to nonradiative processes competing with
the radiative rate constant for deactivation of the excited state. The
two most important nonradiative processes are dynamic quenching
of the fluorophore and fluorescence resonance energy transfer
(FRET). Quenching effects assess the degree of accessibility of a
fluorophore to a quencher. FRET is an indicator of proximity
between a fluorophore and the molecule that accepts the excited
state energy.

For a simple fluorophore, the release of light proceeds through a
first-order process. By this we mean that the rate of return to the
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ground state depends on the number of molecules in the excited
state times a rate constant.
dMm=
— = —kM* 2.1
T (2.1)
In this expression, M* is the number of molecules in the excited
state and k is the first-order rate constant. The differential equation
has a solution of the form (see also Chapter 1, Section 1.5.2):

M(1) = Mye™ (2.2)

The fluorescence lifetime, 7, is the reciprocal of the rate constant

k and is the parameter of interest for lifetime imaging:
1
= (2.3)

An intuitive way to measure the rate constant, k, is to prepare
some number of molecules in the excited state, perhaps with a pulse
of light, and observe the amount of light given off per unit of time
after the pulse. A logarithmic plot of intensity with time will give a
straight-line graph with a slope of —k. This approach is the basis of
time domain measurements.

If, instead of a pulse of light, a light source modulated at a
particular frequency or set of frequencies is used to excite the mole-
cules, the result is a frequency domain measurement. Although
frequency domain methods for the analysis of fluorescence decays
appeared as early as 1927 with the work of Gaviola [24], the modern
development of this approach began with the work of Spencer
and Weber [25]. The structure of the modulation function with time
can provide information from one or many frequencies. Typically,
experiments are done by modulating the excitation light source
using a sinusoidal function with a single frequency. This results in a
modification of Eq. (2.1) to include a driving function that adds
a time-dependent increase in the number of excited state molecules
[26, 27].

O_\H N FREQUENCY DOMAIN FLIM @w
dm-
= kM4 £(1) (2.4)

The term f(¢) is the time-dependent driving function provided by
the modulated light source. This differential equation may be
solved in terms of the measured signal relative to the driving
function. Details of the solutions to these types of equations for a
variety of systems may be found in the literature (c.f.: [27]). For
lifetime imaging, the goal is a set of measurements allowing the
recovery of the rate constant or set of constants. For a single k, the
lifetime may be computed from the modulation and phase of
the driving function and the equivalent values obtained from the
sample. The apparent decay rates are computed from m and ¢:

k= and k = o/ —— (2.5)

With the rate constant in hand, the lifetime can be reported.
Rearrangement of these expressions yields the more familiar
expression for phase and modulation lifetimes in terms of 7.

1

= tang (2.6)

1 /1
=] — 1 2.7
T =7\ (2.7)

where o is the circular frequency of modulation (= 27 x frequency
in Hz). These two estimations yield the same value if only a single
lifetime is present, that is, if the decay is truly monoexponential.
This will be the case if there is a single fluorescent species
of fluorophore with a monoexponential decay. In special cases,
including energy transfer or excited state reactions, a complex
mixture may also cause the two estimators to yield a single value.
In most cases of interest, there will be multiple species that possibly
have nonexponential decays. In such a case, these single-frequency
lifetime estimations are a function of the lifetimes of the various
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fluorescent species and their respective amounts. Nevertheless,
Egs. (2.6 and 2.7) are informative, as with an increasing amount
of short-lifetime species, these estimations will become lower.
For a single species, the lifetimes are reasonably constant with
wavelength. However, mixtures of fluorophores will exhibit
wavelength-dependent behavior.

Similar expressions can be derived for systems of fluorophores
having different rate constants, the details of the mathematics are
not important here. A few rules have been derived for mixing of
signals from such systems. The modulation and phase for a system
of multiple noninteracting fluorophores that are not undergoing
excited state reactions can be computed from a sum related to the
fractional contribution of the individual fluorophores, the lifetime,
and the modulation frequency. The fractional contributions f;, for
the ith fluorophore in a mixture is given by:

Lo; oiT;
/ Yol oo 28)

In this expression, Iy, is the fluorescence intensity calculated
for the ith fluorophore at a particular wavelength and «; is the
corresponding amplitude of its exponential decay.

For a mixture of n directly excited noninteracting fluorophores,
the apparent phase and modulation may be calculated according to
Egs. (2.9-2.11):
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¢ = tan”! @v (2.10)
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Practically speaking, these expressions allow the prediction of
the phase and modulation for an arbitrary mixture of noninteract-
ing fluorophores and the respective modulation and phase lifetimes.

It is important to note that if a mixture of fluorophores with
different fluorescence lifetimes is analyzed, the lifetime computed
from the phase is not equivalent to the lifetime computed from the
modulation. As a result, the two lifetimes are often referred to as
“apparent” lifetimes and should not be confused with the true life-
time of any particular species in the sample. These equations predict
a set of phenomena inherent to the frequency domain measurement.

Consequences of Eqgs. (2.9-2.11) are:

1. A mixture of noninteracting fluorophores might be observed
by spatially variant FRET in a specimen, which is blurred
because of optical resolution issues, will result in different
lifetimes being measured for 7,, and 7, and 7, > 7+ In many
instances, a single frequency measurement will be insufficient
to determine the number of fluorophores or the number of
fluorophore environments in a sample.

2. Equations (9-11) are dependent on three parameters: w, «;
and 7;. All may be exploited in the analysis of mixtures of
fluorophores; however, @ is the only one that can be system-
atically varied without altering the sample.

3. Most reported measurements are a tradeoff between speed of
image collection, photobleaching, and operator convenience.
The limitations of variously designed instruments are conse-
quences of these defining equations.

In the next section of this chapter, we will review a variety of
instrumentation approaches to the FLIM experiment. In particular,
we describe conventional systems as well as those designed to observe
variation in «, and systems designed for the collection of multifre-
quency data. In this context, we will also look at data collection
strategies and the subsequent first pass analysis of the acquired
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images using Fourier transforms or sinusoidal fitting. The two stra-
tegies have slightly different needs for data collection. Sinusoidal
fitting will be successful for any number of phase steps, the phase
steps need not be equally spaced, and the sum of the phase steps can
be quite flexible (e.g., n, 27, 4=, etc.), with no special conditions
placed on the subsequent analysis. Discrete Fourier transform
(DFT) processing requires equally spaced phase steps. Depending
on the implementation, changing the number of steps and the total
distance over which those steps are taken may require special proces-
sing and programming.

2.2. Instrumentation

The instrumentation for frequency domain fluorescence lifetime
imaging consists of a modulatable light source, the microscope
and associated optics, and a modulatable detector. Traditionally,
the FLIM light source has been a laser modulated with an acousto-
optic modulator (AOM) [15, 28, 29], although pulsed laser sources
have also been used in frequency domain systems [30]. Recently,
LEDs have appeared as an alternative to lasers in frequency domain
FLIM [31-34]. There are a variety of advantages of the LED over the
laser. The cost of LEDs and repair of LED equipment is substantially
less than that of lasers. Various publications have described the use of
LEDs and advances in LED sources have produced devices with high
output across wide ranges of the UV-vis spectrum. Integrated LED
systems are available commercially for the determination of lifetimes.
[35] A disadvantage of LEDs is the more extended nature of the LED
as a source. This tends to lead to a lower flux reaching the sample. In
comparison, traditional systems using AOMs and ion lasers will be
more costly. A few noteworthy points about light sources for the
frequency domain lifetime measurement:

1. Although LEDs are emerging as a likely dominant light
source for FLIM, there are some regions of the spectrum
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where lasers are still the best choice. Since the technologies
are advancing rapidly, before purchasing components for the
UV portion of the spectrum, a quick review of the literature
should be done.

2. In the UV, standard LEDs are still relatively untested and
either the UV lines of the Ar+ ion laser or directly modula-
table LED lasers are likely the component of choice at time of
writing.

3. Use of a laser that is not directly modulatable will require the
use of a suitable modulator. Although a number of technol-
ogies are available for FLIM, the only one in widespread use
is the AOM. The AOM must be on resonance and finding a
suitable frequency is facilitated by access to a high-speed
photodetector. AOMs must be temperature controlled or
the modulation depth and phase will drift (perhaps rapidly).
The modulated signal from an AOM is at twice the driving
frequency and is found in the zero-order position of the AOM
output. The zero- and higher-order beams exiting the AOM
diverge at relatively low angles and require roughly 1-2 me-
ters to separate. As a result, the AOM modulated system is
likely to require more space, an optical bench, and occasional
beam adjustment.

4. High-power argon ion or similar lasers require cooling, high
voltage, and skilled technical assistance. These points should
be taken into account when computing the cost of a system.

Over the next 1-5 years, it is likely that nearly all frequency
domain FLIM will migrate to LED light sources. Unless a user has
a specialty application requiring a traditional high-power laser, the
added cost will likely be unjustified. Specialty applications that
might justify the laser are very high speed—the best LEDs do not,
at present, bring as much light to the object plane of a microscope as
a laser—or UV-excitation in the range required to excite the intrin-
sic fluorescence of proteins or molecules with similar UV-excitation
requirements.
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2.3. Instrumentation: Frequency domain FLIM

FLIM systems can be purchased as an add-on for a standard
fluorescence microscope. Such a system will consist of a CCD
camera coupled to a modulatable image intensifier, an LED light
source, and driver electronics. This system will modulate the LED
and image intensifier while shifting the phase between them as it
takes a series of images (Fig. 2.1).

An alternative to purchasing a turnkey system is to construct a
similar system from components. CCD cameras are available from
a wide range of suppliers. For FLIM applications, the CCD
need not have particularly high QE or exceptionally low noise.

Phase, g

frequency

Computer
Image
Signal generator
Camera
Intensifier
Phase Frequency LED _u__ﬁmﬂ
mirror
Sample

Fig. 2.1. Frequency domain FLIM system.
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The image intensifier will define the overall noise characteristics and
QE of the system. The CCD camera should be chosen so as to have a
good response at the emission wavelengths of the phosphor in the
intensifier and, if there is a demand for high frame rates, the CCD
should be chosen to support this. Image intensifiers suitable for
frequency domain FLIM are available from Hamamatsu, Kentech,
and Lambert Instruments. There is wide variation in cost and flexibil-
ity between these suppliers. If camera and intensifier are purchased
separately, thought should be given to coupling the intensifier to the
camera. A pair of standard high-quality camera lenses can be used to
accomplish this task. Usually this will require c-mount adapters and a
small amount of machining. Some manufacturers provide a unit
consisting of a suitable intensifier precoupled to a CCD camera.

The intensifier manufacturers listed above provide electronics to
drive the intensifier at the frequency of an input signal. Generation
of the input signal requires a precisely controlled frequency synthe-
sizer. Two such synthesizers will be needed for many applications to
independently control the intensifier and the light source. For exam-
ple, when modulating an AOM, the frequency must be half the
desired modulation frequency and may need to be at higher power
than the signal driving the image intensifier. In the literature, units
made by Marconi [3, 22], Hewlett Packard, and Rhode & Schwarz
[29] are often cited; however, some of these brands are currently
available. The Marconi synthesizers are currently sold by Aeroflex
under the IFR Systems name. The test and measurement portion of
Hewlett Packard has been reorganized under the Agilent name.

A similar arrangement may be used for driving an AOM to
modulate a laser. An AOM and amplifier may be purchased to-
gether. The main difference between driving an LED and an AOM
from an operational point of view is that the AOM is driven at
half the frequency of modulation. As noted earlier, the AOM does
not support continuous frequency modulation. A frequency must
be chosen close to the desired frequency at the position of a
node in the AOM response. Typically, these are regularly spaced
about 100-200 kHz apart. This makes finding a convenient node
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relatively straightforward; however, the position of the AOM
nodes must be found and tabulated and the temperature of opera-
tion matched to that of the test conditions.

2.4. Systems for measuring lifetimes at multiple frequencies

Examination of Egs. (2.9-2.11) suggests that having frequency
domain lifetimes measured at a variety of frequencies is desirable,
as it will allow a mixture of fluorophores to be determined. With
this in mind, two approaches may be taken to obtain multifrequency
results. The first of these is simply to make a series of FLIM measure-
ments while stepping through a predetermined set of frequencies.
In practice, this is of limited utility for biological systems because
of photo-induced damage to the specimen.

A second multiplexed approach is to use a nonsinusoidal exci-
tation source, by employing pulsed light sources or multiple AOMs
and a nonsinusoidal modulation of the detector, which leads to the
presence of multiple harmonics in the FLIM signal. These harmonics
can be separated using Fourier methods, allowing measurement at
several frequencies. This approach appears to have been reported
only once by Squire ez al. where he used two AOM s placed in series,
and modulated an image intensifier in a block-wave fashion [30].
From a theoretical point of view, there appear to be few disad-
vantages of the multiplexed approach to obtaining multiple frequen-
cies. The barrier to more widespread application is, at present,
the complexity of the hardware.

2.5. Spectral FLIM

Spectral FLIM involves measuring the apparent lifetimes in a
preparation at many wavelengths with the assistance of a spectro-
graph or a series of filters (see also Chapter 4, Figs. 4.7 and 4.8
depicting hyperspectral FLIM in the time domain). The goal of the
measurement is similar to that of the multifrequency approach:
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determining a mixture of lifetimes with the assistance of Egs.
(2.9-2.11), except exploiting spectral variations in « rather than
using variations in frequency. Provided the fluorophores are spec-
trally dissimilar enough, variation in « is of similar value to varia-
tion in frequency. However, variations in « in a sample or a set of
dyes tend to be fortuitous rather than systematically adjustable like
the modulation frequency.

Instrumentally, spectral FLIM generates a spectrally resolved set
of lifetimes by either introducing filters to provide spectral resolution
or a spectrograph between the sample and image intensifier. The first
such system was created for looking at the long lifetimes of lantha-
nide dyes [37]. Later, a spectral FLIM system was described for
measuring from a two-dimensional (2D) area of a microscope field
[38]. Simpler systems have also been described and adopted by others
[39]. Introducing the spectrograph is relatively straightforward com-
pared with the difficulty of assembling and programming a FLIM
system and may be completed at reasonable cost (Fig. 2.2).

There are a number of practical issues associated with introduc-
tion of a spectrograph. A spectrograph disperses the light from a
single point into a spectrum, which is measured as several points.
As a result, the total light in the spectrum will be equal to the light
from a single point in a standard FLIM image. The more spectral
elements the system has, the less signal will be observed in each of

Intensifier

_ Signal generator 1 “

Imaging

CCD camera —
QD) spectrograph
7 Signal generator 2 _%h Tube lens
[_Ar* laser —{ AOM
Objective

Order selection

Fig. 2.2. Imaging Spectroscopic FLIM system.
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them. As a result, users should plan on taking longer to acquire
data, should be realistic about the number of spectral segments
they wish to collect, and should bin the camera in the spectral
direction. The only alternative to longer exposures and binning is
to increase the slit width of the spectrograph. Increasing the slit
width is best avoided, since microscope optics can produce features
smaller than the slit width if it is increased too much. Often this will
not be a problem; however, it can result in small shifts in the
position of spectral features in the resulting images. To avoid this,
a slit width should be selected that samples the image plane of the
microscope well. A slit around 10 ym will work well for many cases.

2.6. Data acquisition strategies

A serious practical limitation on lifetime measurements of all types is
photodestruction of the sample. Photodamage can take many forms.
The primary fluorophore of interest may simply bleach making the
sample unusable. This is perhaps the least worrying because it is
readily apparent. Other mechanisms of light-induced change may be
more subtle. An acceptor may bleach, leaving the donor apparently
unaffected but the measurement altered. Fluorescent proteins have
been shown to undergo photoconversion between different forms
with different lifetimes. This may be sufficient to alter a result.
Most of the time this photon-induced change is undesirable.

A variety of strategies to mitigate sample photodamage have
been described. The most widely used is a procedure in which
the data is collected twice while reversing the direction of the
phase steps. This approach works for minimal photobleaching.
Photobleaching is a kinetic process similar to the first-order kinetics
discussed earlier in the chapter and exhibits an exponential decrease
with time. Over a short time period, the exponential decay because
of photobleaching may be treated as approximately linear.
By summing up the two measurements at a particular phase shift
in the acquisition sequence, approximately linear photobleaching
and related processes can be corrected.
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The disadvantage of this procedure is that it doubles the amount
of time required to acquire a data set, doubles the size of the data
set, and exposes the sample to twice as much excitation light. More
recently, an approach has been described in which phase step
acquisition is randomized so that there is no trend in photobleach-
ing or related effects in the analysis [29]. This approach is relatively
new, is reported to work very well, and should see more widespread
use in the future.

2.7. Calibration and measurement validation

Frequency domain requires careful calibration and spending time
to test and validate the results is worth the effort. Users should be
aware that an error in the standard lifetime, using the standard
lifetime, or transferring a calibration inappropriately does not
propagate linearly to the resulting measured lifetimes. Frequency
domain measurements are relative measurements insofar as the
lifetime of the sample is made relative to the lifetime of a reference
standard of known lifetime. Three methods have been described for
calibrating the measurement. Each one seeks to determine the
modulation depth and the zero-phase position of the excitation
light source. The phase of a sample is the difference between the
raw measured phase of the sample and the zero-phase position of
the light source standard. Similarly, the corrected modulation
depth of the sample is the raw measured value divided by the
modulation depth of the excitation light. All three of these methods
attempt to determine the modulation and zero-phase position of
the light source by using a sample of known “lifetime.”

2.8. Calibration by comparison with a scattering solution

In this case, the excitation and emission filters and dichroic mirror
used with the sample are removed and replaced with a beam splitter
[3, 36]. A scattering solution is placed on the microscope and a
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measurement series is collected. Scattering of light is a fast process
and as such the “lifetime” of the scattering solution is assumed to
be 0 ns. The computed phase and modulation depths obtained are
therefore equivalent to the position of zero phase and modulation
depth of the light source. This method has the advantage of
providing a stable reference value and the scattering solution will
mimic fluorescence better than a reflecting surface.

This procedure should be used cautiously as image intensifiers
can be damaged by too much light. When the standard microscope
filters are replaced by the beam splitter, a neutral density filter
should be inserted to protect the intensifier.

2.9. Calibration by use of reflecting surfaces

This approach works similar to the scattering solution. The filters
are replaced with a beam splitter and a mirrored surface is placed in
the position of the sample [36, 40]. Similar to the scattering solu-
tions, the “lifetime™ of the reflection process is assumed to be 0 ns.
The remaining aspects of the approach are the same as for the
scatterer.

There is a variation on this approach in which a specialized
filter cube is constructed consisting of a true mirror rotated 90 °
from the way a dichroic mirror is typically installed such that the
incident beam is directed to the camera without passing through
the objective [41]. This gives a reference phase for a path length
that does not include the trip through the objective to the sample
and back. The phase delays and demodulation factors for this
additional distance are calibrated independently for each objective.
Reflecting surfaces are advantageous because they are readily
available, provide a robust mimic of a very short lifetime, and
will be stable over time.

Both versions of this procedure should be done with care to
avoid damaging the image intensifier.
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2.10. Calibration by use of fluorophores of known lifetime

This procedure involves selecting a fluorophore of known lifetime
and placing it in the microscope and measuring the phase and
modulation depth [11]. Rearranging Egs. (2.5 and 2.6) allows the
expected phase and modulation to be predicted. These may then be
used to compute the position of zero phase and the modulation
depth of the light source. An advantage of the method is that it may
be done under conditions exactly matching those of a sample.

2.11. Comparison of calibration methods

All three methods work and have yielded good results when done
properly, but none is ideal. Deciding which is best for a particular
purpose will depend mostly on personal preference and the tradi-
tions of the group doing the measurement. There are a few points
to note in each case, which are worth keeping in mind.

1. When implementing methods based on reflection and scattering
from the object plane, reflecting surfaces inside the microscope
must be kept to a minimum. Phase rings inside an objective can
cause spurious reflections, which may cause small changes in
phase and modulation depth. Some objectives have polished
metal surfaces, which can generate a signal at the intensifier,
which interferes with the signal from the object plane.

2. The calibration should be done for the specific objective in
use. Some objectives have been shown to be interchangeable
with minimal effect on the modulation depth and phase;
however, this is not easily predicted in advance and should
never be assumed to be negligible.

3. Introduction of metalized neutral density filters in FLIM sys-
tems should be done cautiously as artifacts have been observed
due to single or multiple reflections between pairs of ND filters.
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4. When using fluorophores of known lifetime, it is important to
validate the lifetime used. Fluorescence lifetimes can be sensi-
tive to concentration, temperature, pH, and other environmen-
tal variables. Fluorophores from different suppliers can have
variable purity. As a result, one should not assume that a value
reported in the literature will be exactly transferable to other
labs and conditions. Users of the method should be particular-
ly careful to use low concentrations of fluorophore (<10 uM)
to avoid a variety of processes which can perturb lifetimes in
solution. There are a limited number of well characterized
fluorophores. If one is not available for a particular wave-
length this will require a change of filters leaving the method
with nothing to recommend it over reflection and scatter.

5. The reflection calibration method with the specialized filter
block has the advantage that it does not require the sample to
be moved to recalibrate. As a result it might be particularly
useful for long time scale time series data.

6. Most of the calibration methods described in the literature
have been on systems using laser excitation and AOM modu-
lation. There is much reason to believe that directly modu-
lated LEDs are more stable; however, the base of experience
with LEDs is currently less.

7. On the RF time scale, the transit times of electrons in long
coaxial cables and the time of flight of photons in optical
paths as short as a few centimeters are significant. These
effects become more pronounced as the modulation frequen-
cy increases. Even simple changes made to a system will affect
the resulting measurements.

2.12. Validation after calibration

Once familiar with methods for calibrating the FLIM system, it is
worthwhile to verify the range over which a given FLIM system per-
forms well. This is particularly useful for persons new to the method to
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build confidence and an intuition for conditions likely to cause pro-
blems. One approach to doing this is with a set of quenched solutions.
The use of Rhodamine 6G solutions quenched with variable amounts
of iodide has been well investigated, both in cuvettes and in imaging
arrangements [11, 42]. Detailed approaches to this may be found in
the literature and it has been used successfully in a number of labs.

2.13. First pass analysis—data to modulation depth and
phase shift

To analyze frequency domain FLIM data, first the phase shift and
demodulation of the fluorescence light with respect to the excitation
light are estimated. In the case of single frequency data, this reduces
the FLIM data to only three parameters: phase shift, demodula-
tion, and total intensity. This step can be done in various ways as
described in the following sections. From these parameters, the
lifetimes can be estimated either by Eqs. (2.6 and 2.7), or by more
elaborate approaches as described below.

2.14. Fourier methods for estimating phase and modulation

When analyzing a data set using Fourier methods to estimate the
phase shift and demodulation, a stack of images is transformed
along the stack direction using a DFT. When using DFTs, there is
some computational advantage of using a radix-2 type Fast Fourier
transform (FFT); however, for practical work on the data lengths
typical of FLIM, other considerations may outweigh any com-
putational advantage these might have. For example, a user may
find that collection of eight images does not give the desired results
but not wish to expose the sample to a full 16. Twelve images may
be processed instead using a DFT.

When using a DFT, the images in the stack must be collected
at equal phase intervals and it is convenient to restrict the full
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sampling to multiples of 2x. For proper sampling of the sinusoidal-
ly modulated waveform, the highest frequency in the data set must
be sampled greater than or equal to twice per period; a condition
dictated by the Nyquist limit.

Processing of the output of one of these algorithms allows
recovery of phase and modulation depth from the Fourier coeffi-
cients. As an example, assume that a series of N images has been
collected. Each point in an image can be designated by an indexing
system (x, y) where x and y are the pixel positions in the image in
the horizontal and vertical directions, respectively. If the data are
measured as a function of wavelength, as has been done in some
specialized applications, the data may be indexed further to include
(x, y, A). For the transform, the raw data are treated as a function
g(x, y, n), where x and y represent the pixel position in the image,
and 7 is the index into the N evenly spaced phase samples. The data
are transformed over n to obtain the discrete Fourier coefficients
G(x, y, w), where w is the frequency corresponding to particular
component of the sinusoidal driving function:

N-1
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It should be recognized that the discrete Fourier coefficients
G(x, y, w) are represented by complex numbers. The real part
Re(G(x, y, w)) of the complex number represents the amplitude of
the cosine part of the sinusoidal function and the imaginary part
Im(G(x, y, w)) represents the amplitude of the sine wave.

DFT methods are valuable for determining the magnitude and
phase of a complex mixture of frequency components simulta-
neously such as might be encountered in the multiplexed systems
for collection of several frequencies. Once the discrete Fourier
coefficients have been computed the uncorrected values of m and
¢ may be computed for every pixel in the sample image:

_ vaﬁuf SOV _

[Gx. 70 | (213)

m(x,y) =
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Re(:) and Im(-) refer to the real and imaginary parts of discrete
Fourier coefficients G(x, y, w). G(x, y, wg) and G(x, y, 0) refer to
the Fourier coefficients corresponding to the frequency of excita-
tion and to zero frequency, respectively, and |G(x,y,o)|=

2 2
/\Womﬁﬁﬁﬁsvv +H5AQQL\QSVV . A variety of methods for

using Fourier methods have been presented in the literature,
which are optimized for specific purposes. For the purposes of
this chapter, the discussion will be limited to the treatment given.
Users desiring assistance with particular methods and optimiza-
tions are encouraged to consult the original literature.

2.15. Sine fitting methods for estimating phase
and modulation

The Fourier method is not a requirement, and direct sinusoidal
fitting procedures are also used to fit the data from a set of images.
A number of specialized procedures have been described over the
years and it is worth noting that extracting the amplitude and
phase may be done as a simple extension to conventional linear
regression.

Linear least squares fitting of sine and cosine data may
be accomplished using a similar indexing system to those used
for the Fourier methods. Suppose that a data set consisting of N
images may be indexed as g(x, y, n), where x and y represent the
pixel position in the image, and » is the index into the N phase
samples. If the frequency of modulation and the sampling is
known (as is usually the case) this becomes a standard multilinear
regression problem. Of the form:

f(x,y,n) = A(x,y)cos(wn) + B(x,y)sin(wn) + C(x,y)  (2.15)
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Presented in this manner, the analysis may proceed similarly to
the treatment obtained from the Fourier analysis. C is the zero
frequency component of the fit and 4 and B may be treated as the
real and imaginary parts of the complex number.

VA + B(x, )’

m(x,y) = o) (2.16)
¢(x,y) = tan™! @w‘wﬁ (2.17)

Sinusoidal fitting is more flexible than Fourier methods, as it does
not require evenly spaced phase steps. There is no special conve-
nience associated with sampling of an angle of 2z and estimation of
errors in parameters is somewhat more straightforward.

2.16. Two-component analysis of FLIM data

With some further assumptions, it is possible to use single frequen-
cy FLIM data to fit a two-component model, and calculate the
relative concentration of each species, in each pixel [16]. To simp-
lify the analysis, we will assume that in each pixel of the sample we
have a mixture of two components with single exponential decay
kinetics. We assume that the unknown fluorescence lifetimes, 7;
and 7,, are invariant in the sample. In each pixel, the relative
concentrations of species may be different and are unknown. We
first seek to estimate the two spatially invariant lifetimes, 7; and
7,. We make a transformation of the estimated phase-shifts and
demodulations as follows:
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D; = micos(A¢;) (2.18b)
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We have added a subscript 7, to indicate the number of the pixel
that is being considered. From Eq. (2.9) we get:
fiot (1 —f)ot,

N, = +
1+ Swaw 1+ Smaw

(2.19a)
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D; (2.19b)
where f; is the relative contribution of the first component to the
steady-state fluorescence in pixel i. Eliminating f; from Eq. (2.19),
we find a linear relation between N; and D;:
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The only unknowns in these equations are the two fluorescence
lifetimes, which considerably reduces the complexity of the problem.
Figure 2.3 shows a plot of N versus D for all possible monoexpo-
nential decays, and for all possible mixtures of two monoexponential
species with lifetimes equal to 2.5 and 1 ns. The half-circle though
(0,0) and (0,1) represents the values of N and D that correspond to
all possible monoexponential decay kinetics [13, 16, 43]. All the
values of N; and D; for a mixture of two species lie on a straight
line connecting the two points on the half-circle that correspond to
the lifetimes of the two species. The offset and the slope of this
straight line are given by Eq. (2.21).

Figure 2.3 suggests a simple strategy to recover the fluorescence
lifetimes 7, and 7,: Given estimated phase shifts and demodulations,
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Fig. 2.3. Plot of N versus D for a mixture of two monoexponential species,

with fluorescent lifetimes equal to 7, and 7,. Single exponential lifetimes are

found on the half-circle passing trough the points (0,0) and (0,1). All possible

fluorescent lifetimes of a mixture of free donor and complex are found on

the straight line connecting the two points on the half-circle that correspond to
the lifetimes of both species.

we calculate the corresponding N;and D; values and fit a straight line
through them to obtain the slope v and the offset «[16]. The estimated
fluorescence lifetimes of the two species are then found by inverting
Eq. (2.21):

14 /T —du(u+v) 222)

M2 = 20u

Knowing the values of the two lifetimes, the fractions f; can be
recovered in each pixel, by solving Eq. (2.19) in a least squares
sense:

_ N;+ ot — oDty — o(D; + oNiti)t)

o(t] — 1)

fi (2.23)

The fraction f; is the fractional contribution of the first species to
the total fluorescence in pixel i. The molar fraction c; of the first species
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in each pixel can be derived from it by dividing by its quantum yield,
and renormalizing, which for a two-component system yields:

_ JiO>
01+ (02— O1)fi

where Q; and Q, are the quantum yields of the first and the second
species, respectively. To apply Eq. (2.24), the quantum yields of the
two species, or at least their relative magnitudes, must be known.
This is straightforward for the case where the two species are the
same donor fluorophore in the presence and absence of fluorescent
resonance energy transfer. In this case, Q; o 7; and Q, x 1, were
given by the lifetimes in the presence and absence of FRET.

This approach, derived first by Clayton et al. [16] and subse-
quently developed further by others [9, 10, 13, 17-19] is concep-
tually very simple and gives analytical solutions for the lifetimes of
the two species in the mixture and the relative concentrations in
each pixel. To be able to fit a straight line, it is crucial that the
lifetimes (and thus u and v) are invariant over all pixels, and that
there is sufficient variation in f; (and thereby in N, and D;). These
requirements of invariance in some parameters and of sufficient
variation in at least one other parameter also form the basis of the
so-called global analysis methods [44, 45] that were applied earlier
to fit FLIM images [20]. In these approaches, nonlinear least
squares fitting were used to estimate the lifetimes and molar frac-
tions of each species. The relation of these global analysis methods
to the approach described above can be seen, if we introduce error
weighting. Both V; and D, are distorted by errors, and any proper
fit should include those in the estimation of the lifetimes. However,
since both N, and D; have errors, standard error weighting methods
for linear fitting methods cannot be applied. Instead, we directly
formulate a least square criterion that we minimize:

Ci

(2.24)

22 (u,v) = ME (2.25)

2 )
; q\f.._é oD,




84 FRET AND FLIM TECHNIQUES

where oy; and op; are the standard deviations of N; and D,,
respectively. They can be found by propagation of the errors
found for the estimated phase and modulation. This least squares
criterion can be minimized to find # and v, which is a nonlinear
problem, that is, however, not computationally complicated since
only two parameters need to be estimated. In practice, we use a
different function that is obtained by substituting Eq. (2.21) into
(2.25), and minimize directly for 7; and 15:

2
QSNSS —1)D; — o(t; + ©2)N; + ﬂv

o) = — (2.26)

7 ot 1) oy, + (0211 — 1o,

This function is identical to the one that was derived earlier
using global analysis methods [46].

2.17. Application: Semi-quantitative FRET analysis

As an example of the usefulness of simple estimations of the lifetime
from phase and modulation, we consider the case of donor quenching
by FRET. Figure 2.4 shows the results of FLIM measurements
on epidermal growth factor receptor tagged with GFP or YFP
(EGFR-GFP and EGFR-YFP) [47]. Cells were stimulated with
epidermal growth factor for 1 min, and then fixed, permeabilized,
and incubated with PY72, a generic antibody against phosphoryla-
tion. The antibody was tagged with Cy3 (in the case of EGFR-GFP)
or Cy3.5 (in the case of EGFR-YFP). Binding of the antibody to
phosphorylated EGFR can be detected specifically by FRET from
the donor-tagged receptor to the acceptor-tagged antibody. This can
be observed in intact cells by measuring the fluorescence lifetime of
the donor. Figure 2.4a shows the result for EGFR-GFP. Both the
phase and modulation lifetimes of EGFR-GFP are lower in cells that
are incubated with PY72-Cy3, near the plasma membrane of the
cells. Similar results are shown for EGFR-YPF in Fig. 2.4b.

To summarize the results of multiple cells, 2D histograms of the
phase and modulation lifetimes can be used (Fig. 2.4¢). Such 2D
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Fig. 2.4. (A) FLIM measurements of EGFR-GFP in the absence (left panels)
and presence (right panels) of PY72-Cy3. (B) FLIM measurements of EGFR-
YFP in the absence (left panels) and presence (right panels) of PY72-Cy3.5. The
scaling of the pseudocolored lifetime images in panel (A) and (B) are indicated
with the color bar in ns. Top panels: GFP intensity; Middle: modulation
lifetimes; Bottom: phase lifetimes. (C) 2D histograms of 7, versus 7, for
EGFR-GFP (left) and EGFR-YFP (right). Red: samples incubated with
PY72-Cy3 or PY72-Cy3.5, respectively; Green: control samples without PY72.

histograms can be calculated from many images and represent a joint
distribution of the phase and modulation lifetimes. These 2D histo-
grams demonstrate some general properties of the GFP and YFP
kinetics in the absence and presence of FRET. For EGFR-GFP,
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the values of the lifetimes in the absence of acceptor do not center
on the diagonal of the histogram. This indicates that EGFR-GFP
does not have monoexponential decay kinetics. However, in the
case of EGFR-YPF, the values of the phase and modulation life-
times, in the absence of FRET, are located on the diagonal of the
2D histogram showing that the phase and modulations lifetimes are
equal within the precision of the measurement. From this we can
conclude that within the precision of the instrument EGFR-YFP
has essentially monoexponential decay kinetics. In the presence of
acceptor, the 2D histograms show that both phase and modulation
lifetimes are lower compared to the control, where the phase life-
time is generally lower than the modulation lifetime. In this partic-
ular analysis, it does not matter much that the lifetime of GFP
alone is not monoexponential, since the occurrence of FRET can be
inferred by this drop of both phase and modulation lifetimes. If,
however, a more quantitative analysis of the data is required, this
issue becomes more important as we will show below.

2.18. Application: Quantitative FRET analysis

We can apply the quantitative analysis of two-component mixtures
to the FRET data from Fig. 2.4 [20]. In this case, the two lifetimes
are equal to the lifetimes of the donor in the absence and presence
of acceptor. Figure 2.5a shows the results for EGFR-GFP. It can
be seen that in the control sample, the relative concentrations of the
short-lifetime component are not equal to zero, as would be ex-
pected for a monoexponential donor in the absence of FRET.
Indeed, if we look at the plot of N; versus D; for a subset of the
pixels of the EGFR-GFP data, we see that the data for the control
are not centered on a point on half-circle of monoexponential
decays. In contrast, if we look at the results of EGFR-YFP
(Fig. 2.5b), we find that the relative concentrations of the short-
lifetime component are indeed much closer to zero. Indeed, the plot
of N, versus D; shows that the data for the control are centered on a
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Fig. 2.5. (A) The relative concentrations of the short lifetime component, in samples expressing EGFR-GFP in the
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point on the half-circle of monoexponential decays. This confirms
our earlier observations that EGFR-YFP has a monoexponential
decay and is therefore more suitable for quantitative analysis than
EGFR-GFP. For EGFR-GFP, a systematic error must be ex-
pected, but as shown in Fig. 2.5a, the results may still be useful.
For biological experiments where a relatively big error is accept-
able, this approach can still be used successfully if GFP is used as a
donor tag. Indeed GFP tagged donors have been used successfully
in several biological applications [8, 48, 49], although YFP tagged
donors have proven more reliable for the purpose of quantitative
analysis [50]. It should be stressed that not all fluorophores are
suitable for this type of analysis, even in approximation. For
instance, CFP has a far more pronounced biexponential decay
than GFP and is unsuitable for this type of quantitative analysis.

2.19. Emerging techniques

A few methods have been described worth following over the next
few years as they represent potentially significant advances. Most
of these have to do with improvements in the modulated intensifiers
or attempts to remove them altogether. At present, none of these
have a sufficient base of users to evaluate their significance but all
are intriguing concepts in FLIM instrumentation.

2.20. Segmented intensifiers

One limitation of frequency domain and other FLIM systems is
the time of acquisition. For example, a frequency domain FLIM

were 0.7 and 2.2 ns. (B) The relative concentrations of the short lifetime

component, in samples expressing EGFR-YFP in the absence (left panel) and

presence (middle panel) of PY72-Cy3.5. The calculated lifetimes values of

the two species were 1.0 and 2.4 ns. The right panels show a plot of N; versus
D; for a subset of the pixels from the samples shown.
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system requiring four or eight phase steps to generate a lifetime
image typically takes a second or more to collect. During the data
acquisition cycle, the specimen can move or bleach. Earlier in the
chapter, the notion of randomizing the phase steps was introduced
as a method to limit the impact of photobleaching. Given that the
images at the different phase steps are not done coincident in time,
randomization is perhaps the best approach; however, this only
assures that the computed results are not systematically affected.

One approach to rectify this problem has been to divide an
intensifier into segments [51]. Each segment is provided with a
different time delay. In the current arrangement, the system has
been described with four segments and was demonstrated for use
with time domain measurements, however, the approach is signifi-
cant for frequency domain FLIM. To use the segmented intensifier,
the image arriving from the microscope is put into a beam splitter
dividing the light into four separate images, each of which is
directed to a different segment of the intensifier. This allows four
time delays to be collected simultaneously. This seems to be a useful
technology as the other approaches to FLIM require multiple
exposures to be taken at different times.

2.21. Directly modulated detection schemes

Another problem of widely used instrumentation for FLIM has
been the intensifier. In general, the intensifier is a necessary evil
required to make the FLIM experiment work. A typical image
intensifier can resolve around 12.5 line pairs/mm (about 80 um).
This is a very significant degradation of image quality relative to
direct measurements with a CCD camera. The overall effect can
be summarized as a process in which a good image goes in one
side of an intensifier and a bad image emerges out the other side.
Replacing the modulated image intensifier with an alternative
with less degradation (and perhaps lower cost) is worth consider-
able effort.
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Two approaches to intensifier-free detection have been de-
scribed but neither has been used extensively. In one approach,
the CCD is modulated by the application of a high-frequency signal
to the device and using it to shuffle charge in and out of light
sensitive areas of the CCD [33, 52]. This remains an intriguing
approach and as CCDs advance this approach may provide users
of frequency domain methods with a viable alternative to the
intensifier. As with the segmented image intensifier, the pioneering
work on this instrument has been done on time domain lifetime
measurements; however, the approach holds promise for the fre-
quency domain as well.

A related technology is a so-called “time-of-flight” imager that
was originally designed for 3D-vision applications [40]. This can be
thought of as a “lock-in” approach to the measurement of a signal
at a particular frequency. The time-of-flight imager has the proper-
ty that a pixel has two gates, which collect charge generated by light
striking the detector depending on the phase of the signal applied to
the gate. The two gates operate 180 ° out of phase from each other.
The approach has some advantages in that the light effectively
rejected by an image intensifier would be collected in the out-of-
phase image. Although this technology is at an early stage of
development, it holds promise for the future.
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The lifetime of the excited state of fluorophores may be altered by
physical and biochemical properties of its environment. Fluores-
cence lifetime imaging microscopy (FLIM) is thus a powerful ana-
lytical tool for the quantitative mapping of fluorescent molecules
that reports, for instance, on local ion concentration, pH, and
viscosity. the fluorescence lifetime of a donor fluorophore, Forster
resonance energy transfer can be also imaged by FLIM. This
provides a robust method for mapping protein—protein interactions
and for probing the complexity of molecular interaction networks.
Quantitative fluorescence imaging techniques and FLIM in par-
ticular are becoming increasingly important in biological and bio-
medical sciences. Knowledge of instrumentation and data analysis is
required to avoid misinterpretation of the experimental results and
to exploit the wealth of information provided by these techniques.
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In this chapter, instrumentation and methods of analysis for
FLIM in the time domain will be described. Advantages and lim-
itations of time-correlated single photon counting (TCSPC) and
time-gated imaging techniques will be discussed together with gen-
eral issues on photon efficiency of detection schemes, data analysis,
and practical experimental examples.

3.1. Introduction

Because of the underlying photophysics, fluorescence lifetimes are
intrinsically short, usually on the order of a few nanoseconds.
Detection systems with a high timing resolution are thus required
to resolve and quantify the fluorescence decays. Developments
in electronics and detector technology have resulted in sophisticat-
ed and easy to use equipment with a high time resolution. Fluores-
cence lifetime spectroscopy has become a popular tool in the
past decades, and reliable commercial instrumentation is readily
available.

At present, two main streams of techniques exist for the mea-
surement of fluorescence lifetimes, time domain based methods,
and frequency domain methods. In the frequency domain, the
fluorescence lifetime is derived from the phase shift and demodula-
tion of the fluorescent light with respect to the phase and the
modulation depth of a modulated excitation source. Measurements
in the time domain are generally performed by recording the fluo-
rescence intensity decay after exciting the specimen with a short
excitation pulse.

At the end of the 1980s and early 1990s, first experiments were
carried out to combine fluorescence lifetime measurements with
imaging using both time domain [1-4] and frequency domain [5-7]
based approaches. This chapter will deal exclusively with time
domain based fluorescence lifetime imaging methods. For the fre-
quency domain based methods, refer Chapter 2.
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Lifetime imaging can be implemented both in wide field and in
scanning microscopes such as confocal microscopes and two-
photon excitation microscopes. The most common implementa-
tions in time-domain fluorescence lifetime imaging microscopy
(FLIM) are based on TCSPC [8, 9] and time-gating (TG) [2, 10].

3.2. Lifetime detection methods
3.2.1. Time-correlated single photon counting

In TCSPC, the fluorescent molecules are excited with very short
light pulses. Typically picosecond and femtosecond excitation
pulses are used, and the time delays between the excitation pulse
and the detection of a single-photon is recorded. By repeating this
procedure many times, the probability distribution for the emission
of a single photon, and thus the fluorescence decay curve, is ob-
tained. TCSPC is characterized by a high overall time resolution of
25-300 ps and a wide dynamic lifetime range. The TCSPC electron-
ics often have a very high timing accuracy (<1-200 ps). In almost
all cases, the time resolution with which photons are being detected
is limited by the timing jitter of the detector (25-300 ps). At present,
plug-in boards for PCs are commercially available that contain all
the TCSPC electronics [8].

A schematic diagram of a typical TCSPC setup is shown in
Fig. 3.1. The sample is excited by a short excitation pulse usually
provided by a pulsed laser. A trigger signal that is synchronized
with the excitation light pulse is used to start an accurate timing
device such as a time-to-amplitude converter (TAC). The fluores-
cence emitted by the specimen is then selected by an emission filter
and detected by a fast detector (e.g., a photomultiplier tube (PMT)
or an avalanche photodiode) that is able to detect single photons
(single photon counting (SPC)). The output pulses of the detector
are sent through a discriminator and used to stop the TAC.
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Fig. 3.1. Schematic diagram of a TCSPC setup. Using a fast timing device

(e.g., time-to-amplitude-converter) the time is measured between the excita-

tion pulse and the detection of a photon. By repeating this procedure many

times a decay curve is measured. TAC: time to amplitude convertor, MCA:
multi channel analyzer, PC: personal computer.

The output from the TAC is an analog signal that is propor-
tional to the time difference between the start and stop pulses. The
next step consists of digitizing the TAC output and storing the
event in a multichannel analyzer (MCA). After repeating this pro-
cess many times, a histogram of the arrival times of photons is
accumulated in the memory of the MCA. In fluorescence lifetime
spectroscopy the histogram usually contains 512-2048 channels

O_\H w TIME DOMAIN FLIM: THEORY, INSTRUMENTATION, AND DATA ANALYSIS @@

and represents the fluorescence decay curve of the specimen (see
Fig. 3.2). Note that the recorded decay curve is convoluted with the
total timing response of the instrument, the instrument response
function (IRF). Nowadays, there are other timing devices used for
TCSPC such as time to digital converters (TDCs) [11]. These
devices directly convert the timing difference between start and
stop signals into a digital word. To this end, a series of solid state
delay lines is used and, in practice, TDCs have similar timing
accuracies and limitations as TACs.

Importantly, the dead-time of TACs and TDCs is comparatively
long, typically 125-350 ns. When a photon arrives within this time
interval after the detection of a photon, it will not be observed.
Therefore, care must be taken that the count rate of the experiment
is sufficiently low to prevent this pulse-pileup. TACs and TDCs
usually operate in reversed start-stop geometry. Here, the TAC is
started by the fluorescence signal and stopped by the laser trigger.

1.0 Fluorescence
Excitation pulse

0.8
2
% 0.6
c
(0]
IS
0.4
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0.0
-2 0 2 4 6 8 10 12
Time [ns]

Fig. 3.2. A decay curve of a fluorescent dye and an IRF.
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In this way the TAC is only triggered by usable events, and not by
laser trigger pulses that do not result in a detected fluorescence
photon. This mode of operation suffers less from dead-time effects.
If two photons arrive within a period equal to the dead-time of
the system, pulse-pileup occurs and the second photon cannot be
detected. In the reversed start-stop geometry, pile-up is minimized
by reducing the excitation intensity to about 1-5 detected photons
per 100 excitation pulses. Furthermore, in spectroscopy applica-
tions excitation frequencies not exceeding 10 MHz are used to
ensure that the fluorescence decay signal from one excitation
pulse is not affected by the tail of the fluorescence decay produced
by other excitation pulses. The maximum count rate employed in
conventional spectroscopy applications of TCSPC is less than
100 kHz. The time required to access the histogramming memory
and to transfer the decay curve from the histogramming memory to
the computer system can be substantial in particular for TCSPC
electronics designed for spectroscopic application.

In general the decay curves recorded by TCSPC are fitted to a
(multi)exponential decay employing an iterative deconvolution
technique to account for the time response of the instrument [9].
This requires the recording of the timing response of the system (see
Fig. 3.2) and can be done by, for instance, the recording of excita-
tion light from a scattering sample or fluorescence from a fast
decaying dye such as Rose Bengal (t ~80 ps) [12, 13].

3.2.2. Time gating

In TG methods, the fluorescence emission is detected in two or
more time-gates each delayed by a different time relative to the
excitation pulse (see Fig. 3.3). In the case of a detection scheme
equipped with two time-gates, the ratio of the signals acquired in
the two time-gates is a measure of the fluorescence lifetime. For a
decay that exhibits only a single exponent, the fluorescence lifetime
is given by:
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Fig. 3.3. Principle of time gating (TG). After exciting the specimen with a
short light pulse, the fluorescence is detected in a number of time gates that
open after a specific delay with respect to the excitation pulse.

t = AT/In(1 /1) (3.1)

where AT is the time-offset between the start of the two
time-gates and I; and I, are the corresponding fluorescence inten-
sities accumulated in the gates. In this “rapid lifetime determina-
tion method,” the assumption is made that the two time-gates are
of equal width [14]. In the case of a multiexponential fluorescence
decay (Eq. (3.1)), yields only an “average” fluorescence lifetime.
This limitation can be circumvented by increasing the number
of time-gates enabling the recording of multiexponential decays
(de Grauw and Gerritsen, 2001; [15, 16]. Increasing the number
of gates requires more sophisticated data analyses approaches like
fitting the decay to (multi)exponential functions.

Practical implementation of TG requires careful synchronization
of the opening of the gates with respect to the laser pulses, see
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Fig. 3.4. Schematic diagram of a TG setup. The TG electronics need careful
synchronization with the excitation pulse. Here, time-gated single photon
counting is shown.

Fig. 3.4. In addition, if TG is implemented using SPC, a discrimina-
tor is required to separate the photon signal from background noise.

Time-gated detection offers the possibility to suppress back-
ground signals correlated with the excitation pulse. Direct and
multiple scattered excitation light as well as Raman scattering
reaches the detector at ¢ ~ 0, and can be effectively suppressed
by opening the first gate a few hundred picoseconds after ¢ = 0.

O_\H w TIME DOMAIN FLIM: THEORY, INSTRUMENTATION, AND DATA ANALYSIS wow

This can improve the signal-to-background ratio of the images
without a significant loss of signal. Furthermore, TG can be em-
ployed to discriminate autofluorescence in biological specimens.
Often, autofluorescence has a comparatively short fluorescence
lifetime and the signal-to-background ratio of the images can be
improved by offsetting the first gate with respect to the excitation
pulse [17].

In Fig. 3.5A a comparison between time-gated detection and
TCSPC is shown. The time-gated detection system was based on
four 2 ns wide gates. The first gate opened about 0.5 ns after the
peak of the excitation pulse from a pulsed diode laser. The TCSPC
trace was recorded using 1024 channels of 34.5 ps width. The
specimen consisted of a piece of fluorescent plastic with a lifetime
of about 3.8 ns. In order to compare the results, approximately
1700-1800 counts were recorded in both experiments. The lifetimes
obtained with TG and TCSPC amounted to 3.85 £ 0.2 ns and 3.80 +
0.2 ns respectively, see Fig. 3.5B. Both techniques yield comparable
lifetime estimations and statistical errors.
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Fig. 3.5. A comparison between TG and TCSPC using the same number of
detected photons. (A) The distribution of photons over the time bins. (B) Bar
plot of the lifetimes including errors (n = 4).
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3.3. Point scanning time domain FLIM implementations

Implementation of time domain FLIM methods is comparatively
straightforward in laser scanning microscopes (LSMs). Here, point-
scanning is used so that single channel lifetime detection suffices.
In principle, standard fluorescence lifetime detection equipment
developed for spectroscopy can be used in combination with
point-scanning systems and a pulsed laser.

3.3.1. Point scanning TCSPC-based FLIM

Conventional TCSPC equipment has been successfully employed
in LSM for fluorescence spectroscopy on discrete microscopic
volumes [18, 19] and for fluorescence lifetime imaging at a low
acquisition speed [1]. The use of conventional TCSPC equipment
for imaging results in very long acquisition times, several to many
minutes per (time-resolved) image. Importantly, operating the
TCSPC detection system at too high detection rates, above 5% of
the excitation frequency, results in distortion of the recorded decay
curve [20].

At present dedicated TCSPC FLIM boards are commercially
available. They are compatible with most LSMS and are easily
synchronized with the scanning microscope and pulsed laser.
These boards, often plug-in cards for PCs, have a lower dead-
time than do the conventional TCSPC electronics intended for
use in spectroscopy and the memory bottle neck of the histogram-
ming memory has been removed [21, 22]. Consequently, these
dedicated boards provide higher acquisition speeds.

Dedicated TCSPC electronics is used in all practical TCSPC—
FLIM implementations [21, 22]. There are several issues that
should be noted. First of all, the lifetime acquisition has to be
synchronized with the scanning of the confocal or multiphoton
microscope. To this end, the pixel clock and often the line and
frame synchronization signals of the scanning microscope are used.
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After each and every pixel clock pulse, the MCA memory is trans-
ferred to buffer memory (either on the TCSPC board or on the PC
memory), the MCA memory is reset and accumulation is (re)
started. The repetition rate of the laser is typically in the range
20-80 MHz, much higher than common pixel clock rates in lifetime
imaging of 10*-10°> Hz. Therefore, no synchronization is required
between the pulse train coming out of the laser and the pixel clock.
The frame synchronization signal can be used to provide an overall
start signal for the acquisition and the line synchronization signal
can be used to stop acquisition during the retrace of the laser beam.

In TCSPC imaging, the number of time channels is usually
restricted to 32-128. In general, a higher number of channels do
not provide additional information because only a limited number
of detected photons are accumulated per pixel, often several hun-
dred to a few thousand.

3.3.2. Point scanning TG-based FLIM

TG-based FLIM in LSMs is usually implemented using SPC. Here,
fast and efficient detection schemes can be employed where the
detected photons are counted in the time-gates that are opened
sequentially after each and every laser pulse (de Grauw and Ger-
ritsen, 2001; [23]). Similarly to TCSPC, the fluorescence signal from
hundreds to thousands of excitation pulses is accumulated at each
pixel to obtain sufficient signal level for reliable lifetime analysis.
Also TG data acquisition needs to be synchronized with the pixel
clock of the scanning microscope. Again, frame and line synchro-
nization signals are used as overall start and line start triggers,
respectively.

For the simple TG scheme with only two time-gates, the opti-
mum gate-width amounts to 2.5 7. Consequently, the total integra-
tion time per pulse amounts to 5t and approximately 99% of all
photons in the decay are detected. The detected fraction decreases
when an offset is applied between the laser pulse and the opening of
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the first gate. Such an offset is often used to avoid detection of the
signal corresponding with the tail of the excitation pulse.

In time-gated photon counting, comparatively high photon
count rates can be employed; count rates as high as 10 MHz are
often used. TG has the advantage of virtually no dead-time of the
detection electronics (~1 ns), whereas the dead-time of the TCSPC
electronics is usually on the order of 125-350 ns. This causes loss of

detected photons, and a reduced actual photon economy of TCSPC
at high count rates.

3.3.3. Detectors for single photon counting

Detector properties determine to a great extent the performance of
TCSPC and TG experiments. In TCSPC the timing resolution of
the electronics is in general much better than that of the detector.
Often, fast PMTs are used. Here, the timing resolution is limited by
the timing jitter in the arrival of electrical pulses at the output of the
PMT. This transit time spread (TTS) of fast PMTs is in the order of
25-300 ps, much smaller than the width of the pulses coming out of
the PMT, which are usually on the order of <1-3 ns. We note that
the standard PMTs used in commercial confocal microscopes are
not suitable for the detection of fluorescence lifetimes. These PMTs
are selected for sensitivity and not for timing resolution. Often they
exhibit a TTS of several nanoseconds, which makes them useless
for fluorescence lifetime imaging.

Another important property of PMTs is the pulse height distri-
bution. The amplification of individual photoelectrons by the PMT
is a stochastic process that causes variations in the gain of individ-
ual photoelectrons. As a result significant jitter in the amplitude of
the output pulses is observed, see Fig. 3.6. These pulse height
variations can be more than a factor of 10. The lowest pulse
heights mainly consist of (thermal) noise, indicated by the dashed
line in Fig. 3.6. The pulse height distribution exhibits a peak
corresponding to detected photons. The threshold level of the
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Fig. 3.6. The pulses produced by PMTs show a distribution in pulse heights.

The lowest pulses are caused by noise (dashed line) and the higher pulses are

due to detected photons. The vertical line indicates the position of the valley in

the pulse height distribution. This position would correspond to the optimal
setting for the discriminator.

discriminator should be set at the appropriate level to suppress the
background signal. Setting the threshold level at the position of the
valley between background pulses and the photon pulses is a good
compromise between sensitivity and noise suppression (vertical line
in Fig. 3.6).

Special “constant fraction” discriminators (CFDs) are being
used to realize the highest timing accuracy. This type of discrimi-
nator determines the position of the maximum of the pulse coming
out of the detector. Conventional discriminators trigger at a con-
stant level of the detector pulses. Because of pulse height variations,
constant level triggering results in timing jitter as high as 1-2 ns.
In contrast, CFDs yield timing jitter, depending on the type of
detector, of 25 to a few hundred ps.

After the detection of a single photon, PMTs need a specific
recovery time before they are sensitive again. During this dead-
time, no photons can be detected. Because of the stochastic nature
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of the fluorescence signals, the dead-time reduces the detection
probability when the count rate goes up. The relative detection
efficiency for a system with a (overall) dead-time #4 at an incident
count rate C; amounts to:

f= #\C + Nmmmv Aw.Nv

At low count rates C; < 1/t4, the detection sensitivity is not
affected by the dead-time ( = 1). However, at a count rate of C; =
1/t4 the detection sensitivity is reduced to 50% of its sensitivity at
low count rates, see Fig. 3.7. Typical values for dead-times of PMTs
are on the order of 50-100 ns.

Not only PMTs and other detectors such as avalanche photodiodes
suffer from dead-time effects also the detection electronics may
have significant dead-times. Typical dead-times of TCSPC electronics
are in the range 125-350 ns. This may seriously impair the efficiency
of detection at high count rates. The dead-time effects of the electron-
ics in time-gated single photon detection are usually negligible.
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Fig. 3.7. The detection efficiency of a system with a dead-time 350 ns as a
function of the incident count rate. At high count rates the detection efficiency
reduces due to pileup effects.
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Therefore, the throughput of current systems based on time-gated
SPC is somewhat higher than in TCSPC-based systems.

Both TCSPC and TG benefit from operation in SPC mode. SPC
results in little or no noise and a high photon-economy [10]. There-
fore, TCSPC and TG are ideal for high spatial and lifetime resolu-
tion imaging [24]. Both techniques offer high image contrast also on
dim samples. However, the dead-time of the detectors and the point
scanning character limit the throughput of these systems.

Imaging in biology is often affected by other uncertainties than
the instrumental sensitivity and precision. Therefore, detectors with
very low dead-times, for example PMTs capable of counting at
high count rates (~10’ Hz), may be preferred to achieve higher
throughputs at the cost of higher timing jitter.

Often, experiments are carried out on specimens that emit only
very weak fluorescence. For these cases, the most sensitive detectors
should be used, for instance fast avalanche photodiodes or high
quantum yield PMTs. These detectors may have somewhat longer
dead-times causing longer exposure times but maximal sensitivity.

3.4. Wide field time-domain FLIM implementations

In wide field microscopy, spatial information of the entire image is
acquired simultaneously thus providing comparatively short acqui-
sition times compared with scanning microscopy implementations.
Combining TCSPC with wide field microscopy is not straightfor-
ward. However, a four quadrant anode multichannel plate (MCP)
has been used for time- and space-correlated SPC experiments [25,
26]. This detector has excellent timing properties that make it very
suitable for FLIM. Unfortunately, it can be operated only at low
count-rates (~10°-10° Hz); therefore, it requires comparatively
long acquisition times (minutes).

A more common approach to time domain wide field FLIM is
based on a time-gated image intensifier MCP in combination with a
CCD camera (see Fig. 3.8). After every excitation pulse the gated
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Fig. 3.8. Wide field time-gated FLIM based on a gated image intensifier in
combination with a CCD camera.

image intensifier is triggered and its output detected by the CCD
camera. After a large number of excitation pulses sufficient signal is
detected by the CCD chip and the time-gated image is transferred
to the computer. This procedure is repeated for every gate setting.
Finally, the lifetime image is calculated from the series of time-
gated images. The gate width is determined by the voltage pulse
that is applied to the photocathode of the image intensifier.
Furthermore, the time offset between the excitation pulse and
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the opening of the gate is set by a delay line. Data acquisition and
gate settings are controlled by the computer.

In contrast to point scanning implementation of TG discussed
earlier, wide field TG is an analog detection technique. The sensi-
tivity of analog detection methods is in general lower than that of
SPC-based methods. Both the intensifier and the CCD camera
introduce noise that reduces the sensitivity of the system. The
image intensifier in particular strongly deteriorates the performance
of the system. The quantum efficiency and noise properties of the
intensifier determine to a great extend the sensitivity; furthermore,
the rise time is a critical parameter for the timing properties of the
system.

In most implementations of wide field time-gated detection,
multiple images are recorded sequentially at different time offsets
with respect to the excitation pulse. At present, only few custom-
built systems [27, 28] offer the combined advantage of spatial and
TG parallelization. This can be implemented by using image split-
ters and offers the possibility of high speed lifetime imaging at
acquisition speeds of hundreds of hertz without artifacts due to
sequential opening of gates. In Fig. 3.9, the principle of such a
parallelized approach is shown [27]. The fluorescence image gener-
ated by pulsed excitation is split into two images by means of a
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Fig. 3.9. Principle of a wide field FLIM system with simultaneous detection of

two time gates. The fluorescence image is split into two images and one of the

images is optically delayed with respect to the other. Both images are detected
simultaneously with the same time-gated detector.
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beam splitter. One of the images is (optically) delayed with respect
to the other and both images are projected onto the same gated
image intensifier. The gating process results in the simultaneous
recording of two time-gated images. The images have the same gate
width but a different time offset with respect to the excitation pulse.
Based on this approach, fluorescence lifetime images could be
recorded at a rate of 100 Hz.

Although new emerging technologies may provide more efficient
applications in the future [29, 30], so far in all wide field TG-based
FLIM systems, the gating process results in the loss of photons and
a consequent reduction of the sensitivity (photon-economy).

In contrast to point scanning TG, wide field TG is comparative-
ly inefficient; only a (small) fraction of the decay is recorded per
time-gate acquisition. Nevertheless, this approach generally results
in acquisition times that are significantly shorter than in LSM-
based FLIM (0.1-10 s).

3.5. Signal considerations and limitations
3.5.1. Noise

There are many sources of noise that affect the performance of
fluorescence imaging systems. The sources of noise can be classified
into [31]:

(1) Intrinsic noise caused by statistics related to the number
of detected quanta. This type of noise is often referred to
as Poissonian noise or shot-noise. For specific number
of detected photons, NV, the standard deviation of the detected
signal will be mnever less than N.'>. Consequently,
the highest achievable signal-to-noise ratio (SNR) equals N/
N2 = N2

(i1) Subtractive noise caused by the loss of photons because of
inefficiencies in the collection and detection of the fluores-
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cence emission. If the efficiency of the total system equals 7,
the number of detected photons will be Ny = /N, and the
SNR ratio relative to the ideal case will be reduced to (nN,)">.
An important cause for subtractive noise is the limited
solid angle () of microscope objectives. A high numerical
aperture objective may have an o as high as 72 °. This results
in detected fraction of ~30% of all photons. Other contribu-
tions to subtractive noise include inefficiencies of the optics
(e.g., band pass filters) and the limited quantum efficiency of
detectors.

(ii1) Additive noise caused by background light, dark counts
(current) of the detector and noise of the electronics. Addi-
tive noise only increases the noise and not the signal, there-
fore reducing the SNR of the system.

(iv) Multiplicative noise caused by the uncertainty in the gain of
detectors, which results in the increase of noise by a factor «;
a will be between 1 and 2. This noise is usually absent in SPC
and dominates in systems that employ analog detection.

(v) Digitization noise is caused by the digitization of the detector

output. Photon counting is not affected by digitization noise
due to the discrete nature of the detection.

Noise can be also introduced by biochemical heterogeneity of the
specimen. This can be a major cause of uncertainty in biological
imaging. The high (three-dimensional) spatial resolution of fluores-
cence microscopy results in low numbers of fluorophores in the
detection volume. In a typical biological sample, the number of
fluorophores in the detection volume can be as low as 2-3 fluor-
ophores for a confocal microscope equipped with a high NA objec-
tive at a fluorescent dye concentration of 100 nM. This introduces
another source of noise for imaging applications, chemical or
molecular noise, related to the inherent randomness of diffusion
and the interaction of molecules.

There are several other sources of noise that are specific to
lifetime imaging. In particular, noise related to the timing jitter of
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detector and electronics. This causes uncertainties in the time-
resolved detection of photons. In absence of timing jitter, the IRF
equals the laser pulse shape. The timing jitter of detector and
electronics broadens the IRF and deteriorates the lifetime sensitivi-
ty and resolution, in particular for short lifetimes.

3.5.2. Photon economy

The performance of a lifetime detection system can be conveniently
quantified by a figure-of-merit F, which is defined as the ratio of the
SNR in a lifetime measurement and the SNR in an intensity mea-
surement both carried out with the same number of photons. Based
on this definition, F can be written as:

DaDZL o.a
NﬂH| | ”| .
: sz VN as

where N'? is the intrinsic Poissonian noise for N detected
photons. When F = 1, lifetime estimations will exhibit the minimal
possible noise, whereas F > 1 implies a reduced SNR for the
lifetime estimation compared to a perfect system. An increase in F
can be compensated for by collecting F>-fold more photons. This
will result in the same SNR at the expense of F>-fold longer expo-
sure times (or higher excitation intensities). Therefore, F2 is a
measure for the efficiency with which information is collected and
used by an imaging application; F2 can be defined as the photon-
economy of a system.

The photon-economy depends on extrinsic sources of noise, the
characteristics and settings of the instrument and also on the anal-
ysis method. Usually, the photon-economy depends on the lifetime;
therefore it is instructive to construct graphs of F as a function of
the lifetime. The photon-economy of time-domain techniques has
been extensively characterized [10, 14, 32, 33].
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SPC techniques are hardly affected by additive noise and multi-
plicative noise is absent. However, subtractive noise due to the
collection efficiency and transmission of optics and the quantum
efficiency of the detector do play a role. In addition, at high count
rates, the efficiency goes down due to pileup effects.

1+ Citg o,
Fepc = EF = | [——21% /g (3.4)
n T

E represents the combined collection and detection efficiency of
the system and F the intrinsic photon-economy of the technique.
The factor n accounts for the subtractive noise, 4 is the dead-time
of the detector and C; the count rate of the system.

Methods based on analog detection are usually configured to
not suffer from rate-dependent (saturation) effects. Therefore, such
effects only occur at very high signal intensities, much higher than
used in SPC. Multiplicative (@) and additive noise do make a
contribution to the photon economy in analog detection. The
effect of additive noise is not straightforward to include in the
photon economy description and is here ignored. Inclusion of
multiplicative noise in F results in:

a o,
Fanalog > N VN = EF (3.5)

a is usually in the range 1-2.

An analytical description of the photon-economy and additive
noise could be carried out by the estimation of the Fisher-informa-
tion matrix of the used estimators [34].

Also the relationship between the F-value and imaging para-
meters such as the number of time-bins, the width of the time-bins
and the repetition rate have been studied in detail (de Grauw and
Gerritsen, 2001); [10, 14, 32, 33, 35, 36].

When high repetition rate pulsed laser (40-80 MHz) are em-
ployed, the fluorescence decay can be resolved over the 12-25 ns
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between adjacent excitation pulses with high time-resolution. Com-
mercial electronics for TCSPC can digitize the photon arrival time
with (sub) picosecond time resolution and the overall time resolu-
tion is determined by the detector. Because of the high time resolu-
tion and the large number of time-bins, TCSPC exhibits excellent
F-values, close to one when the excitation frequency is sufficiently
low [33]. TG with SPC can achieve equivalent efficiencies. Howev-
er, TG is typically implemented with a low number of time-gates
(2-8). When only two gates (1, I;) of equal width are employed the
rapid lifetime determination algorithm (Eq. 3.2) can be used to
calculate the (average) lifetime of the fluorescence decay.

The optimum gate width AT for a specific lifetime amounts to
2.5t. In Fig. 3.10 a typical F~t curve is shown for time domain
lifetime detection with a variable number of time bins and a total
detection window (sum of all the time bins/gate widths) of 10 ns (de
Grauw and Gerritsen, 2001). The curves are representative for both
TCSPC and TG operating in a high excitation frequency mode of
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Fig. 3.10. Figure of merit curves for time domain lifetime detection with a
variable number of gates. For all the curves the total detection window, the
sum of all the gate widths, is 10 ns.
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operation. The curves were calculated assuming that no pulse-
pileup occurs and that all the TG gates are opened sequentially
after the excitation pulse. Moreover, only the intrinsic photon-
economy of the technique is taken into account and no additional
noise contributions. Also, the effect of the IRF is not taken into
account.

The two-gate curve has its minimum (¥ ~ 1.5) at 2 ns and below
I ns the F-value rapidly increases. Interestingly, the minimum
F-values for four and more channels hardly differ at 2 ns. The
value is 1.18 and 1.10 for 4 and 64 gates respectively. Only for
(very) short lifetimes <500 ps the advantage of a large number of
(narrow) gates/time bins shows up. Interestingly, in the case of long
detection windows (>>7), F converges to 1 for high numbers of gates.

3.5.3. Calibration and accuracy

The accuracy with which a system can measure lifetimes depends on
a number of different factors including: calibration of the instru-
ment, the number of detected photons and also the efficiency of the
analysis routines. In addition, sources of background and scattered
light should be eliminated. Emission filters should be chosen
with great care to make sure that no scattered laser light reaches
the detector. Detection of scattered excitation light results in a
spurious fast component in the decay and complicates the interpre-
tation of the data. The choice of emission filters is much more
critical in FLIM than in conventional fluorescence intensity imaging
methods.

The time-domain IRF can be comparatively broad and skewed
functions. The IRF needs to be taken into account in the data
acquisition procedure and analyses to minimize systematic errors
in the lifetime determination, in particular if the lifetimes are short.

TCSPC is inherently self-referenced and therefore, with the ex-
ception of the regular recording of the IRF, a TCSPC system requires
practically no day-to-day calibration. In TCSPC the recording
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of the decay is started well before the rise of the fluorescence signal
and the high timing resolution allows measuring the entire fluores-
cence rise and decay of the fluorophore. This makes TCSPC insensi-
tive to long-term drift of reference timing signals from, for instance,
the lasers source. A (slow) drift in the timing is automatically ac-
counted for in the data analyses procedure.

TG-based microscopes make use of a comparatively low num-
ber of gates and only a part of the decay is sampled. The opening of
the first gate should be carefully chosen to start after the initial rise
of the fluorescence emission. Opening the first gate before or during
the rise of the fluorescence will cause a reduction of counts in the
first gate relatively to the second and therefore a bias in the lifetime.
This needs to be taken into account in the analyses. A further delay
of the opening of the first gate can be used for the suppression of
(fast) background lifetime contributions, but at the expense of loss
of detected photons. Due to the scale-invariant properties of ex-
ponentials, a time-shift in the opening of the gates will not alter the
measured lifetimes.

A common cause of inaccuracy in SPC-based time domain
detection is pulse-pileup, that is, the arrival of photons during the
dead-time of the detection system. Because the higher probability
of emission (and detection) in the earlier part of the decay, pulse-
pileup is more probable in this part of the decay. Consequently, the
decay will be distorted and the lifetime will be biased towards
higher values. Moreover, pulse-pileup will also result in a reduction
of the detection efficiency (see Fig. 3.7 and Eq. (3.4)). Therefore,
care should be taken to avoid excitation rates too close to the
efficacy count rate (i.e., the inverse of the dead-time) in order to
minimize these effects.

For comparatively high repetition-rates (period 7' < 5t) fluores-
cence decays could also overlap between adjacent pulses. Thanks to
the scale-invariant properties of the exponentials, no error is intro-
duced when the decay is a pure single-exponential. Conversely, the
preexponential factors can be altered when multiple lifetime decays
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are present, causing bias in the estimation of the (average) lifetimes
of the sample.

Finally, it is interesting to note that biases can be introduced by
data fitting at low counts even with the use of ordinarily unbiased
estimators like the maximum likelihood estimator [37].

Day-to-day drifts of instrumental characteristics, differences in
temperature and sample preparation may affect the recorded life-
times. For instance, differences in temperature can affect both the
excited state lifetime of the fluorophore and instrument properties
like noise or delays of wirings and electronics.

Importantly, the intrinsic heterogeneity of biological samples
can cause lifetime differences between different preparations [38].
Although the broadness of estimated lifetime distributions of
single-exponential fluorophores can be narrowed by collecting
higher numbers of photons, in biological imaging there will be
often broader lifetime distribution because of biochemical intracel-
lular heterogeneity and differences among cells and preparations.

It is recommended to characterize these errors in order to estimate
the statistical relevance of the measurement. Importantly, relative
estimates are usually less prone to errors and may offer higher sensi-
tivities. For example, in FRET-FLIM experiments the ratio of the
donor lifetime in the absence and presence of an acceptor is measured.
This offers a higher precision than absolute lifetime values.

3.5.4. Lifetime resolution and lifetime heterogeneity

The lifetime resolution is the smallest variation in lifetime that can
be detected. If external noise sources are ignored, the lifetime
resolution depends essentially on the photon-economy of the sys-
tem. For instance, if a 2 ns lifetime is measured with a 4 gate TG
single-photon counting FLIM (F = 1.3) and 1000 photons, varia-
tions of about 80 ps can be resolved. However, for reasons dis-
cussed earlier, in biological samples these values could be higher.
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To optimize resolution in lifetime-based assays, a comparison of
relative estimates is always favorable. If the FLIM experiment is
carried out in an environment where temperature cannot be tightly
controlled, it is also convenient to cycle between different samples
during the same experimental session, in order to average out ther-
mal and other instrumental drifts. When applicable, this practice
may be useful to suppress any nonrandom variation in the detection.

Lifetime heterogeneity can be analyzed by fitting the fluores-
cence decays with appropriate model function (e.g., multiexponen-
tial, stretched exponential, and power-like models) [39]. This,
however, always requires the use of additional fitting parameters
and a significantly higher number of photons should be collected to
obtain meaningful results. For instance, two lifetime decays with
time constants of 2 ns, 4 ns and a fractional contribution of the fast
component of 10%, requires about 400,000 photons to be resolved
at 5% confidence [33].

3.5.5. Shortest lifetimes

The shortest lifetime that an instrument can measure is mainly
determined by the instrument characteristics and for sufficiently
short excitation pulses it is limited by the timing-jitter of detector
and electronics. The most accurate detectors are MCP-PMTs that
exhibit TTSs as low as 25 ps but other commonly used detectors
may have values as high as 300 ps. At very high count numbers,
the lifetime resolution can be virtually infinitely high; however, the
timing jitter of the system is a practical detection limit for the
shortest measurable lifetime at any realistic SNR. Moreover,
the IRF needs to be taken into account to measure lifetimes that
are on the order of the width of the IRF or shorter. Contrary to
time-resolved spectroscopy, measuring lifetimes on the order of the
width of the IRF is challenging in lifetime imaging due to the
significantly lower numbers of photons per pixels that are typically
detected.
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3.5.6. Acquisition throughput

The acquisition throughput of a microscope is often determined by
photon statistics, but depends also on many parameters including
instrumental limitations, for example, the read-out and dead-time
of the detector and electronics [40].

For instance, a time-gated SPC microscope with four gates
exhibits a better maximal (Frg4 = 1.3) photon-economy than a
two-gated system (Frg, = 1.5). The latter setup will thus require
(Frga/Frga)® = 1.7-fold longer acquisition time than the former
because of photon-statistics alone.

Throughput also depends on the degree of parallelization of the
detection system. In wide-field imaging the fluorescence emission
needs to be acquired and gated sequentially by a MCP or simulta-
neously by the use of image splitters. In both the cases, however,
only a fraction of photons equal to the inverse of the number of
gates is collected because of the gating process. Based on the
sequential acquisition setup, a two gate system will be (4/2)(Frg4/
Frg2)® ~1.5 times faster than a four-gate system. On the other
hand, the importance of parallelization lies in the minimization of
read-out time-lags, photobleaching, and motion artefacts, which
could affect wide-field imaging when performed by the sequential
acquisition of the images. Such systems proved capable of acquisi-
tion rates in excess of 100 Hz [27, 41]. TCSPC can be also per-
formed using wide-field detectors. These detectors cannot,
however, sense more than one photon at a time and are inherently
slow [26]. Therefore, at present wide-field TCSPC systems do not
take advantage of the parallelization in terms of acquisition speed.

SPC techniques offer the advantage of low noise detection,
providing F-values of 1-2 times lower than in analog detection.
Although this can in principle result in four times faster acquisition
speed this gain in speed is not realized in practice. In SPC, the
comparatively high dead-times of detectors and electronics limits
the acquisition speed. SPC system should be operated at count
rates below the inverse of the dead-time of the system (electronics
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or detector). Above this count rate the lifetime may be distorted.
Moreover, the efficiency of the system goes down because of pileup
effects (see Fig. 3.7)

Because of the low timing-jitter (down to 25 ps) TCSPC-based
systems are often equipped with a MCP-PMT at detriment of
acquisition speed (<10° counts per second). On the other hand, a
TG-SPC system equipped with four gates and a fast PMT
(10 MHz) could be slower than a TCSPC at low count-rates
(<100 kHz), because of a lower photon-economy. However, al-
ready at 1 MHz, the former would be almost three times faster
and more the one order of magnitude faster at 10 MHz.

The above limitations are implementation dependent and no
intrinsic limitations. The throughput of TCSPC can for instance
be improved by the use of multiple detectors, and multiple TCSPC
boards [42]. The photon-economy of TGSPC could be optimized
somewhat by increasing the number of gates.

3.6. Data analysis

Time-domain detection results in histograms of photon arrival
times. In time-correlated SPC, the time-bins correspond to the
analog-to-digital conversion levels, whereas in time-gated SPC,
the time-bins are the time-windows during which the photon-
counting gate is activated.

The analysis of the histograms of photon arrival times is equiv-
alent in both cases and relies on fitting appropriate model functions
to the measured decay. The selection of the fitting model depends
on the investigated system and on practical considerations such as
noise. For instance, when a cyan fluorescent protein (CFP) is used,
a multi-exponential decay is expected; furthermore, when CFP is
used in FRET experiments more components should be considered
for molecules exhibiting FRET. Several thousands of photons per
pixel would be required to separate just two unknown fluorescent
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decay times; a signal level that can often not be realized in
biological imaging.

On the basis of a priori knowledge of the system, the number of fit
parameters can be sometimes constrained. In the case of a FRET
imaging experiment, the lifetime component corresponding to the
donor molecules that do not exhibit FRET can be assumed constant.
Now, the fitting would require one fit parameter less and consequent-
ly fewer detected photons per pixel are required for a reliable fit.

Lifetime heterogeneity itself can be the target of the measure-
ment. In this case, high photon counts and alternative model func-
tions like stretched exponentials and power-distribution-based
models can be used [39, 43]. These provide information on the
degree of heterogeneity of the sample with the addition of only
one fit parameter compared with single exponential fits.

It is not uncommon to detect only a few hundred photons per
pixel or less. Therefore, spatial binning of the data may be neces-
sary to obtain the sufficient signal for a reliable fit. At low counts,
also rebinning of the time histograms may be beneficial to avoid
“empty bins” and increase the efficiency of the fit. TD-FLIM can
be implemented with only two time-gates. By using Eq. (3.1)—the
rapid lifetime determination method—the average lifetime of the
sample can be estimated without any fitting. This method offers
high speed in both acquisition and analysis, but a comparatively
low photon-economy and accuracy. The latter is partly due to lack
of background correction.

Generally, inaccuracies can also be expected at low photon counts
(N < 100). Besides comparatively large statistical fluctuations, also a
bias in lifetime is introduced by the data fitting procedure [37].

As a criterion for the quality of the fit usually the reduced »* is
used by the fitting algorithm. This function is defined as:

N )
xm = M|~ AS. I\C@vv (3.6)

i—1 i
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Here, N is the number of data points (time bins), y; the measured
intensity in time bin i, 67 the measurement error (variance) for y;, x;
the time position of bin i, and f the theoretical function describing
the decay.

The fitting algorithm minimizes the 2, or another goodness-of-
fit function [44], to minimize the difference between the experimen-
tal data and the fit model. In spectroscopic measurements, high
values of the reduced y* (>1.4) indicate that the model may be not a
good representation of the experimental data and a different fit
function may have to be selected. However, in lifetime imaging
experiments even values higher than 2 may be acceptable because
systematic errors cannot be always excluded in FLIM data sets [20)].
On the other hand, a reduced y° close to one implies only that the
model fits the data with high accuracy within the experimental
errors. This does not necessarily mean that the model itself is a
realistic model. If the model has too many fit parameters, the fitting
function will yield low »* values without reliable values for the
estimated parameters.

Furthermore, at very low photon counts in general low values of
the reduced y* (1) are obtained because of the high noise level in
the data. Therefore, the reduced y° and other goodness of para-
meters should be used with caution.

Also global fitting techniques, where the space invariance (or
any other invariance property) of one or more fitting parameters is
exploited, have been successfully used to analyze fluorescence life-
time images [45, 46]. When applicable, global analysis techniques
provide more homogeneous SNRs and reduce the number of fitted
parameters.

In the analyses of the FLIM data, it is important to set an
appropriate threshold on the number of counted photons above
which the data is fitted. If a pixel contains a number of counts
below the threshold, the fit parameters are usually set to 0, that is,
those pixels are masked out.

When for a single exponential fit an error of <5% is required,
the threshold should be set at 400-700 counts, depending on the
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F-value of the system. The exact number of total counts per (even-
tually binned) pixel can be calculated from the F-value using
Eq. (3.3). For precise measurements, care should be taken that
the contribution of autofluorescence to the measurement is negligi-
ble. This may mean that the threshold has to be raised to compara-
tively high values.

The inspection of the fit residuals, that is, the (normalized)
differences between the experimental and fitted data point, is a
reliable tool to check for deviations from the fitted model.
Residuals should be statistically noncorrelated and randomly
distributed around zero. For example, if a bi-exponential decay is
fitted to a single exponential function, the residuals will show
systematic errors. Therefore, correlations in the residuals may
indicate that another fit model should be used.

Recently, a method used for the analysis of frequency-domain
data has been proposed for the analysis of time-domain images.
The AB-plot or phasor plot provides a useful graphical representa-
tion of lifetime data that can be used for the segmentation of the
images prior to data fitting [47, 48]. With this method, data fitting
may be avoided in many instances.

3.7. FRET-FLIM example application

An important application of fluorescence lifetime imaging is the
imaging of molecular colocalization based on FRET imaging, see
Chapters 1 and 2). The energy transfer from a fluorescent donor
molecule to a matched acceptor introduces an additional deactiva-
tion pathway for the donor’s excited state. As a result, the donor’s
fluorescence lifetime is reduced. Therefore, the occurrence of FRET
can be imaged using FLIM. Figure 3.11, shows an example of a
FRET-FLIM experiment in which two lipid raft markers, GPI-
GFP (donor) and CTB-Alexa594 (acceptor), are present in the
plasma membrane of NIH 3T3 cells. The lifetime images were
recorded using a confocal microscope equipped with a four channel
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Fig. 3.11. FRET-FLIM experiment to study colocalization of two lipid raft

markers, GPI-GFP and CTB-Alexa594. The rows of images show intensity

and lifetime images of donor-labeled and donor + acceptor-labeled cells. The

histogram shows the lifetime distribution of the whole cells. The FRET
efficiency is ~6%.

time-gated photon counting module with 2-ns wide time gates
(LIMO) [23]. A low power pulsed 440 nm laser diode was used
with a pulse width of about 100 ps and the power at the specimen
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was approximately 50 uW. Because of the low excitation power the
acquisition time was comparatively long, about 60 s.

The top series of images in Fig. 3.11 was recorded on a specimen
containing donor only. Left and middle images show the intensity
images of donor and acceptor channel respectively. As expected no
signal is present in the acceptor channel and the donor channel
shows clear labeling of the plasma membrane. On the right, the
donor-only FLIM image is shown. Here, a threshold was set at 900
counts and the maximum number of counts amounted to about
2500 counts. Only above the threshold the lifetimes were calculated.
The donor-only image shows a fairly constant lifetime over the
whole image. From the lifetime histograms of the image, an average
lifetime over the whole cell of 2.19 ns was found.

The presence of the acceptor, lower row of images, results in a
clear reduction in the lifetime to about 2.05ns. The reduction
corresponds to a 6% FRET efficiency. Experiments on more cells
(N = 4, not shown) confirms that this reduction is indeed significant
and that the two lipid raft markers colocalize in the plasma
membrane.

A closer look at the data shows the lifetime distributions are
comparatively broad, about 0.25 ns for both distributions. This is
in fact much broader than what one would expect from photon
statistics alone. Based on realistic F-values (1.2-1.5) lifetime images
recorded with this many counts are expected to yield distributions
with widths on the order of 0.1 ns. The broadening is therefore not
because of photon statistics. Variations in the microenvironment of
the GFP are the most likely source of the lifetime heterogeneities.
Importantly, such sensitivity for local microenvironment may be
the source of apparent FRET signals. In this particular FRET-
FLIM experiment, we found that the presence of CTB itself with-
out the acceptor dye already introduced a noticeable shift of the
donor lifetime. Therefore, in this experiment the donor-only life-
time image was recorded after unlabeled CTB was added to the
cells. The low FRET efficiency and broadened lifetime distribution
call for careful control experiments and repeatability checks.
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For this particular experiment, we also carried out additional
photobleaching measurements. Here, the acceptor was photo
bleached and it was found that the donor lifetime returned to the
donor only lifetime of about 2.19 ns. This confirms that the ob-
served lifetime reduction is indeed due to FRET [49].
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Kees Jalink, Wednesday June 13" 2012, 10.00
Imaging membrane constituents by intensity-based FRET approaches

Cellular signals that are either very local or short-lived (transient) can easily escape detection
by conventional biochemistry. A detailed understanding of these signals requires techniques with
high spatiotemporal resolution that can be used in single living cells. Imaging techniques offer this
high resolution, and the introduction of Green Fluorescent Protein (GFP) has begun to rapidly add
to the number of targets that can be monitored. In addition, the isolation of spectral mutants of
GFP allows direct imaging of molecular interactions within the cell through Fluorescent Resonance
Energy Transfer (FRET). FRET, which occurs when suitable donor and acceptor fluorophores come
into close proximity, serves to visualize protein-protein interactions, and it is also well suited as
the read-out is so-called biological "sensors". Such sensors are genetically encoded constructs
engineered to allow monitoring of signaling events by a change in energy transfer.

Several fundamentally different ways are used to detect FRET in microscopic images. | will
introduce in detail ratio-imaging and 'FilterFRET' (quantitative determination of FRET from
sensitized emission) as means to resolve FRET efficiency in living cells. | will describe what |
perceive as strenths but also weaknesses of these methods, and make some remarks on the
necessary equipment. Focusing on sensors to detect membrane lipids in living cells, | will then
describe some of the work done in our lab in developing FRET sensors, as well as some of our past
results with them.

LCAM-ESF course: Zooming in on plasmamembrane dynamics with advanced light microscopy

25



Provided for non-commercial research and educational use only.
Not for reproduction, distribution or commercial use.

Laboratory Techniques in Biochemistry and Molecular Biology, Volume 33

. . . . . . . FRET and FLIM Techni
This chapter was originally published in the book Laboratory Techniques in T W. M:Q adella Ammm owwn:mm

Biochemistry and Molecular Biology, Vol 33, published by Elsevier, and the attached
copy is provided by Elsevier for the author's benefit and for the benefit of the author's
institution, for non-commercial research and educational use including without CHAPTER 7
limitation use in instruction at your institution, sending it to specific colleagues who
know you, and providing a copy to your institution’s administrator.

FilterFRET: Quantitative imaging of

sensitized emission

Kees Jalink' and Jacco van Rheenen’

! Department of Cell Biology, The Netherlands Cancer Institute,
Plesmanlaan 121, 1066 CX Amsterdam, The Netherlands
?Hubrecht Institute-KNAW and University Medical Center Utrecht,
Uppsalalaan 8, 3584CT, Utrecht, The Netherlands

Previous chapters in this volume were dedicated to advanced imag-
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require complicated, dedicated, and expensive equipment. Fluores-
cence resonance energy transfer (FRET) can also be assessed from
simple fluorescence images taken with conventional wide-field or
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confocal FRET imaging will be treated. Special emphasis will be on
calibration of the FRET setup and images. Next, major sources of
error and noise that have hampered, until recently, application of
these algorithms in a very quantitative way will be discussed.
Finally, image enhancement strategies, their possible bias on the
results and some useful presentation aids will be treated. Taken
together, with proper attention for image recording conditions and
enhancement strategies, imaging of sensitized emission is a quanti-
tative, fast, photon-efficient, and easy way to determine FRET.

7.1. Introduction
7.1.1. Definition

The term filterFRET here refers to intensity-based methods for
calculating fluorescence resonance energy transfer (FRET) from
sets of images of the preparation collected at different excitation
and/or emission wavelength. The term is not intended to imply that
interference filters are actually present in the setup; very similar
considerations apply when donor- and acceptor fluorophores are
spectrally resolved by other means, such as monochromators or
spectral detectors.

7.1.2. Sensitized emission

In previous chapters it was shown that FRET can be reliably detected
by donor fluorescence lifetime imaging. Here, we will focus on what
is perhaps the most intuitive and straightforward way to record
FRET: imaging of sensitized emission (s.e., that is, the amount of
acceptor emission that results from energy transferred by the donor
through resonance) by filterFRET. While simple in principle,
determinations of s.e. are complicated by overlap of excitation and
emission spectra of the donors and acceptors, and by several
imperfections of the recording optics, light sources and detectors.
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7.1.3. The sensitized emission problem

To explain what problems complicate filterFRET, consider the
model neuronal cell in Fig. 7.1A. It contains two independently
expressed fluorophores: donor molecules at the membrane and in
the nucleus, and acceptor molecules at the membrane and around
the nucleus. Thus, FRET is only possible at the membrane and
sensitized emission should be restricted to the membrane. However,
if we collect an s.e. image (S) by exciting donors while collecting the
fluorescence of acceptors (Fig. 7.1A) the intensity distribution di-
ffers from the predicted FRET distribution (compare the s.e. panel,
bottom right, to the FRET panel). In particular, S also shows some
signal from donors in the nucleus and from acceptors in the region
around the nucleus. This is due to overlap of the excitation and
emission spectra (Fig. 7.1B), which is particularly apparent when
genetically encoded fluorescent proteins (FPs) are used as labels.
First, overlap of the donor emission spectrum with the acceptor
detection channel causes some emission of the donor to appear in
the S image (leak-through; Fig 7.1C), and second, due to overlap of
the acceptor excitation spectrum, some acceptors are directly (in-
appropriately) excited at the donor excitation wavelength (cross-
excitation; Fig 7.1C) and this causes acceptor fluorescence indepen-
dent from FRET. Thus, the first problem is:

FilterFRET Problem 1: Spectral overlap

S is a mixture of sensitized emission, donor- and acceptor
fluorescence.

Even if we forget, for a moment, the overlap problem and
assume that we obtained a “pure” sensitized emission image, inter-
pretation of this image is still ambiguous. That is because first, the
intensity of S varies linearly with the excitation intensity and with
the detector sensitivity. The exact same preparation will, when
measured on a different microscope, yield different s.e. intensities.
In fact, as much as renewing the arc lamp would impede comparison
of results obtained on the same microscope. Second, the interpretation
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of local differences in s.e. within a single image is also ambiguous.
For example, the diminished s.e. in the axon of our model neuron
(Fig. 7.1C) may either stem from less efficient interaction between
donors and acceptors or from locally decreased abundance of
donors and/or acceptors. As one often is interested in the distribu-
tion of the degree of protein interaction, the s.e. image must thus be
normalized by relating it to the local concentration of the donor,
the acceptor, or both. Thus:

FilterFRET Problem 2: Normalization

S depends on FRET efficiency but also on fluorophore concen-
tration, donor excitation, and detector sensitivity.

To perform such normalization, images of the distribution of the
donors and acceptors are needed. For the donor image (D), donor
emission is collected while exciting at donor wavelength, and for
the acceptor image (A), the acceptor fluorescence is imaged while
exciting at acceptor wavelength. Unfortunately, these images also
contain components of spectral overlap. In addition, D also con-
tains a (negative) component of FRET because inevitably some
donor emission will be lost due to resonance. This creates a recur-
rent problem: we cannot calculate s.e. because we do not know the

Fig. 7.1. Detecting sensitized emission. (A) Neuronal cell expressing donors
(blue) at the membrane and in the nucleus, and acceptors (green) at the
membrane and around the nucleus. Lower abundance of the donor in the
axon is also depicted. FRET can only occur at the membrane of this cell
(lower left panel). (B) Normalized excitation spectra of donors (CFP) and
acceptors (YFP). Indicated are the donor- and acceptor excitation lines (left
panel) and the two detection channels (bandpass filters). (C) Appearance of
signals in the s.e. image. Whereas FRET is restricted to the membrane, due to
leak-through of donor signal in the s.e. channel (e.g., in the nucleus; rightmost
spectrum) and false excitation of acceptors (e.g., around the nucleus; lower
right spectrum and figure B) additional signals are apparent. Note that leak-
through and cross-excitation are not restricted to areas stained with either
donors or acceptors alone (lower left panel).




294 FRET AND FLIM TECHNIQUES

donor distribution, and the reason that we do not know this is that
we cannot correct it for the unknown s.e. Similarly, the acceptor
levels may not be directly derived from A if this image also contains
some emission of donor molecules that have been cross-excited at
the acceptor excitation wavelength and that bleed into the acceptor
channel. It would appear that this latter term is always very small,
but as we will see later on in this chapter its contribution may become
significant when acceptors are present very sparsely and the sensitiv-
ity of the acceptor channel is increased to cope with that fact. Thus:

FilterFRET Problem 3: Reference donor- and acceptor images

Relative donor and acceptor levels cannot be determined directly
from D and A images.

Once proper corrections have been applied to donor, acceptor,
and s.e. images (i.e., Problems 1 and 3 have been tackled), we can
proceed with Problem 2 and normalize the data. Here, a final
important issue is raised: that of absolute quantification. Let us
define here the apparent donor FRET efficiency Ep as the fraction
of energy quanta absorbed by all donors (whether in complex with
an acceptor or not) in a given pixel that is transferred to acceptors
(note the difference with FRET efficiency E as defined in other
chapters, which is the chance that excitation of the donor in a
donor—acceptor complex leads to transfer to the acceptor). By defi-
nition, both Ep and E should be corrected, normalized, and quan-
titative measures for interactions. However, the quantitative Ep
cannot be simply obtained by dividing corrected S and D images
because S and D are not to the same scale. That is, even if S and D
share the same excitation settings (which cancels out excitation
changes as a source of variance), D and S are obtained with
different “‘sensitivity’”’ because filter settings, detector gain, and
quantum yields of fluorophores are not the same. To be able to
directly compare results obtained in different labs and with differ-
ent setups, we thus have to find a scaling parameter that relates the
sensitivity of the setup for donors to that for acceptors.
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FilterFRET Problem 4: Getting it quantitative

Corrected s.e. and donor images are not to the same scale
because they have been recorded under different conditions.

Luckily, a mathematical framework to solve these problems has
been worked out by several groups [1-6] who showed that from just
three acquired images S, D, and A quantitative FRET efficiency
images can be calculated. This framework relies on calibrations
taken from cells expressing either donors only or acceptors only
and it allows direct comparison of results obtained around the
world.

Before embarking on a detailed treatment of filterFRET, for
completion we will briefly treat earlier nonquantitative FRET im-
aging methods that rely on calculating the ratio of S and either D or
A. While not quantitative, ratio imaging is still widely in use
because it is very simple and, depending on the biological applica-
tion, it often gives enough information to provide answers.

7.2. Two-channel ratio imaging
7.2.1. Emission ratio

Emission ratio imaging is extremely popular due to its simplicity
and speed. In essence, cells expressing donors and acceptors are
illuminated at the donor wavelength and fluorescence intensity data
are collected both at donor (D) and at acceptor (S) channels.
Collected data may be either images, or, in case high acquisition
speed is crucial and spatial information is not required, dual-
channel photometer readings (see Textbox 1). S and D are not
overlap-corrected and “FRET” is simply expressed as the ratio of
intensities' as: ratio = S/D.

"Variations on the simple ratio are also encountered in literature, for example, S/(S + D).
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Emission ratioing yields some form of normalization (provided
that the FRET efficiency is small) and it nicely cancels out light
source intensity fluctuations. It does not, however, provide suffi-
cient data to calculate FRET quantitatively in most cases. Never-
theless, there are cases where quantitative FRET data are not
needed to still be able to draw biological conclusions. For example,
to study agonist-induced changes in FRET, emission ratio data
from time-lapse series provide good information on the time course
and localization of the induced FRET changes, and a reasonable
impression about the magnitude. In addition, a better quantitative
feel for the data can be obtained if endpoint calibrations are appli-
cable, for example, if FRET can be experimentally maximized (see
Textbox 1) [7-9].

Ratio imaging is particularly suited for single-polypeptide
FRET sensors. In these constructs FRET changes are due to al-
tered distance and/or orientation of the donor and acceptor, and
since the fluorophores are tethered their stoichiometry is always
fixed. Thus, the filterFRET problems are easier to address and,
assuming full maturation of both FPs [4], it can in fact be shown
that under these circumstances two images suffice to calculate
FRET quantitatively (see Textbox 1 and Appendix 7.A.6).

7.2.2. Excitation ratio

In principle, similar information can be obtained from excitation
ratioing where acceptor images are acquired at both donor (S) and
acceptor (A) excitation wavelength, and FRET is apparent from
ratio = S/A.

Because of the double exposure, the preparation suffers from
increased bleaching and photodamage. Furthermore, split-imaging
on charge-coupled-device (CCD) systems (see Textbox 1) is not an
option. Nevertheless, excitation ratioing may be an economic
choice for laboratories that have an old Fura-imaging setup.
These microscopes often allow very fast excitation switching
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Textbox 1. Ratio imaging

Emission ratio imaging involves collection of S and D images
from the preparation. On wide-field microscopes, D and S
can be sequentially acquired by emission filter switching, for
example, using a filter wheel. This requires two consecutive
exposures, causing unnecessary photobleaching and raising
the risk of errors due to cell movements (Fig. 7.T1). Therefore
it is better to collect the images simultaneously, for example,
using a commercially available image-splitting device (Fig. 7.
T1B) that projects the channels on two halves of the same
CCD camera chip. Note, however, that these devices require
precise calibration to ensure perfect co-registration of the
images. On point-scanning confocal microscopes, simulta-
neous acquisition of D and S is also possible and the two
images will usually overlap quite well.

Ratio imaging nicely cancels out some of the main com-
plications in the interpretation of wide-field images in that it
normalizes fluorescence intensity differences caused by for
example, cell height (Fig. 7.T1) as well as possible slow drift
in excitation intensity. Light sources invariably are much less
stable than detectors. Incidentally, for these reasons emission
ratio imaging has been applied for over 3 decades by the Ca*"
imaging community.

In Fig. 7.T1C, a special case of emission ratioing is shown.
Rather than forming an image, the objective is used to project
the emission on a beamsplitter/dual-photometer assembly
that simply records the total emission in S and D channels.
Pooling of all the emission photons allows for dimming of the
excitation intensity by several orders of magnitude, effectively
eliminating photodamage. Whereas spatial resolution is given
up, this setup is ideally suited for fast kinetic experiments
because it can easily be tuned for sub-ms temporal resolution.

(Continued)
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In general, ratio imaging is not quantitative nor is it,
strictly spoken, normalized because the acquired data do not
permit Problems 1-4 (see Sect. 7.1.1) to be properly addressed.
One important exception is the case where donors and accep-
tors are present at a fixed stoichiometry. Examples of that are
the popular single-polypeptide FRET sensors. In this case, the
XZ cross section normalization problem (2) is inherently solved and the over-
lap- and reference-image problems (1 and 3) simplify consider-
ably. It can be shown [1 and Appendix 7.A.6] that in that case
Objective FRET efficiency (E) can be calculated from D and S images.
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7.3. Three-channel measurements: FilterFRET

In this section, FRET will be calculated from sets of three separately
acquired images that are chosen to optimally detect s.e. (S),
donor emission (D), and acceptor emission (A). Because both the
excitation and emission spectra of donor and acceptor overlap ex-
tensively, S, D, and A likely also contain leak-through components
that have to be subtracted (Fig. 7.2). Just how much leak-through
needs to be subtracted depends on calibration values that must be
calculated from measurements obtained with special reference sam-
ples. Note that in essence our treatment follows and builds on the
work of several authors [1-3, 5, 6, 10-12]. Most of the published
correction schemes have been worked out for images acquired with a
wide-field fluorescence microscope equipped with digital camera [1,
2, 5, 6, 10]; however, a variety of mathematical terminologies
has been used. For confocal images, we showed that correction is
distinctly more complex because the sensitivities of the detection
channels are varied independently [3]. We here present a generalized
mathematical framework, with an attempt to arrive at a compromise
in terminology.

7.3.1. Sensitized emission

In the following treatment it is assumed that detector gain and
offset are correctly adjusted, and that autofluorescence of cells is
either negligible or properly subtracted. In addition, it is assumed
that the images are shading-corrected; see Sect. 7.4.4. For details on
shading techniques, the reader is referred to Nagy et al. and
Tomazevic et al. [10, 13]. Provided that independent measurements
on the magnitude of cross talk terms can be made, straightforward
corrections can be carried out from three acquired images:

— Donor excitation with donor emission, D
— Donor excitation with acceptor emission, S
— Acceptor excitation with acceptor emission, A
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Fig. 7.2. Sensitized emission calculated from confocal images. Cells expressing
CFP- and YFP-tagged Pleckstrin homology (PH) domains were seeded
together with control cells expressing either CFP (marked “D”) or YFP
(marked “B”). Top row shows raw input files and illustrates donor leak-
through (middle panel, “D”’) and cross-excitation (middle panel, “A”). In the
bottom row, S images are corrected for cross-excited YFP (left), for CFP leak-
through (middle) or according to Eq. (7.8) (right panel). The contrast of the I3
panel is stretched twofold as indicated. All images in this chapter are collected
with Leica TCS SP2 or SP5 confocal microscopes except for Fig. 7.T1, which
was acquired with a Leica ASMDW wide-field epifluorescence microscope
equipped with dual-view adapter (Optical Insights). Image acquisition and
specimen refocusing were automated from within a custom-made Visual Basic
(v6.0) program by calling commands from the Leica macro tool package.
ROIs were manually assigned to cells expressing only CFP or YFP and from
these, correction factors were measured and calculated. Using these factors,
sensitized emission was calculated as outlined in the text.

The acquired images are composite images that consist of fluo-
rescence stemming from different molecular species: donors, accep-
tors, or FRET pairs (Figs. 7.1 and 7.2). These fluorescent
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components are denoted by I (intensity) followed by a capitalized
subscript (p, 4. Or s, for respectively donors, acceptors, or donor/
acceptor FRET pairs) to indicate the particular population of
molecules responsible for emission of I, and a lower-case super-
script (& ® or ®) that indicates the detection channel (or filter cube).
For example, I$ denotes the intensity of the donors as detected in
the donor channel and reads as “Intensity of donors in the donor
channel,” etc. (see Table 7.1).
The terms in the composite images thus are as follows:

— D is the sum of the remaining donor fluorescence in the donor
channel (I§_g), and of leak-through components of sensitized
emission back into the donor channel va and of cross-excited
acceptors back into the donor channel (19).

D=1y +1¢+1§ (7.1)

— S contains energy transfer Qwv, leak-through from the “donor
minus FRET” population (I}, ) and emission from cross-
excited acceptors (I3).

S=1I, ¢+ 13+ (7.2)

— Finally, A contains acceptor fluorescence Q Mv and two usually
very minor leak-through components: that of the (partially
quenched) donor population inappropriately excited at accep-
tor wavelength and leaking into the acceptor channel A B mv“
and the small amount of sensitized emission that stems from
FRET after inappropriate excitation of donors at acceptor
wavelength (12).

A=1I, +I5+1] (7.3)

In the majority of cases, the two cross-terms in this equation can be
ignored (i.e., are <0.01) and Eq. (7.3) simplifies to:

A =1} (7.3

Ch. 7

TaABLE 7.1
Glossary of terms
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Symbol

Excitation

Emission

Fluorophore

Indicates

Don

Don

Acc

Don

Don

Don

Don(S)"

Don(S)

Don(S)

Acc

Acc

Don

S.C.

Don

Don

Don

)

s.€.”

s.C.

Don

S.C.

Don

S.C.

Don

S.C.

raw donor image collected at
me with donor emission
filter (donor channel)

raw sensitized emission
image collected at A%, with
the sensitized emission
filter (s.e. channel)

raw acceptor image collected
at /5, with the acceptor
emission filter (acceptor
channel)

unquenched donor signal in
the donor channel

(acceptor) s.e. leaking
through in the donor
channel

cross-excited (at \,rm_xv accep-
tor emission leaking
through in the donor
channel

leak-through of unquenched
donor excited at 4% in s.c.
channel

(acceptor) s.e. signal
detected in the s.e. channel

emission of acceptors cross-
excited at A3 in the s.e.
channel

cross-excited (at A%,) signal
of unquenched donors
leaking through in the
acceptor channel

(acceptor) s.e. in acceptor
channel at A% ; this signal
derives from the small
population of cross-
excited donors that leads
to FRET

(Continued)
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TaBLE 7.1 (Continued)

Symbol Excitation Emission Fluorophore Indicates

I Acc Acc Acc (directly excited) acceptor
signal in the acceptor
channel

I8 Don Don Don’ (partly) quenched donor
signal in the donor
channel

s Don(S) s.e. Don” leak-through of the (partly)

quenched donor signal in
the s.e. channel

s Acc Acc Don’® leak-through of the cross-
excited, (partly) quenched
donor signal in the s.e.
channel

The fluorescent components are denoted by 7 (intensity) followed by a capita-
lized subscript (p, 4, or s, for respectively Donors, Acceptors, or s.e.) to indicate
the particular population of molecules responsible for emission and a lower-case
superscript (¢ ¢ or *) that indicates the detection channel (or filter cube). For
example, I§ denotes the intensity of the donors as detected in the donor channel
and reads as “Intensity of donors in the donor channel,” etc. Notes: (1) The
excitation in the s.e. channel is generally set up to be equal to that in the donor
channel. In case a separate filter cube is used, slight differences may occur, which
is denoted by Don(S). See the text and appendix for further details. (2) The s.e.
emission filter is usually the same as the acceptor emission filter in confocal
determinations. We here designate a different filter to accommodate those wide-
field/digital camera experiments that employ different filters for A and S. (3) Here
the notation D-S indicates the residual (quenched) donor fluorescence in the
presence of the acceptor. In the other chapters this is indicated as DA. Hence:
Iy s=Ihuly s=Ihsand [y s =1,

For those cases where cross-terms cannot be ignored, we derive an
expression in Sect. 7.A.5.

Now, note that each of the leak-through terms in Egs. (7.1) and
(7.2) is just a fixed fraction of the intensity in its “own’’ channel:

I8 = old (= ad) (7.4)

s =Blp s (7.5)
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u =014 (=74) (7.6)
I3 =9I (7.7)

where o is the ratio of pure acceptor fluorescence detected using
donor/acceptor filters, f is the leak-through of pure donor fluores-
cence in the acceptor (s.e.) channel, ¢ that for leak-through of
sensitized emission back into the donor channel, and y relates
acceptor fluorescence excited at donor wavelength and detected in
the s.e. channel to the acceptor fluorescence excited at acceptor
wavelength and detected in the acceptor channel. Further, it can be
easily shown that o = 74 (see Textbox 2 and Appendix).
We can thus rewrite Egs. (7.1) and (7.2) to:

D =15 ¢+ 0I5+ y0A (7.1B)

S=pIy ¢+ 15 +yA (7.2B)
which rearranges to [3]:

~S—BD—y(1 - BS)A
- 1—Bs

I3 (7.8)

Sensitized emission vav as defined in Eq. (7.8), reliably mea-
sures the relative amount of energy transfer occurring in each pixel
(Fig. 7.2, lower right panel). % is corrected for spectral overlap (i.e.,
Problem 1 has been taken care of); however, unlike E, it is not a
normalized measure for interaction nor is it quantitative in absolute
terms. It depends on the specific biological question which of the
two yields the most relevant information.

7.3.2. FRET efficiency

Having obtained the s.e. image /%, which provides a spatial map of
molecular interactions in the cell, the next steps are normalization
and absolute quantification of the interactions. Normalization can
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Textbox 2. The leak-through parameters

The correction factors «, 5, y, and 6 must be determined
independently. From Eqs. (7.4) to (7.7), it is clear that esti-
mates for o, y, and ¢ can be obtained by imaging a sample
with only acceptor molecules and calculating:

o = D/A leak-through of cross-excited acceptors back into
the donor channel

7 = S/A cross excitation of acceptors

0 = D/S leak-through of s.e. back into the donor channel

Similarly, f is estimated from a sample with only donor
molecules:

f = S/D leak-through of donors into the s.e. channel

Note that parameters ff and J depend on signal amplifica-
tions in the utilized detectors and on the elements in the
optical path (optical filter, spectral detection bands) only,
while « and y are additionally influenced by relative excitation
intensity. This is usually a fixed constant in wide-field micros-
copy but in confocal imaging laser line intensities are adjusted
independently. Furthermore, note that the « factor equals &
multiplied by y (see Appendix for further detail).

be carried out through division of the s.e. image by a pure donor
image to arrive at the “apparent FRET efficiency” (not to be
confused with the quantitative Ep):

WPERET) = I3/1 (7.9)

where the denominator represents the total donor fluorescence as it
would appear in the absence of FRET. That is, the pure donor image
in the denominator has to be corrected for leak-through components
and for loss of donor emission due to FRET (Problem 3)[1, 3, 5, 6].
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Sometimes normalization to the acceptor image is encountered:
WPPERET, = I3/} (7.10)

This is easier because the acceptor image is readily available
(Eq. (7.3")) without further corrections. 2°PFRET 4 and *PPFRETp
are not quantitative in that nominator and denominator images
are acquired in different channels. Thus, their relative magnitude
depends on filter settings, detector gain, on donor and acceptor
quantum yield and, in the case of 2P FRET 4, also on relative excita-
tion intensities. While neither 2PPFRET 4 nor 2PPFRET, solve the
problem of quantification, both are frequently encountered in the
literature and both do allow quantitative comparison of interactions
within the same image.

In order to obtain the desired quantitative measure of FRET
(Fig. 7.3), an additional correction factor must scale the nominator
to the denominator in Eq. (7.9) [1-3, 6]. In other words, we must
relate the FRET-induced sensitized emission in the S channel to the
loss of donor emission in the D channel as in:

Loss in donor emission due to FRET

Ep = — 7.11
D™ Total donor emission in the absence of FRET ( )
or in our terminology:
14 —rd 14 I
@u%n?%? |Ev (7.11A)
I3 I3 Ip

Note that the “Loss in donor emission due to FRET” (Eq. (7.11)) is
just a constant times the “sensitized emission” (Eq. (7.8)) for given
acquisition settings, or I = ¢I5. Thus (noting that both I8 and
¢ have negative values):

0SS

NMIM = NM + NMomw = NM + %Nm A\N_Nv

Now it is straightforward to solve for I3 and I§ . Substituting
Eq. (7.12) in Eq. (7.2B), S and D become:
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Donor Unquenched donor A_mv Acceptor
S.e. A_mv mU m>

Fig. 7.3. Fret efficiency. The unquenched donor image (top row, middle

panel), as calculated according to Eq. (7.13), and the acceptor image (top right

panel) are used to normalize the s.e. image. The resulting images Ep and E,

(Egs. (7.10) and (7.11), respectively) are quantitative, as detailed in the text.
Unfiltered, raw data are shown. Scale bar is 12 um.

D =13+ (¢ + 8)I5 + oA (7.1C)
S = BIj + (B¢ + DI + A (7.2C)

Combining Egs. (7.8) and (7.1C):
bty 9F0 6. oA (7.13)

D1 —ps 1 —po
defining

|m€+3
(=50 (7.14)
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then:

NMHR._.CUIMm.I\AuIM.T%mv»» (7.13B)
Note that this equation is identical to the expression for un-
quenched donor fluorescence of van Rheenen et al. (Eq. (A17)).
And for I§  we can derive the following expression after
combining Eqgs. (7.1B) and (7.2B):

D - 6S
d  _
Iy = T~ (7.15)
Thus, we now have the results to express Ep as:
14 D - 6S
En=1-2=S_1_ 7.16
P I8 (Bo+1)D — (0+ d)S+ o(1 —af)A (7.16)

7.3.3. Making it quantitative

One final step is needed to wrap things up: the factor ¢ (which
relates the s.e. in S to loss of donor fluorescence in D) that was
introduced to solve for I§ must be determined. Note that for a
given combination of filter settings and fluorophores ¢ is a con-
stant, independent from expression levels and excitation intensity.
For the popular cyan fluorescent protein (CFP)/yellow fluorescent
protein (YFP) FRET pair, we have mostly used a very intuitive
approach that employs Yellow Cameleon, the well-known single-
polypeptide intracellular Ca>" sensor. This construct shows signifi-
cant FRET change upon raising intracellular Ca®>" concentration
with, for example, ionomycin [7]. Recording D and S before and
after ionomycin-induced Ca®" saturation of Yellow Cameleon
gives paired observations for Egs. (7.1C) and (7.2C) that differ
only in FRET efficiency. The increase in S is:
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S(post) = BI + (B + 1)I§(post) + yA
S(pre) = BIp + (B + 1)I5(pre) +7A
S(post) — S(pre) = (B¢ + 1) (I5(post) — I§(pre))

And for the change in D:

subtract (7.17)

D(pre) = I + (6-+ §)13(pre) + 7oA
D(post) =I5 + (0 + ¢)I3(post) + yoA
D(pre) — D(post) = — (6 + ¢) (I5(post) — I§(pre)) subtract
(7.18)
Dividing Eq. (7.17) by Eq. (7.18) gives:
S(post) —S(pre)  fp+1 _
c€@|c€83||@+%na (7.19)
or’
_ 144G
=516 (7.20)

Note that G as derived here relates the FRET-induced sensitized
emission in the S channel to the loss of donor emission in the D
channel and that it is identical to the correction factor y/¢ [2] or G
[6, 14]. Note however, that if the correction factors § or ¢ change, G
and ¢ change as well. In contrast, our correction factor { [3] is a
constant that depends only on fluorophore properties and filter
settings, and therefore it does not change with excitation intensity
or detector gain. This is a clear advantage for confocal filter FRET.
{ (Eq. (7.14)) and G (Eq. (7.19)) are related as:

inmAfij (7.21)

*Note that we have slightly rearranged the math from van Rheenen et al, BJ 2004 to
adopt the correction factor G that is used in several publications.
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and

B
{ = 51 G (7.22)
Of course any of the many cytosolic constructs that can be forced
to change FRET are useful for calibration, as long as the fluoro-
phores are the same as those used in the experiments. We have
for example also successfully used caspase-cleavable GFP-mRFP
chimera (unpublished results).

Several other approaches to solve the quantitation problem have
been proposed. Hoppe et al. [2] determined y/¢ by calibrating it
against constructs with known FRET efficiency. We and others [3, 6]
have used data from a cell before and after acceptor photobleaching to
relate the FRET-induced sensitized emission in the S channel to the
loss of donor emission in the D channel by factors termed { or G,
respectively. For the CFP/YFP pair this works very well on confocal
microscopes with a 514-nm Argon ion laser line, but on wide-field
systems, selective acceptor photobleaching reportedly causes pro-
blems [14]. Finally, G can also be determined by comparison of several
constructs that differ in FRET efficiency, a bit analogous to the Yellow
Cameleon calibration described above [10, 14].

7.3.4. Stoichiometry

The FRET efficiency Ep as determined above is the fraction of energy
quanta absorbed by all donor molecules that is transferred to accep-
tors. For a given pixel, Ep effectively reflects both the efficiency with
which paired donor—acceptors transfer energy (E) and the fraction of
molecules in that pixel that pair up ( fp). This means, for example, that
a pixel with £p = 0.2 may result from 100% of donors having £=0.2,
or from 20% of donors having £ = 1, or anything in between. The
FRET efficiency E of a donor/acceptor pair (termed characteristic
FRET efficiency, E. in some literature [2, 3]) is most often unknown.
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However, if a good estimate of E can be made, the fraction of donors
in complex can be readily calculated as

fp=tr (7.23)

E

The cases where reliable determination of Eis possible are those where
good assumptions can be made based on known fluorophore dipole
alignment and distance and those where the donors and acceptors can
be induced to quantitatively engage in interactions (for example, by
determining FRET in an (in vitro) preparation of a 1:1 donor—
acceptor mix, or by inducing maximal interaction in a single-
polypeptide FRET sensor such as Yellow Cameleon or CFP-Epac-
YFP, see Figure in Textbox 1). In vivo, usually many uncertainties
exist that prevent determination of E. For example, distance and
orientation of donors and acceptors may be variable and FRET may
also occur between molecules that just happen to come within reso-
nance range (sometimes called spurious- or collision FRET). This
latter effect is very small for molecules in solution, but it dramatically
increases when the donors and acceptors are concentrated in cell
organelles. For example, even donor- and acceptor-tagged molecules
that are distributed randomly (i.e., not clustered) at the membrane will
yield significant FRET despite moderate expression levels (for analy-
sis, see Appendix of van Rheenen et al. [15]). Thus, Ep reflects both
intra- and inter FRET-pair resonance, and consequently fp would be
overestimated (which incidentally also holds true for the determina-
tion of E or fp using FLIM). Usually I3, Ep, and E4 can be reliably
determined, but in the vast majority of FilterFRET or FLIM experi-
ments F and fp will be unknown.

Unlike donor-based FRET methods like FLIM, filterFRET also
yields spatial information on the acceptor population. This means
that in addition to querying donor-FRET (by solving for Ep or ),
we can also assess the relationship between sensitized emission and
the acceptor population. At 1:1 stoichiometry obviously Ep should
equal the acceptor-normalized efficiency E 4. In other cases, £, de-
viates from E but sometimes can yield biologically more relevant
information than Ep or E. For example, dislocation of 50% of the
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donors from an organelle decorated with donor—acceptor pairs into
the cytosol might leave 50% of acceptors unpaired at the organelle.
Ep would in this case report that the remaining 50% donors still
interact just as efficiently, whereas E4 clearly reveals the lowered
acceptor occupation by dropping with 50%.

What is the donor/acceptor ratio in a given cell? Again, this
ratio cannot be directly derived because it concerns two quantities
that stem from fluorophores with different properties (absorption
coefficient, quantum yield, spectra) and that emit into two channels
differing in gain, filters, and excitation intensity. Thus, the (overlap
corrected) intensity of acceptors in channel A will be a factor k
times that of donors in D, at equimolar concentrations,’ or:

kI =18 (7.24)

For a first approximation, k can be simply calculated by dividing 7§
by I for a donor—acceptor fusion construct, because both quan-
tities are corrected for overlap and FRET. Note however that this
requires ¢ to be known (see Sect. 7.3.3). For the ratio of donor to
acceptor concentration, we simply find:

[donor] _ M (7.25)
[acceptor] 4
Or, in the case of confocal acquisition”
d I
E =yo5-2 (7.25B)
[acceptor] I

*Termed k in [1]; o in [10]; R in [7], xy in [17].

“For confocal imaging with tunable gains, k is not constant. Rather, we can distinguish a
fixed part (which relates the efficiency of donor excitation at donor wavelength to that
of acceptor excitation at acceptor wavelength) and a part that depends on relative
excitation intensities and gains. The former was termed k in van Rheenen et al. [3] but to
keep « in line with the terminology used in this volume that factor will here be renamed
to g, such that k = yg. Also, see Appendix.
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Of actual interest to the biologist is usually not the quantification of
donor, acceptor, and donor—acceptor, but rather to estimate the
concentrations of the interacting proteins and the extent of their
interactions, regardless of their labeling state. It is obvious that if
the interacting proteins are incompletely labeled (for example, due
to the presence of an endogenous population of untagged proteins,
or due to imperfect maturation of FP labels) FRET recordings will
significantly underestimate the amount of interactions between the
proteins. Formalisms to cope with incomplete labeling have been
put forward by several groups [2, 4, 16].” Inasmuch as such form-
alisms rely on calibration using donor—acceptor tandem constructs,
it is important to note that we observed that speed of maturation of
a given FP may dramatically vary from construct to construct [17].

7.4. Optimizing image acquisition

As the I, Ep, and E, images are calculated from the raw input
images, it is extremely important that D, S, and A are of the best
possible quality. In addition, care must be taken that correction
factors are derived from reference images taken at exactly the same

*Wlodarczyk and coworkers consider that labeling may be incomplete for 2 two reasons:
first, not all proteins may become labeled (either in the chemical crosslinking process, or
in the case of FP-labeling, due to the presence of endogenous proteins), and second,
existing labels may be non-fluorescent, for example due to poor maturation of FPs, or
due to photobleaching. Be pg and p, the probability that a given molecule of type a and
d receive a functional label, respectively, then the concentration of fluorescent donors
equals pg times the total concentration of d plus (1-py) times the concentration of
complexes, or, in their terminology,

[D] = pa.[d] + (1-p.)[da]. Analogously,
[A] = p..[a] + (I-pg)[da] and
[AD] = pgpa[da].

Provided that proper estimates of p, and pgq are present, quantitative estimates of
interactions can be readily achieved for certain types of experiments.
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imaging conditions. In this part, possible pitfalls will be discussed
and strategies to improve image quality will be lined out.

7.4.1. Wide-field versus confocal FilterFRET: A comparison

FRET imaging differs enough between wide-field fluorescence
microscopes and confocal microscopes to warrant a comparison
of the two techniques in this chapter. Confocal imaging offers
significant advantages over wide-field imaging because it produces
crisp optical sections of the preparation. Furthermore, point-
scanning confocals offer greater freedom in image acquisition by
allowing free choice of zoom and resolution and independent tun-
ing of channel sensitivities through adjustment of the voltage of the
photomultiplier tubes (PMTs). Confocal imaging is also more easi-
ly combined with acceptor photo bleaching and with fluorescence
recovery after photobleaching (FRAP) experiments. On the other
hand, wide-field fluorescence setups offer the freedom to filter-select
whatever excitation wavelength desired, and the CCD detectors are
more sensitive than PMTs. CCD imaging also is less harsh for the
cells than laser point-scanning, although careful tuning of the
confocal excitation regime can remedy that for a large part.

These differences have important consequences for filterFRET
imaging. The major complication posed by confocal acquisition is
that relative sensitivities for D, S, and A are tunable. This is true
even if identical filter and pinhole settings are used from experiment
to experiment since in general the user wants to fine-tune the
excitation line intensities and to control individual PMT gain
(high voltage) and offset settings for the channels. With CCD
acquisition, weaker fluorescent cells are imaged by increasing the
integration time, which causes both Nmu % and I as well as the
leak-through terms to increase linearly. As a result, when leak-
through factors for particular fluorophores and a particular filter
set have been quantified once, alterations in integration time can be
easily compensated for. In the confocal case, however, unless laser
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intensity and PMT settings are kept fixed, this is not possible, due
to the nonlinear dependence of gain and offset on the PMT high
voltage. This necessitates that f8, y, and 6 are determined after each
change in setting. The advantage—on the other hand—is that the
added flexibility allows simultaneous optimized acquisition of the
often weak FRET signals without compromising acquisition time.

Because on CCD setups excitation for D, S, and A images is
usually filter-selected from a single white light source the relative
intensity of excitation is approximately fixed. Confocal microscopes
use separate laser lines, often from distinct lasers, that can (and for
optimal imaging should) be independently adjusted. Thus, on CCD
setups y (Eq. (7.6)) is constant for a given set of filters whereas on the
confocal, it varies from image to image (also, see Sect. 7.4.2).

A final distinction is that on confocal microscopes S and A
images are commonly acquired with the exact same emission filter
settings whereas for CCD microscopes they typically involve phys-
ically separate- and therefore slightly different—filter cubes.® This
simplifies the calculation of leak-through terms [3]. In Appendix of
this chapter, we rather generalized the treatment of filterFRET by
not making assumptions on the filter settings for S and A.

These differences add up to one major distinction: on wide-field
imaging setups, it suffices to calibrate the setup just once for a given
set of filters and fluorophores, and then use it for weeks or months
without bothering about it. In contrast, for confocal filterFRET
imaging, calibrations must be made every time a gain setting or
laser line is adjusted, and preferably, for every image.

7.4.2. Temporal errors: Laser intensity fluctuation

On a variety of confocal microscopes, we and others [3, 18] ob-
served considerable drift as well as oscillations (on a time scale of

%Unless a dual-excitation filter cube is used, in combination with a excitation switcher.
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Fig. 7.4. Correcting excitation fluctuations by inclusion of reference cells.
(A) Fluctuations in the intensity of a 514-nm argon ion laser line (left) and a
mercury arc lamp (right), measured every 20 s for a 3 h time period.
(B) Calculated Ep (solid circles; left axis) is seen to fluctuate significantly in
time-lapse experiments. After 30 min a large intensity fluctuation in acceptor
excitation was simulated by manually diminishing laser power with 60%. The
open circles depict the correction factor 7, calculated according to Eq. (7.6)
from cells expressing acceptors only. Calculating Ep with the online-updated
y-factor (solid squares) abolished the effects of excitation fluctuations.
(C) Preparation containing FRET cells (gray) and CFP- and YFP reference
cells (blue and yellow), as recognized by automated segmentation based on the
ratio of intensity of donors and acceptors.

one to a few minutes) in excitation line intensity (Fig. 7.4A).
Changes of several percent are common, while worst-case varia-
tions of up to 20% were found in poorly aligned systems. Impor-
tantly, individual laser lines fluctuate independently, even when
derived from the same laser. Excitation stability is extremely im-
portant because it influences y. While intensity variations may also
occur in arc lamps on wide-field fluorescence microscopes, these
changes are often much smaller (compare Fig. 7.4 A left and right
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panels). Furthermore, slow arc lamp intensity variations affect D,
S, and A to the same degree if images are gathered in rapid
succession, and thus have no effect on the apparent FRET image
(Egs. (7.9) and (7.10)).

The independent variations in laser line intensity on confocal
systems pose a major problem for time-lapse FRET measurements.
The supplier of our TCS-SP2 confocal installed a stabilization loop
that improved the stability considerably, but not completely. In
particular when expected FRET signals are a small fraction of the
total fluorescence, the realized stability of ~3% will prevent acqui-
sition of meaningful results. We therefore implemented online cor-
rection by recalculating the leak-through factors «, f8, 7, and J for
each image [3], as well as G or ¢ (Egs. (7.4)—(7.19)). To this goal,
the cells under study are plated together with a mix of cells expres-
sing either donors or acceptors on the same cover slip (Figs. 7.2 and
7.3). In an image taken at low zoom factor, regions of interest
(ROIs) are assigned to single donor- or acceptor transfected cells
(Fig. 7.4B and C). Then correction factors are determined from
these ROIs as detailed in Egs. (7.4)—(7.7). Ep and s.e. images are
thus calculated using correction factors taken simultaneously
with (or just before, in case one wants to zoom in) the FRET cell.
This procedure completely removes the effect of laser fluctuations,
resulting in superior registration of FRET during acquisition of
time-lapse series.

As an alternative, changes in relative intensity of the laser lines
may be directly recorded using for example, reflection images or a
transmission detector, and y may be adjusted accordingly. In our
experience, this works significantly less reliable.

7.4.3. Co-registration of the input images
Obviously, it is of the utmost importance that the three input chan-

nels spatially overlap tightly, both in lateral and in axial direction.
Co-registration (i.e., the precise, pixel-by-pixel correspondence of
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Fig. 7.5. Effects of poor co-registration on calculated FRET images. (A) Typical
artifacts due to improper alignment (left) of raw input images caused by
switching between unmatched filter cubes. The consistent appearance of high
FRET values at the right side of bright structures (middle) is a sure indication
to check image alignment. Right panel, proper alignment of the images corrects
FRET artifacts. (B) Left panel, profiles of fluorescence intensities in a confocal
X/Z image of the green emission (525 nm) of a 0.17-microm bead was registered
using a HCX PL APO CS 63 x objective upon 430-nm (blue line) and 514-nm
(red line) excitation. Both scans use detection at 525 nm, demonstrating the
extent of axial offset. Right panels, confocal images were acquired from a cell
expressing CFP- and YFP-tagged membrane anchors. Top image, green—red
overlay illustrates axial offset. Erroneous values (middle image) in the calculated
I% (s.e.) image are effectively corrected by using the refocusing macro routine
(lower image). Shown are extreme examples.

D, S, and A) has to be checked meticulously by the experimenter,
using for example, color overlay images (Fig. 7.5A). Pixel-shift
deviations are common on CCD imaging setups where they are
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caused by slight differences in filter cube alignment. When image-
splitting devices are used, extensive adjustment for optimal co-
registration is always necessary. In contrast, lateral overlay of
confocal channels should be excellent for a well-maintained instru-
ment. If needed, co-registration of channels can be easily optimized
postacquisition by software pixel-shift algorithms.

Axial co-registration is also important, although it is often
completely ignored. Compared with wide-field microscopy, possi-
ble focusing deviations (deviations due to offset of donor- and
acceptor images in the axial direction) are emphasized by the con-
focals inherent optical sectioning. When the input images are effec-
tively taken from slightly different planes in the cell, erroneous
results occur during calculation of the sensitized emission that are
often apparent as margins of unexpected high or low FRET values
around an object (Fig. 7.5B).

Two main sources for this type of deviation exist: chromatic
aberrations within the objective and other optics, and, for confo-
cals, slight differences in the collimation of the laser beams. Chro-
matic aberrations are due to the wavelength dependency of the
refractive index of optical glasses, which causes axial misregistra-
tion of images taken at different wavelengths [19]. Depending on
the objective used, chromatic aberrations may be several micro-
meters (worst case). Chromatically corrected objectives are avail-
able, but it should be stressed that these are optimized only for a
limited part of the spectrum, typically the mid-visible range. There-
fore, significant chromatic aberration may still be present outside
this range. For example, using a good, standard corrected 63x,
1.32 NA oil immersion objective (HCX PL APO CS, #506180,
Leica), we noticed focusing deviations of about 400 nm
(Fig. 7.5B) between the 430 and 514 nm laser lines used to excite
the CFP/YFP FRET pair. Use of a UV-corrected 63x objective
(HCX PL APO Ibd.BL, #506192, Leica) significantly, but not
completely, remedied this chromatic aberration. Chromatic focus-
ing deviations are not limited to violet wavelengths because signifi-
cant deviations exist for dye pairs excited throughout the visible
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spectrum (Table 7.1 in [3]). In addition, chromatic aberrations vary
with lens types, and even for different objectives of the same type
(L. Oomen and K.J., unpublished; [18]). Axial focusing errors also
exist in CCD images but here they usually go unnoticed because of
the poor axial resolution of wide-field fluorescence microscopes.

A more generic approach to overcome focusing deviations can
be implemented if the setup is equipped for fast fine-focusing. First,
D and S images are recorded at donor excitation. Then, before
taking the A image at acceptor excitation, the preparation is refo-
cused to minimize chromatic aberration. Because for a given com-
bination of objective and excitation lines the focus deviation is
constant, the correction distance needs to be determined only
once. We used XZ-scanning of fixed cells or fluorescent beads for
this goal. Applying this focus correction in an automated acquisi-
tion routine (macro), D, S, and A images are collected from the
same focal plane in the biological sample (Fig. 7.5B).

7.4.4. Shading

Lateral intensity errors may be present over the entire image and
occur on CCD and confocal systems alike. For CCD systems, a
standard correction algorithm exists: corrections are carried out by
normalizing pixel intensities using a reference image, a procedure
called shading correction [13]. On the confocal system with inde-
pendent excitation lines, these deviations are often more pro-
nounced because spatial excitation intensities vary independently
(L. Oomen, L. Brocks and K.J., unpublished; [18]). For example,
when measuring excitation inhomogeneities for the 430 and 514 nm
CFP/YFP lines by imaging a solution of the FRET calcium sensor
Yellow Cameleon [7], we observed very significant deviations from
unity flatness (Fig. 7.6). The 430 nm excitation intensity dropped by
as much as 50% at the image corners, while 514 nm deviated by
about 15% (data not shown). Importantly, significant differences
(up to 20%) also occurred in the center of the images. Deviations of
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Fig. 7.6. Shading errors: Lateral image intensity errors. Shown are parts of
reference images (1024 x 1024) that were acquired by averaging eight confocal
images of a solution of Yellow Cameleon at 430-nm excitation (upper left
panel) and at 514-nm excitation (upper right panel), both detected at 525-570
nm. Note that due to significant differences in shading at these two excitation
wavelengths, the y value (calculated according to Eq. (7.6)) may vary by ~25%
in either direction, causing significant errors in calculated FRET. Images were
collected with a 63x oil immersion objective without zooming. Note that
similar, albeit smaller, differences were observed when 458 and 514 nm laser
lines (both derived from the same argon ion laser) were compared.

this magnitude are not uncommon in confocal systems [18], and
they are often diminished by increasing the zoom factor.

Shading correction is simply carried out by measuring the fluo-
rescence of solutions of dyes that are spectrally similar to the donor
and acceptor. The fluorescence of these reference images is then
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normalized to a standard, and all D, S, and A images are divided by
their cognate reference standard. Correction factors and FRET
images are only calculated after applying the shading correction.
In our experience, shading correction is crucial to obtain good
FRET images.

7.5. Postacquisition improvements and analysis

When optimal input pictures are obtained whilst observing all the
above corrections and precautions, the raw calculated FRET
images nonetheless often are quite disappointing and complicated
to interpret. See for example the /3, Ep, and E4 images in Fig. 7.3.
To blame are noise in the FRET images and the way our eyes
handle that.

7.5.1. Noise in FRET images

Even in the nominal absence of laser fluctuations or other image-
degrading aberrations, the number of photons that hit the detector
during the data collection period of the image (i.e., the exposure
time for a CCD image or the pixel dwell time for a confocal image)
will contain considerable noise. The photon count x follows a
Poisson distribution (Fig. 7.7A) with mean value u as
xg— i
p(x) = (7.26)
It can be shown that the standard deviation (SD) of this distri-
bution is also just ,/u. In other words, if one would repeatedly
measure the same pixel that on average collects 100 photons during
a single dwell time (a normal value for a rather bright confocal
image!!) one would record less than 100-2x+1/100 = 80 photons or
more than 100 + 2x+/100 = 120 photons just by coincidence in
~5% of the measurements. This uncertainty is expressed as the
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Fig. 7.7. Effects of Poisson photon noise on calculated SE and FRET values.
(A) Statistical distribution of number of incoming photons for the mean
fluorescence intensities of 5, 10, 20, 50, and 100 photons/pixel, respectively. For
n =100 (rightmost curve), the SD is 10; thus the relative coefficient of variation
(RCV; thisis SD/mean) is 10 %. In this case, 95% of observations are between 80
and 120. For example, n = 10 the RCV has increased to 33%. (B) To visualize the
spread in s.e. caused by the Poisson distribution of pixel intensities that averaged
100 photons for each A, D, and S (right-most curve), s.e. was calculated
repeatedly using a Monte Carlo simulation approach. Realistic correction
factors were used (o0 = 0.0023, = 0.59,7 = 0.15,5 = 0.0015) that determine
25% FRET efficiency. Note that spread in s.e. based on a population of pixels
with RCV =10 % amounts to RCV = ~60 % for these particular settings! Other
curves: for photon counts decreasing as in (A), the uncertainty further grows and
an increasing fraction of calculated s.e. values are actually below zero. (C) Spread
in Ep values for photon counts asin (A). Note that whereas the value of the mean
remains the same, the spread (RCV) increases to several hundred percent.
(D) Spread depends not only on photon counts but also on values of the correction
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relative coefficient of variation (RCV, defined as the SD divided by
the mean value). In this example, RCV = 10%. The situation
becomes considerably worse for dimmer pixels (Fig. 7.7A). Thus,
in dim sections of the image the degrading influence of noise is
worst (Fig. 7.3; see also Fig. 7.8).

As the s.e. values are calculated from individual images, each
subject to noise, the errors multiply. This leads to a dramatic spread-
ing of calculated values (Figs. 7.7B and 7.8). Thus, calculated Ep
pixel values less than O or larger than 1 may be quite common,
depending on the intensities of individual images in that pixel and
the values of the correction factors. Clearly, such outliers cannot be
simply rejected as this would introduce systematic errors in the
calculated FRET results. For Ep, s.e. is divided by Nm which further
increases the spread (Fig. 7.7C). In such pictures, single-pixel RCVs
in the order of 100% are not uncommon. It is obvious that the RCV
strongly depends on the values of the correction factors o, f3, y, and §
(Fig. 7.7D) and on the magnitude of the FRET efficiency.

Clearly, a major route towards better pictures is to maximize the
photon count. On confocal microscopes this can be accomplished
in different ways. More photons are collected when increased laser
power is used (which incidentally also allows using lower PMT
voltages which reduces detector noise). Furthermore, the pinhole
can be opened, the dwell time can be increased by lowering the scan
speed and acquired images can be averaged. However, these mea-
sures come at the expense of increased fluorophore bleaching,
prolonged imaging time, and degraded resolution. As this is usually
not desired, we will next cover alternative procedures to clear up
the images in an—as much as possible—unbiased manner.

In performing the operations described in the next sections, it
is absolutely necessary to use imaging software that can handle

factors. For the green trace, mean photon counts for A, D, and S were 30 each. The

factors were f = 0.645 and y = 0.11. For the lower trace, counts for A, D, and S

were 100, 100, and 30, and correction factor values were f = 0.81 and y = 0.4.
Despite higher photon counts, the spread in this example is significantly larger.
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A Raw s.e. Ep

B  Smooth 3x 3

3X3
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C Threshold 12.
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Thresh 60
Ep 0.154

D  Smooth and threshold; masking
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Fig. 7.8. Postacquisition improvements. (A) Unaltered “raw” 1024 x 1024
confocal s.e. and Ep images. Note the appearance of excessive noise in Ep at
low-signal locations. (B) Lateral averaging (smoothing) using a 3 x 3 kernel
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floating point (Negative and broken numbers) calculations. The
freeware package Image J (Rasband, W., NIH, Bethesda, Md;
http://rsb.info.nih.gov/ij) for example performs the described image
analysis steps excellently, if 8- or 12-bit images are converted to
32-bit images, and it allows automation of frequently occurring
analysis sequences.

7.5.2. Smoothing/filtering

Lateral averaging of the pixel values of the raw images (‘“‘smooth-
ing”’) is the easiest way to reduce the noise effects due to photon
statistics significantly, but of course it also reduces the resolution of
the picture. A simple mathematical averaging with a 3 x 3 kernel
applied to the background-subtracted, shading-corrected input
images already reduces photon noise by ~3-fold (Fig. 7.8A and B).
On the other hand, smoothing also spreads out the effect of inciden-
tal very high noise pixels that are present in just one of the images
(Fig. 7.8B, right detail panels). The effect of this is that it replaces a
single outlier pixel in the FRET image with an island of (albeit less
pronounced) outliers. To our eye, the effect is the same. Smoothing
works better on s.e. images than on the FRET efficiency image. As
an alternative, smoothing may be applied to the calculated images as
well. It depends on the raw input images which approach gives the
best results.

cleans up the s.e. image but is less effective on the Ep image. Note the difference
in Look-Up Table. Right panel: detail of the middle panel (yellow box) showing
how smoothing with the indicated kernel sizes influences Ep. (C) Application of
lower threshold on the input images rejects any pixels for which either donor or
acceptor intensity is below 12 gray levels. Right panel: the detail taken from the
lower portion of the middle panel demonstrates that thresholding significantly
influences calculated Ep values. Yellow pixels are excluded from the
calculations. (D) A combination of smoothing and thresholding with settings
asin Band Ccleans up the s.e. and Ep images. Right panel, a mask, derived from
the smoothed and thresholded Ep image, is applied to the unfiltered Ep data to
preserve fine details in the FRET image.
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7.5.3. Thresholding

As the effects of photon noise are most confusing in very dim regions in
the image, significant improvements may be expected from simply
setting a low-end threshold for each of the input images (Fig. 7.8C).
Commonly, separate thresholds have to be set for each of the images,
depending on background level and brightness of the image. Indeed
thresholding clears up a lot of the noise in background areas, but the
highest outliers will still exceed the threshold, and conversely any
accidental low-value pixels in the regions that are of interest will
be removed. In addition, if the FRET efficiency depends on the
expression level of the donor and acceptor constructs [15] thresholding
is guaranteed to bias the results. Independent estimation of the mag-
nitude of this bias is necessary. This can be simply performed by
comparing calculated FRET values from images differing only in
threshold setting (Fig. 7.8C, right detail panels).

Setting an upper threshold may also be necessary. This is evi-
dent when saturated pixels are present in the image, a situation that
can not always be avoided because expression of some GFP-tagged
constructs sometimes causes appearance of extremely bright aggre-
gates in the cytosol that outshine the structures of interest. To
retain full dynamic range in the ROI, it is best to allow image
saturation in the aggregates while rejecting them from the analysis
using an upper threshold. Note that the upper threshold has to be
set well below the highest gray level to prevent systematic bias, in
particular when the input images are acquired with averaging.

7.5.4. Masking

A masking strategy may be used to dismiss false high FRET values
in dim and therefore noisy image regions while simultaneously
preventing loss of resolution in the brighter regions (Fig. 7.8D,
right panel). In the apparent FRET image, resonance can be distin-
guished from incidental noise pixels by smoothing the image with a
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spatial filter. Isolated noise pixels become averaged out, while
consecutive adjacent pixels with positive FRET remain visible.
Setting thresholds for each image to just above background inten-
sity generates a mask that contains only regions of true FRET. The
thus obtained binary mask may be further edited by for example,
erosion, dilation, or floodfill if necessary. The mask is subsequently
applied to the original, unfiltered FRET image resulting in near-
complete rejection of noise pixels (Fig. 7.8D). Masking tends to be
a very powerful way to clean up the images, but since it involves
thresholding one has to verify that it does not bias the results in
experiments where dimmer pixels are likely to contain less FRET.

7.5.5. Unbiased cleaning up: Mixing FRET efficiency with image
intensity information

Completely unbiased visualization of FRET results with strong
rejection of noise in dim regions is possible by combining the
FRET efficiency picture with the original image intensity
(Fig. 7.9A). Here, a pseudocolor RGB FRET image is made from
the unprocessed (i.e., without any thresholding or masking) FRET
image by overlaying it with a pseudocolor table, also called Look-
Up Table or LUT. The intensity of the RGB image is then modu-
lated with the intensity information present in the original input
images (see Fig. 7.9). Intensity information may be derived from D,
A, I{ or a combination thereof (e.g., the maximum value of D or A).
Thus, background noise pixels that yield high FRET values are still
retained in the image, but they will be displayed very dim, just as
they appear to the eye.” Prior to the modulation step the intensity

"Many image analysis packages are not capable to perform this operation correctly in a
single step. One approach is to unravel the pseudocolor FRET image into individual R,
G, and B channel images. Each of these images is then multiplied with the normalized
intensity image, and the final image is regenerated by combining the channels to an
RGB image.
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Fig. 7.9. Further FRET efficiency analysis. (A) Unbiased display of FRET
efficiency. The Ep image (upper left panel) is modulated with an intensity
picture (in this case, s.e., upper right panel) to yield the lower left image. See
text for further details. Lower right panel, example with several cells
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image may optionally be enhanced by smoothing, brightness/con-
trast adjustment, and masking.

7.5.6. FRET efficiency histograms

A final postanalysis step that helps interpreting the data is to
present frequency histograms of pixel FRET values in selected
ROI (Fig. 7.8B). As outlined before, correctly acquired and calcu-
lated FRET results are expected to display a Gaussian distribution,
in first approximation. Inspection of the distribution of FRET
values is a quick way to identify possible deviations from this
rule. For example, failing to apply proper shading correction may
lead to significant broadening of the distribution. In addition,
multimodal or very skewed distributions may draw attention to
specific problems with the input images or, alternatively, to inter-
esting cell-to-cell variability.

7.6. Discussion

In this chapter, it was shown that filter FRET is an easy, intuitive
and quantitative alternative to record sensitized emission and
FRET efficiency. The major advantages of filterFRET over
donor-based FRET detection methods (FLIM) are that it can be
carried out with standard wide-field or confocal fluorescence mi-
croscopes that are available in most laboratories, and that it yields
additional data on the acceptor population. FilterFRET is also
fast, requiring just two confocal scans (if need be on a line-by-line
basis) which minimizes the risk of artifacts due to, for example,
organelle movement in living cells, and acquisition can be opti-
mized for each channel independently. However, quantitative

displaying different Ep. (B) Frequency histograms of Ep in the pictures in the
lower panels in A. Note that whereas the distribution on the left hand displays
merely stochastic noise (compare Fig. 7.7C), the rightmost histogram reveals
the heterogeneous FRET efficiency in the cells of the corresponding image.
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filter FRET requires significant attention for corrections and cali-
bration, whereas FLIM-based FRET techniques are inherently
quantitative from first physical principles.

The corrections and calibration of filter FRET differ significant-
ly for CCD microscopes and confocal microscopes. This is because
in confocal experiments, channel sensitivities are adjusted at will by
the experimenter, and because relative excitation intensities show
intended-as well as unintended variations (adjustments and drift,
respectively). Confocal filterFRET therefore requires frequent, if
not in-line, recalibration; however, if properly streamlined this
should not take more than 15 min a day. It also slightly complicates
the mathematical framework, as compared to CCD imaging filter-
FRET. We aimed to arrive at a comprehensive theory that is
equally applicable to both imaging modes. We also proposed math-
ematical jargon that is a compromise between the widely differing
terminologies used in the various publications on this topic.

What degree of precision is to be expected from filterFRET?
Obviously, precision is governed by the quality of the input pic-
tures, in particular by the lateral and axial co-registration, shading
correction, and by photon Poisson noise. For typical confocal
images, averaging around a 100 pictures is necessary to arrive at
1% uncertainty in each pixel value of the input pictures, and the
FRET calculation will further degrade that figure. Clearly, exces-
sive averaging is not realistic for live-cell imaging. In addition, FPs
perform poorly by displaying ill-characterized behavior such as
bleaching, maturation, excitation-induced dark states, and pH de-
pendence. Thus, going for one percent variance in pixel FRET
values almost certainly stretches the data. However, when multiple
pixels can be pooled (average of a ROI), this type of precision may
be obtained even without image averaging. Of course, these con-
siderations also hold true for FLIM. From a noise-point of view,
simple 2-channel ratio determinations (Sect. 7.22) are preferred. We
also want to emphasize again that quantitative FRET efficiency
images are not necessarily the “holy grail” for cell biologists. For
example, if in the soma of the neuron in Fig. 7.1, a kinase-FRET
construct would be 100 times more abundant but only half as active
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as in the axon, Ep images would suggest half the kinase activity
in the soma, whereas sensitized emission images would correctly
report a 50-fold enhanced kinase activity.

The area of filterFRET is evolving actively. Recent develop-
ments include its combination with other imaging modes including
total internal reflection microscopy (TIRF, see also Chap. 9) and
FRAP [20]. Furthermore, several laboratories are testing novel FP
donor/acceptor combinations to minimize spectral overlap and
issues related to FP maturation. In our hands, especially poor red
FP (mRFP1, mCherry, and Tomato) maturation interferes with
reliable FRET imaging because of the green emission of the imma-
ture proteins [17]. In addition, reliable photo-switchable acceptors
[21] are an obvious idea with potential. Likewise, correction algo-
rithms keep evolving. For example, Zal and Gasgoigne [6] included
correction for photo bleaching in their treatment, and Elangovan
et al. [22] introduced concentration-dependency in the leak-through
factors. The applicability of such corrections depends very much on
imaging conditions and equipment, and we therefore choose not to
incorporate them in this chapter. With all these developments,
filter FRET has emerged as a full-grown, adaptable, efficient, and
fun way to study molecular interactions in vivo.

7.A. Appendix
7.A.1. Factorization

In this appendix, we will assume that a cell expressing donor- and
acceptor molecules is excited at appropriate wavelength ¢ and 22,
to image FRET. As detailed in the main text, three images are
collected that allow independent estimates of cross talk magnitude
to perform correction of leak-through:

— D, excitation and emission at donor wavelength

— S, excitation at donor wavelength and emission at acceptor
wavelength

— A, excitation and emission at acceptor wavelength
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Furthermore, we assume the more general, but also more com-
plex case in which confocal detection is used. This allows for
example flexibility in setting independent detector gains for D, S,
and A. When this flexibility is not required the expressions simplify
considerably.

Before proceeding, an important note must be made. In litera-
ture, two different but fully equivalent approaches have been taken
in s.e. The first approach considers a cell that contains (unknown)
numbers of donors and acceptors Np and N,4. When energy trans-
fer takes place (be it from collisional encounters or because a stable
population of FRET pairs exist with FRET efficiency E) this
diminishes the effective number of emitting donors with Ng [3];
that is, the FRET efficiency for this population is unity. Thus, the
residual donor emission results from (Np — Ns) unquenched donor
molecules, and the Ng population emits only sensitized emission.
This approach is intuitive in case no assumptions are being made
on the presence of a stable population of FRET pairs or on the
magnitude of £ in a donor—acceptor complex.

A second approach also considers three populations: free (un-
quenched) donors Np, free acceptors N, and a population engaged
in FRET pairs Ng that transfer energy with characteristic efficiency
E (between 0 and 1). However, in this case, the Ng population emits
both donor fluorescence (quenched by a fraction (1 — E)) and
sensitized emission (proportional to ENg). To keep in line with
the treatment and terminology in other chapters in this volume,
this latter approach will be followed here. Note, however, that in
other chapters the population of FRET pairs is indicated by the
subscript p, whereas we stick to the notation Ng to indicate that
this quantity is based on photons emitted from sensitized emission
(S image) and to keep the close synonymy with the former ap-
proach. Thus, our Ip_g equals Ip4 and Is + 14 equals I4p. Both
ways yield essentially identical results.

Bearing this in mind, the acquired images are composite images
that consist of multiple terms (see Fig. 7.1; for symbols, see Appendix
Table 7.A1) as follows:
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TasLE 7.A1

Factorization of symbols
Symbol Factorization
I Nptiel,0pFig!
14 N8 04Figd
I8 NsEtde$0,Figd
o (Np — Ns)t4ed OpFigt + Ns(1 — E)tded, QpFigd
Ip_s (Np — Ns)Ceh OpFpg® + Ns(1 — E) e}, 0pFpg
I3 NsECeS,04F5g°
I Nule 0uaFg
I N4 04 Fg"

The fluorescent components are denoted by 7 (intensity) followed by a capita-
lized subscript (p, 4, or s, for respectively Donors, Acceptors, or Donor/
Acceptor FRET pairs) to indicate the particular population of molecules
responsible for emission offand a lower-case superscript (¢ “ or *) that indi-
cates the detection channel (or filter cube). For example, I3 denotes the
intensity of the donors as detected in the donor channel and reads as “Intensity
of donors in the donor channel,” etc. Similarly, properties of molecules
(number of molecules, N; quantum yield, Q) are specified with capitalized
subscript and properties of channels (laser intensity, ¢; gain, g) are specified
with lowercase superscript. Factors that depend on both molecular species and
on detection channel (excitation efficiency, ¢; fraction of the emission spectrum
detected in a channel, F) are indexed with both. Note that for all factorized
symbols it is assumed that we work in the linear (excitation-fluorescence)
regime with negligible donor or acceptor saturation or triplet states. In case
such conditions are not met, the FRET estimation will not be correct. See
Chap. 12 (FRET calculator) for more details.

— Dis the output gray scale value after amplification® in the donor
channel (g9) of the sum of the fraction (F§) of donor fluores-
cence in the donor channel and the fraction (F$) of acceptor
fluorescence in the donor channel. The fluorescence of donors
depends on the number of donor molecules (Np) diminished by

8The factor g may account for integration time and electron multiplication in CCD
imaging, or for the PMT gain in confocal imaging.
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those donors that lose their excited state energy due to FRET
(ENy), the molar extinction coefficient of the donor (&), the
laser intensity (#4) at 3, and the donor quantum yield (Qp).
The fluorescence of acceptors depends on their quantum yield
(Q4), and on the sum of the number of acceptor molecules (N4)
cross-excited at A5 (£4ed) and those excited by FRET (NsE).

D = (Np — ENs)(*0pFpg + Nat'si QuFig® -

+ ENstep 04 F g Al

— Sis the output gray value after the s.e. channel detector scaling
(g%) of the sum of the fractions of donor fluorescence in the s.e.
channel (F}) and of acceptor fluorescence in the s.e. channel
quv. The donor fluorescence depends on Qp, the excitation
efficiency at »mx (that is, Nmmwvu the number of donors (Np), and
the population of donors that lose their energy by FRET
(ENg). The fluorescence of acceptors depends on Q., the
amount of acceptor molecules (N,) excited with 2%, (£s¢5)
and on the amount of acceptor molecules excited by FRET
(ENs, which is linear to £%¢3,).

S = (Np — ENs)Ce, OpFpg’ + Nal’e, QuF 8 (7.A2)
+ ENgl’e, Q4 F¢° .

— Finally, A is the output gray value after the acceptor channel’
scaling (g?) of the fraction of acceptor fluorescence in the accep-
tor channel Q,q mvv which depends on the acceptor quantum yield
(Q.) and on the amount of acceptors N, excited at 2%, (¢2¢%),

of (usually very minor) contributions of donor fluorescence
cross-excited at A%, and leaking into the acceptor channel
AQ< p — ENg)02&},OpF w%mv and of sensitized emission resulting

- . . )m mm mm
from cross-excitation at A5, (ENgsf¢30,Fig*). However, as

?Note that in confocal imaging, the PMT will generally be the same physical detector as
that of the s.e. channel, but operated at a different gain setting.
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£2¢j, 1s very small, the latter two (leakthrough and FRET) terms
in most cases essentially are zero.

A = (Np — ENg)*e},OpFpg* + N5 Q4 Fg"

" . (7.A3)
+ ENgl?e;, 04 F'g

As mentioned before, we will assume that a cell expressing
donor- and acceptor molecules is excited at appropriate wavelength
28 and 22 in all three channels, so that the donor and acceptor
extinction coefficients in D and S are the same:

&5, = ¢ and &5 = &4 (7.A4)

Note that this is always the case for wide-field and confocal
determination where D and S are collected simultaneously using
the same excitation filters or lasers. In case three separate filters
are used, care should be taken to match the filters so as to fulfill
Eq. (7.A4).

By taking (7.A4) in account, (7.A1)—(7.A3) can be simplified as:

D = pNp + qENg +rN4
S =tNp + uENg + vN 4,
A = xNp + yENgs + zN 4
p=1ep0pFigt q=—p+eh04F(gt 1= 164 0F g
1 =08 0pF5gs  u=—1+ 6 04F5g  v=1e04F5g
X =eh0pFpg® vy = —x+ e, 04F 8" z=1e04F 8"
(7.Ala—7.A3a)

Based on the three basic images, D, A, and S, expressions can be
derived for the intensity of donors, acceptors, and sensitized emis-
sion in their own channel (i.e., the leak-through- and FRET-
corrected quantities 73, I3, and I3, respectively). Subsequently, to
obtain FRET efficiency, I3 will be scaled to I§ analogous to the
treatment in the main text.
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7.A4.2. Sensitized emission

Below, we work out the situation for x = y = 0, since in almost all
cases, these factors can be neglected. For image sets in which these
factors cannot be neglected a corrected image A* must first be
determined from A by subtracting xNp and yENg (7.A.5). In this
case, A *should be used in all equations below. If x = y = 0 then

A=zN;=1I (7.A5)

and
Np=———""F—— (7.A6)

and Egs. (7.A5) and (7.A6) are substituted into the equation for S
(Eq. 7.A2a)), yielding,

D EN; A
UEN; = S — A|||§||\Y|><\N
p p zp
hence:
EN, — S—Dt/p—A(v/2 —rt/pz)
u—qt/p
or

S _ pLhe _ 4 OGP e Fig PR
(Fpgd FrFigt — PeFig [Fggd

ENg =

N (7.A7)
vegurie (1~ )

Relating back to Eq. (7.8) from the main text, the sensitized
emission gray scale image I3 is composed of the emission from ENg,
which depends on the acceptor quantum yield 04, scaled by factors
for sensitized emission channel gain (g%), fraction of acceptor fluo-
rescence in the sensitized emission channel F5, and donor excita-
tion efficiency ¢$);
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In Eq. (7.A8), the constants o, f, y, and J (see main text and
Table 7.A2) are identified as detailed in Egs. (7.A9)—(7.A12). Va-
lues for o, y, and ¢ can be deduced from imaging of a sample with
only acceptor molecules:

“p ooy B N e Q Figd B (el Fdgd |

_r_ _ 7.A9
>cn\A z ZkNammmkNﬂM%.Q thm M%.Q o A V
"D _r_ NalleiQaFie’  Figt (7.A10)
Ae g Ty me.qmwu Qmmﬂm%q &amm%@ .
>8M 2%& FS o8 Nun.mﬂuu
_ NalesOabug _ Lealie (7.A11)

M4 Nyleed Q Fige  bse Figa
Where again (compare Textbox 2), o = yo. Similarly, f is calcu-
lated from a sample with only donor molecules:
>2M _ M _ 2b®umw©b~uwww _ m&uwwu _

D p  NpldeglQpFdgd (dFigd

B (7.A12)

Note that when S and D are collected simultaneously (typically
for confocal imaging) f# and 0 are independent of relative laser line
intensities.

Analogous to Eq. (7.8) (text) we can thus rewrite Eq. (7.A8) as:

_S—BD—yA(1 - po)
- 1—fo

I (7.A13)

Eqgs. (7.A8) and (7.A13) are valid not only in case there is a
single FRET population Ng with characteristic FRET efficiency E,
but also when different FRET populations each with different
characteristic FRET efficiency E; are present (Ns;)Ns;. One can
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simply verify this by substituting Ns by >, Ngs;, and NgE by
> Ns;E; in Appendix Table 7.A1 and Eqgs. (7.A1)—(7.A7).

7.A.3. The unquenched donor image and Ep

To derive an expression for I§ (the unquenched donor image), D is
corrected for leak-through as well as for signal lost to FRET. For
this latter correction, the factor ¢ that relates the lost signal Nm inD,
that is (ENgsl9e,0pFiig?), to the gain I§ in S, or (ENs/e), 04 F'g°,
Eq. (7.A13)) is:

ENsle§,0pFpgd  —p 4QpFigd

| H| Q.EA
ENglseb QqFSgs  u+t tsQqF5gs A )

& pu—
or:
ENg/ed OpFigd = —pENgeS 0 F'g° (7.A15)

In order to solve I$, Eq. (7.A1) is rearranged with information
from Egs. (7.A5), (7.A9), (7.A10), and (7.A14):

Iy = NptUe OpFag® = D — (0 + ¢)ENgl°ch Q4 F5g° — oA
(7.A16)

Combined with Egs. (7.A8) and (7.A13) this rearranges
Eq. (7.A16), which is identical to Eq. (7.13) in the main text.

I3 =D — (0 + )5 — oA = \_&Mwwc - w|+mwm+§> (7.A17)

Also { (Eq. (7.14) in main text) can be redefined after substitu-
tion of Egs. (7.A9)—(7.A12) according to Eq. (7.A18):

Fy (F§  0p
BO+¢) M@Q\v
STy 73 R e A Vi (7.A18)
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From Eq. (7.A18) it is clear that { only depends on filter
throughput and the ratio of quantum yields for donor and acceptor
and hence is independent on laser or detector gain settings. For a
given combination of confocal filter settings and fluorophores ( is
therefore a constant (for our confocal settings, using CFP and
YFP, { = —0.248). Therefore, using { is distinctly advantageous
during confocal imaging where excitation intensities and channel
sensitivities are varied independently, whereas G (see main text)
varies with detector settings. Now, Eq. (7.A17) can be rewritten:

I8 = Nptdel OpFag® = (1 +()D — wm — QA% |m+ umv\w

(7.A19)

By definition the Ep is calculated from the loss in donor signal,
which can be defined from the symbols in Appendix Table 7.Al,
and from the experimental images S, D, and A using Egs. (7.12),
(7.15), and (7.A16):

E HB@HH|NMIMH R$U|%M+Q%C|m%v>
PNy T T I8 (Po+1)D—(3+¢)S+yp(1 - po)A
—1— D
U+0D-Ss—y[o-S4or)a
A AR
(7.A20)

{ can be reliably determined, for example by acquiring the D, S,
and A images before and after complete acceptor photobleaching.
Since postbleach D is equal to Npldeh,QpFpgd (=1p) (see
Egs. (7.A1) and (7.A19)), { is found from:

postbleachy __ postbleach]) + postbleach A o
(7.A21)

{

= postbleach) — \mq,aimam\NWW + postbleach >Aw _ o&




TABLE 7.A2
Definition of correction factors and constants

Factor Equations Factorization Calculate from Prep Comments
% (7.4), (1.A9) % D acc. Leak-through of
' cross-excited acc. into D
B (7.5), (7.A12) ;f’:f:; % donor Leak-through of
f donors into S
y (7.6), (7.A11) f,;:% % acc. Cross excitation of acceptors
s T D , ,
(7.7), (7.A10) v s acc. Leak-through
[ 0pFigh e 1 of s.e. into D . ;
) (7.12), (7.A14) ~FOFE —he sensor Relates the loss in D due to FRET (Is)
» to the gain in S due to FRET (I3); negative
0 (7.A36) ;:{;g % donor Relates signal from cross-excited donors in S
7 to that in A (provided that emission filters
B are identical)
g (7.A26) %" —1/¢v zero-FRET  Relates extinction coefficient of donors at A, to that
:d . construct of acceptors at 1%
v (7.A28), % —1/¢o or zero-FRET  Relates the visibility of acceptors in the S
(7.A32) e ggj":ﬁs construct channel to the visibility of the same
" (,ﬂ Qn> number of donors in the D channel
B\ d 0,
¢ (7.14), (7.22), o ﬁ';s :_T /(}I(‘l;‘(/;)) or: —B/(B+ G) sensor Used to relate the loss in D due to FRET to
(7.A18), (7.A21) 1’r§F§ the gain in S due to FRET; independent from
excitation intensity and gain and therefore
Qu#_ 1 constant for given filters and fluorophores; negative
G (7.19), (7.A24) "'F;::Afiigv’”ﬁﬂd —% or: — % sensor Alternative constant that relates the loss in D
TRE O s due to FRET to the gain in S due to FRET

used in literature; note that G depends on
changes in f and J; positive

Sensor: any single-polypeptide construct (containing the fluorophores to be used in the experiment) that can be induced to
change FRET significantly and homogeneously; e.g., Yellow Cameleon in combination with ionomycin.
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Combining Eqs. (7.A25) with (7.A5) and (7.A13) yields

I S—pD—yA(l - Bo)
Ea= QSMA N ya(1 — BO)A (7.A27)

Hence the quantity of E4 can be simply calculated from the
corrected sensitized emission image and the acceptor only image
provided the ratio of the molar extinction coefficients of the donor
and acceptor at the donor excitation wavelength is known (o). This
quantity can be determined from absorption spectra of purified
labeled components or can be experimentally determined as fol-
lows. First, let us define a factor v that relates the signal of N
acceptors in the S channel to the signal of the same number of
donors in the D channel:

v NS Q4 Fs g _ 1
p  NULOpFpgd  —do
One easy way to determine v is by using a donor—acceptor fusion

chimera that displays no detectable FRET. In this case,
N = Np = Nyand Ng = 0, and Egs. (7.Ala) and (7.A2a) simplify to:

Dy = pN + rN (7.A29)

b (7.A28)

So =tN + VN (7.A30)

Combining Egs. (7.A29) and (7.A30) with (7.A28), (7.A10), and
(7.A12) it follows that:

So _thv_ptp B (7.A31)
Dy p+r 1 +mw 1+0ov ’
Here v can be isolated to yield:
BDoy — Sy
= = 7.A32
' 758, — Dy (7.A32)
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7.4.5. The corrected acceptor image

For the acceptor image Q mv it suffices in almost all cases to simply
use the A image, because the donor excitation at acceptor wave-
length is essentially zero. However, in special cases (e.g., when
FRETting between spectrally similar FPs such as CFP and GFP)
¢}, may be larger and it may become necessary to correct for the
leak-through terms. To accommodate such cases, we here derive
A* aleak-through-corrected version that than must replace A in all
calculations.!" First, copy the expressions for A and S
(Egs. (7.A2a), (7.A3a), using (7.A4)), substituting (see note 3)F%
by F% and F}, by F3:

S = {Np+uNsE + vN,
ﬁ A =xNp+ yNsE + zN, Aﬂ.>wwv
with
! = e OpFdgs,
w = —1t' 4+ 0¢84 0 Figs,
pOulie (7.434)
,_X_y_ Lo
oo el

From combining Egs. (7.A10), (7.A33), and (7.A34) it can be
shown that:

_A—pS
1—py
Note that this equals Eq. (7.8a) of [1].

A" =zN, (7.A35)

"This is straightforward in case the A and S filters are identical (i.e., F4 =F%and
Fj = F}). With confocal FRET this is commonly the case; with CCD imaging,
it requires matching the filters. Without this assumption, an analogous result can be
obtained, although derivation is significantly more complicated.
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p can be determined experimentally in cells labeled with only
donor molecules since:
"D x  NplighFaOpg®  (eehge

= == = 7.A36
P Don w ? 2@&@%& wmb%w Numa%%.u A v

7.A.6. Imaging FRET in tethered constructs using two channels

In this appendix, FRET in tethered constructs (where thus donor:
acceptor stoichiometry is exactly 1) is calculated from just two
images. Provided that independent estimates of cross talk magni-
tude are available, and the excitation power in both images is the
same, full correction of leak through is possible from images:

— D, excitation and emission at donor wavelength

— S, excitation at donor wavelength and emission at acceptor
wavelength. Approach and terminology are as detailed above,
except that Np = Ny =Ns=Nand /d = s =/

Hence Eqgs. (7.Ala) and (7.A2a) can be rewritten as:

AUH%Z.TQZm.TwZ

S =tN +uNE +vN (7.A37)

This set of equations can be solved for N and NE yielding:

N — qS — uD
((+ Vg +
(t+v)D—(p+r)S (7.A38)
NE =
(t+v)g— (p+ru
Hence:
oo g NE_(+D—(p+ns_ (D (145)8
I ¢S —uD - 1S 4p
(7.A39)
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From Egs. (7.A1)—(7.3A), and (7.A26) it follows that:

g= éﬁ\?n —ptoar (7.A40)
A
Nm

u=—t+2y=—t+4ov (7.A41)
€4

By referring to Egs. (7.A10), (7.A12), (7.A14), and (7.A28) it
follows that:

r t —p v -1
= — = — = N = — = — >A.N
b= b= v=andv=— (1A9)
Combining Eqs. (7.A40)—(7.A42) yields:

T sy (7.A43)

p vp
e (7.A44)

p p

u t y
—=——+4+0—=—0p+o0v 7.A45
2= 57% B ( )

Substituting Eqs. (7.A42)-(7.A45) into Eq. (7.A39) yields:

E— (B+v)D — (1 +6v)S \%Am.fcvdlﬁ.fuim
(oo —1)S—(av—pBD T (5+¢)S—(1+pp)D

(7.A46)

A calibration procedure (using only D and S images) to yield f,
0, ¢, and v has been described in Egs. (7.A12), (7.A10), (7.19)-
(7.20), and (7.A32), respectively.
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Abstract Regulation and structural requirements of vital
nuclear processes such as DNA replication, transcription,
RNA processing and DNA repair inside the eukaryote
nucleus are as yet poorly understood. Although a wealth
of evidence exists pointing to a considerable degree of
spatial organisation of chromatin and nuclear processes,
there are still questions concerning the dynamics and in-
teraction of nuclear proteins that remain unanswered.
The cloning of the gene encoding the green fluorescent
protein (GFP) has revolutionised the study of proteinsin
living cells. The expression of recombinant cDNA fusion
plasmids of GFP and proteins of interest currently en-
ables the investigation of those proteins in living cells.
Time-lapse confocal microscopy as well as quantitative
fluorescence methods such as fluorescence redistribution
after photobleaching (FRAP) and fluorescence resonance
energy transfer are widely applied to living cells express-
ing GFP fusion proteins. This review gives an overview
of the current state of knowledge of nuclear structure
and function. In particular, the different applications of
FRAP technology to study the dynamics of GFP-tagged
nuclear proteins will be summarised.

Keywords Nuclear protein dynamics - GFP - FRAP -
FLIP

Introduction

The relationship between structure and function in the
cell nucleus has been the subject of much dispute (see,
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for example, van Driel et a. 1995; Singer and Green
1997; Lamond and Earnshaw 1998). It has been hypo-
thesised that the spatial organisation of chromatin and
nuclear protein complexes is essential for the proper
regulation of processes that take place in the nucleus.
The nucleus, in this view, consists of a number of immo-
bile protein complexes, often referred to as factories
(Cardoso et al. 1999) in which transcription, replication,
repair or RNA processing take place. Enzymes required
for function are actively recruited to the factories, and
DNA is reeled through the fixed structures as it is being
processed (see, for example, Cook 1999). In sharp con-
trast to this concept of highly compartmentalised nuclear
activity stands the view that the nucleus is far less or-
ganised in a structural sense, and that nuclear processes
are regulated by freely diffusing proteins. Microscopical-
ly visible protein/DNA/RNA structures are formed, in
this view, as a result of protein activity, and they do not
represent prerequisites for proper function (Singer and
Green 1997; Lewis and Tollervey 2000). The develop-
ment of green fluorescent protein (GFP) technology and
the combination with fluorescence redistribution after
photobleaching (FRAP) methods has recently lead to re-
consideration of how different processes in the cell nu-
cleus are organised (Lewis and Tollervey 2000; Pederson
2000a; Shopland and Lawrence 2000). The debate, that
focuses on concepts such as the nuclear matrix, nuclear
factories and compartmentalisation of the nucleus, was
triggered by findings in various fields of research, in-
cluding protein degradation mechanisms (Reits et al.
1997), DNA repair (Houtsmuller et al. 1999), regulation
of gene transcription (McNally et a. 2000) and RNA
processing (Kruhlak et al. 2000; Phair and Misteli 2000).
Using GFP-tagged proteins and photobleaching tech-
niques, these authors report an unexpected high mobility
of the investigated proteins in the nucleoplasm. Here we
will review some of the data, mainly obtained with GFP
technology and different bleaching methods, that chal-
lenge these models. In addition, we will discuss some
techniques that are currently being used to measure pro-
tein dynamics using photobleaching.
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The nucleus

More than a century of microscopic studies has resulted
in a differentiated and detailed view on the interphase
nucleus. Distinct nuclear bodies, chromosome territories,
interchromatin compartments and a nuclear scaffold con-
sisting of insoluble proteins have been described. These
structures have been appreciated with waves of populari-
ty. However, a plethora of studies that is still being con-
tinued has not resulted yet in a definitive structure—func-
tion model. Below, we will summarise the current
knowledge on the structure of the cell nucleus.

Chromatin

Chromosomes stained with general DNA dyes are clear-
ly visible as distinct structures during mitosis. In inter-
phase, however, they cannot be readily distinguished
from each other by just staining DNA. Nevertheless,
chromatin is not homogeneously distributed in the nucle-
us. Based on their appearance in electron micrographs,
two types of chromatin can be identified, relatively con-
dense regions, representing late replicating heterochro-
matin, and relatively decondensed chromatin, represent-
ing early replicating euchromatin. Presumably due to its
less-condensed state, euchromatin is actively transcribed.
In Giemsa-stained metaphase chromosomes, the two
chromatin types are stained differentialy, resulting in a
banded pattern. Interestingly, these alternating bands,
called G-bands (late replicating) and R-bands (early rep-
licating), appear to be in different locations in the inter-
phase nucleus too. Pulse labelling with Br-dUTP of syn-
chronised Chinese hamster cells during replication re-
vealed that late replicating chromatin is mainly found in
the periphery and near the nucleolus whereas early repli-
cating chromatin is preferentialy located in the interior
of the nucleus (Ferreiraet a. 1997).

In spite of the fact that individual chromosomes are
dispersed through the nucleus in interphase, it has been
postul ated aready in the earliest years of chromosome re-
search that chromosomes occupy distinct territories (Rabl
1885). Experimental evidence that confirmed this early
hypothesis was presented only in the 1980s. Local induc-
tion of unscheduled DNA synthesis in Chinese hamster
nuclei by UV micro-irradiation, resulted in the incorpora-
tion of pulse-labelled H3-thymine exclusively in small re-
gions within single chromosomes (Zorn et a. 1979,
Cremer et al. 1982). Later, the development of in situ hy-
bridisation techniques to label individual chromosomesin
interphase nuclei (Manuelidis 1985; Cremer et a. 1993)
provided direct visual proof of the existence of these
chromosome territories. Taking into account the banded
pattern in single chromosomes and the fact that hetero-
chromatin and euchromatin show different nuclear local-
isation, the chromatin fibre within a single territory must
loop many times from exterior to interior of the nucleus.

Since the discovery of chromosome domains in inter-
phase, research has focused on the properties of chroma-

tin structure and its relation to the organisation of nucle-
ar processes (reviewed by Lamond and Earnshaw 1998).
It was reported from several studies that active genes
have a strong tendency to localise in the periphery of
chromosome territories. Comparative three-dimensional
analysis of active and inactive X-chromosomes showed
that although similar in volume, the active X-chromo-
some has a much larger surface area than its inactive
counterpart (Eils et al. 1996). In addition, it was shown
by confocal microscopy and image restoration tech-
niques that transcription sites coincide with the surface
of the active X-chromosome (Verschure et a. 1999). In-
terestingly, transcription factors are not found in the inte-
rior of chromosome territories (Cmarko et al. 1999), sug-
gesting the existence of an interchromatin compartment.
Confocal microscopy of Hela cells expressing GFP-
tagged histone H2B, revealed that nascent RNA was al-
most exclusively found in the interchromatin areas in
chromosome territories and in between strongly GFP-
labelled chromatin domains. Moreover, using caged
fluorochrome technology, it was recently shown that
poly(A) RNA diffuses freely through the interchromatin
compartment (Politz et al. 1999).

Although the above indicates that at |east some nuclear
proteins find their way in the nucleus through the inter-
chromatin compartment, the question remains unanswered
if thisistruefor all nuclear proteins. It has been shown us-
ing FRAP, that dextrans up to a molecular weight of
500 kDa diffuse freely through the nucleus (Seksek et al.
1997). In addition, free GFP homogeneously stains the
living nucleus. Moreover, nucleotide excision repair pro-
teins diffuse with rates consistent with their molecular
weight, and show a homogeneous distribution throughout
the nucleus (Houtsmuller et al. 1999). It may be argued
that those molecules travel through interchromatin space
only, and that light microscopic resolution fails to reveal
this because the interchromatin channels are too small.
However, it seems unlikely that repair factors only have
access to the interchromatin space while DNA damage is
distributed randomly throughout the entire genome and
also in the interior of condensed heterochromatin areas. It
can be argued that DNA itself moves upon damage induc-
tion, bringing lesions to the surface of chromatin territo-
ries. However, it has been shown with FRAP that chroma-
tin itself is quite immobile (Abney et al. 1997; Marshall
et a. 1997), although occasional movement over long dis-
tances of centromeres labelled with GFP-tagged CENP-A
has been reported (Shelby et al. 1997). The question how
DNA repair and maintenance proteins, like centromeric
and telomeric proteins, and histones find their way to their
targets that are buried in condensed chromatin areas of the
nucleus remains unanswered. Future FRAP-based studies
are expected to shed light on these issues.

Nuclear matrix

Already in the 1940s, a meshwork of proteins remaining
on glass coverdlips after extraction of DNA and soluble



proteins from cell nuclei was first described and patent-
ed by Russian researchers (Zbarskii and Debov 1948;
Pederson 2000b). In the 1970s this precipitate was
brought to the attention of the scientific community
again. The extracted protein substance was termed ‘nu-
clear matrix’ (Berezney and Coffey 1974), and it was
suggested that it may represent a framework for the spa-
tial organisation of DNA and nuclear processes. Similar
extraction methods applied to metaphase chromosomes
revealed a chromosome-shaped precipitate with large
DNA loops attached to it (Laemmli et al. 1977). Interest-
ingly, it was shown that this ‘chromosome scaffold’ was
rich in topoisomerase Il (Gasser et al. 1985; Earnshaw
et a. 1985), an enzyme capable of removing knots
from DNA by passing two stretches of dsDNA through
each other. In addition, it was reported that the sites
where DNA remained attached were rich in specific se-
guences that were termed scaffold attachment regions
(Mirkovitch et al. 1984).

After the initiation of the matrix/scaffold concept, it
was readily recognised by many researchers that such a
structure would be a perfect analogue to the cytoplasmic
cytoskeleton with its multiple functions both in protein
transport and in maintenance of subcellular structures.
Since then, virtually all aspects of nuclear function have
been related to the nuclear matrix (van Driel et al. 1995).
However, the tempting concept of the presence of a nu-
clear protein matrix is the subject of fierce discussion
(reviewed in Peterson 20004). In contrast to the high re-
producibility of the various extraction methods, and the
likely abundance of the extracted proteins in the living
cell nucleus, it has been impossible to convincingly visu-
alise ameshwork of insoluble proteins, both in fixed and
in living cells. This discrepancy has been the cause of
reasonable doubt among scientists whether the observed
structures are the artefacts of extraction methods rather
than a biologically relevant nuclear organiser frame-
work, and a means of guided transport.

The sceptical view of what has kept researchers
puzzled for many decades has currently found new soil
in the results of investigating the dynamics of GFP-
tagged enzymes involved in DNA repair, in gene
transcription and most recently also in DNA splicing
(Houtsmuller et al. 1999; Kruhlak et al. 2000; Phair and
Misteli 2000). The authors reported a high mobility of
the nuclear proteins they studied. Two nucleotide exci-
sion repair proteins (ERCC1, XPA) and a transcription
factor (TFIIH) studied by GFP tagging and FRAP mea-
surement in living cells, appeared to travel through the
nucleus at rates that correspond to the molecular weights
of the complexes they reside in (Houtsmuller et al.
1999). In similar experiments, Phair and Misteli showed
that factors involved in RNA processing (ASF and fi-
brillarin) can diffuse freely through the nucleus. They
elegantly showed that the observed protein kinetics are
not due to any active transport mechanism by measuring
diffusion at temperatures ranging from 23 to 37°C. In
these experiments, no effect on diffusion of temperature
was found, which is consistent with a model of diffusion.
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Remarkably, the diffusion coefficients reported for the
splicing factors (ca 0.5 pm2/s) were considerably lower
than those reported for nucleotide excision repair pro-
teins (ca 15 um?/s). However, the observed high mobility
of these proteins suggests that if interactions with an im-
mobile protein matrix occur at all, these are highly dy-
namic.

Nuclear bodies

In addition to chromatin and the nuclear matrix, a num-
ber of nuclear substructures have been observed. The
most prominent one undoubtedly is the nucleolus. Be-
causeit is easily visualised by ordinary light microscopy,
it was actually one of the first intracellular structures de-
scribed. It occupies a considerable portion of the nucle-
us, but it varies greatly in size and number depending on
cell type and cell cycle stage. After the discovery that the
nucleolus contains RNA and proteins, the nucleolus has
long been seen as a ribosome factory. More recently,
additional functions have been reported (reviewed by
Pederson 1998). Recent studies on eukaryotic cell cycle
regulatory proteins suggest that the nucleolus may act as
a shelter for cell cycle proteins, that keeps them inactive
until needed elsewhere (Shou et al. 1999; Weber et al.
1999). Apparently, the nucleolus has acquired the func-
tion of a compartment for sequestering cell cycle pro-
teins.

Other examples of subnuclear structures that are often
described are interchromatin granule clusters (also
termed spliceosomes), Cajal bodies or coiled bodies, and
PML bodies. Although the composition of these nuclear
substructures is known to some extent, their respective
functions are as yet unclear. Spliceosomes are predomi-
nantly found in the vicinity of active genes. They may be
storage sites that keep splicing factors at short distance
to their targets, nascent RNA. A role of nuclear bodiesin
maturation of snRNPs has also been suggested. Introduc-
ing plasmids encoding for GFP- and Y FP-tagged compo-
nents of snRNPs (Sm-proteins) by microinjection, result-
ing in pulsed expression of the tagged proteins, it was
shown that sSnRNPs occur in various nuclear bodiesin a
fixed order. After entering the nucleus, snRNP follow a
distinct route, possibly a maturation pathway (Sleeman
and Lamond 1999): first, snRNPs are predominantly
present in coiled bodies and nucleali, and only in a later
stage in spliceosomes. In addition, it was shown that the
exchange rate of GFP-tagged splicing factors between
spliceosomes and the nucleoplasm is very rapid (Kruhlak
et al. 2000). A similar high protein exchange was report-
ed for steroid receptors with MMTV promotersin living
cell nuclei. Gordon Hager and coworkers applied FRAP
and fluorescence loss in photobleaching (FLIP; see be-
low and Fig. 1g, h) to study the interaction of GFP-
tagged glucocorticoid receptors (GR) with along tandem
array (>100 copies) of MMTV promoters which were
stably integrated in the genome of the cell line used
(McNally et al. 2000). Binding of GFP-tagged GR to this
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structure resulted in a clearly visible spot in living nu-
clei. FRAP and FLIP measurements revealed a high ex-
change rate of GR with the spot (<1 min), arguing
against a stable transcription initiation complex. Al-
though the latter ‘nuclear body’ is an artificial one, the
above findings point to a highly dynamic nucleus in
which the composition of observed substructures is con-
tinuously changing. This of course does not exclude a
model in which such structures are *factories' or ‘storage
sites’, but it contrasts with the results of FRAP on struc-
tural proteins like histones, nuclear lamins and fluores-
cently labelled chromatin, which appear relatively im-
mobile (Marshall et al. 1997; Broers et a. 1999).

Fluorescence redistribution after photobleaching

In modern cell biology, various fluorescence-based tech-
niques are utilised to visualise and quantitate localisa-
tion, translocation and kinetics of distinct processes in
living cells. The recent technical developments in the
field of fluorescence microscopy, digital image analysis,
and molecular and cellular biology has set the prior con-
ditions to perform quantitative microscopic investiga-
tions inside living cells. Cloning and ectopic expression
of the living-cell marker GFP has contributed largely to
development and appreciation of living cell studies in
the field of cell biology. This increased interest has
brought together distinct, previously remote, scientific
and technological disciplines such as molecular biology,
cell biology, digital microscopic imaging, biophysics and
computer science. FRAP, for instance, is currently wide-
ly applied by researchersin many fields of biology to de-
termine the dynamics and interaction of GFP-tagged pro-
teins in living cells (White and Stelzer 1999). In addi-
tion, other frequently used fluorescence techniques are
fluorescence resonance energy transfer (FRET), mainly
to investigate protein—protein interactions, and fluores-
cence correlation spectroscopy (FCS), for the measure-
ment of protein mobility. The highly multidisciplinary
quality of this type of research is prone to lead to a
Babylonian confusion of tongues and makes it difficult
for the biologist to judge the validity of presented data
from state of the art FRAP-based measurements on GFP-
tagged cellular components. Here we summarise some of
the methods that are currently applied.

In all FRAP variants, the property of fluorescent
molecules to become non-fluorescent after exposure to
excessive excitation light is exploited. This property,
usually referred to as photobleaching, irreversibly alters
the fluorescent molecule so that it is no longer fluores-
cent. Although this characteristic is in many cases un-
wanted, it can be put to use to revea the mobility of
molecules tagged with fluorescent dyes. When a small
region within a larger volume containing fluorescent
molecules is irradiated (usually with a focused laser) at
relatively high intensity, these molecules will get photo-
bleached. The subsequent redistribution of the bleached
molecules and fluorescent molecules outside the region,

can be monitored at relatively low light intensity. The
characteristics of redistribution give information on dif-
fusion, mobile fraction and duration of transient immo-
bilisation of the molecule under investigation (discussed
in more detail below).

FRAP was developed in the 1970s by Axelrod and
coworkers (1976). It was initialy utilised to study plas-
ma membranes of living cells. Ever since, it has become

Fig. la—h Fluorescence recovery after photobleaching (FRAP)
assays for quantitative FRAP in the cell nucleus. a Schematic
drawing representing a nucleus with homogeneously distributed
fluorescent molecules. A relatively short bleach pulse at relatively
high laser intensity is given and the fluorescence intensity is sub-
sequently monitored at a relatively low intensity as fluorescent
molecules diffuse into the bleached region. b Relative fluores-
cence intensity (/1) of the experiment is plotted against time.
The black line represents a situation where molecules are freely
mobile. (Note that the final intensity I; will be lower than the ini-
tial intensity due to overall bleaching by the bleach pulse.) The red
line represents a situation where a fraction of the same molecules,
with the same diffusion coefficient are immobile. The dotted line
represents a situation where the immobilisation is transient. In the
depicted case, molecules are bound on average for 10 s. The red
line represents a situation in which molecules are all mobile, but
have a smaller diffusion coefficient. ¢, d Alternative method to de-
termine immobile fraction (Houtsmuller et al. 1999). ¢ A laser
beam is focused in the centre of the nucleus and the region in the
beam is bleached for arelatively long period at arelatively low in-
tensity. If al molecules are immobile (top row), only those in the
beam will get bleached, resulting in a dark hole in the nucleus
when an image is taken. However, if all molecules are mobile, a
significant part (depending on diffusion rate) will pass through the
beam in this period, get bleached and diffuse through the nucleus
(bottom row). If a period of redistribution is allowed after bleach-
ing, this will result in a homogeneous decrease of fluorescence. In
the intermediate situation, when some of the molecules are mo-
bile, the resulting image will be an intermediate between the two
extreme situations. d Ratio of mean fluorescence intensity of pre-
and postbleach images (of the cases shown in c) plotted as a func-
tion of distance d to the laser spot. The corresponding situations
are as indicated. e, f Method to determine transient immobilisat-
ion. e The fate of molecules that are transiently immobile at the
time of bleaching (t=0) is monitored by recording postbleach im-
ages at increasing time intervals after bleaching. Molecules that
are released during this time interval will diffuse through the nu-
cleus and no longer contribute to the measured immobile fraction.
f Theoretical curves of the decay of the measured immobile frac-
tion after bleaching determined by computer simulation of diffu-
sion in an elipsoid volume. The solid line represents the theoreti-
cal decay of the measured immobile fraction when molecules are
transiently immobile. The intersection with the time axis deter-
mines the average binding time, in this case approximately 5 min.
The dotted lines represent the decay of the measured immobile
fraction when a slowly diffusing fraction redistributes through the
nucleus. g Fluorescence loss in photobleaching (FLIP) assays. A
region distant from the subnuclear accumulation is bleached for a
relatively long period of time. Subsequently, confocal images are
taken at certain time intervals, monitoring the diffusion of
bleached molecules and the exchange of fluorescence molecules
between the accumulation and the surrounding nucleoplasm. The
top row shows a FLIP assay where the laser is focused at a single
spot and the bottom row an assay where a strip region is bleached
(cf. ). h Relative fluorescence in several regions in the image
plotted against time. The average residence time of individua
molecules can be calculated by subtraction of the control curve
from the curve sampled in the accumulation. A subsequent correc-
tion should be made for the diffusion time of the investigated pro-
tein from the bleach spot to the accumulation
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a standard in membrane research to determine the mobil-
ity of membrane bound molecules, i.e. rate of diffusion
and immobile fraction (reviewed in Edidin 1993). The
introduction of confocal microscopy made it possible to
extend the topics of research where FRAP can be applied
to the inside of living cells (see, for example, Seksek
et al. 1997; Lukacs et a. 2000). Eventually, the devel op-
ment of GFP tagging made it possible to study fluores-
cently tagged proteins that are either stably or transiently
expressed in living cells, avoiding time-consuming inva-
sive techniques like microinjection. Subsequently, im-
provements in GFP technology and fluorescence micros-
copy in recent years have developed simultaneously with
the increasing speed and memory of personal computers
to handle the large amounts of data that are generated by
digital microscopy. Moreover, the GFP tag itself seems
to have properties that make it well suited for its use in
living cells. The fact that the fluorescent structure is en-
capsulated in a protein barrel appears to protect the cel-
lular environment from photodamage that is often ob-
served using synthetic fluorophores, such as fluorescein
isothiocyanate. Although some concern still exists on the
possible damage inferred to cells during (laser) micros-
copy, there are ample documented results showing that
cells containing fluorescent molecules retain their viabil-
ity after long periods of imaging or FRAP experiments
(Wolf et al. 1980; Nakata et al. 1998; Houtsmuller et al.
1999; White and Stelzer 1999).

Severa variants of FRAP are currently being used in
nuclear research practice (Fig. 1). The most straight for-
ward method is to bleach a small area (Fig. 1a) and sub-
sequently collect the light intensity data from the previ-
ously bleached area (for instance with a photomultiplier
tube; Fig. 1b). Another way of collecting the data is to
digitally image the entire volume (nucleus in this case)
and afterwards analyse the acquired images by digital
image analysis techniques (Fig. 1c-h). When all mole-
cules are freely mobile, for example free GFPs in a cell
nucleus (Houtsmuller et al. 1999; Phair and Misteli
2000), fluorescent molecules will return into the
bleached region and, eventually, the region will be fully
fluorescent again (provided that the number of bleached
molecules in the region is low compared to the total vol-
ume). The velocity at which fluorescence recovers in the
bleached area is a measure for the rate of diffusion of the
molecules (see below). When all molecules are immo-
bile, no fluorescence recovery will be observed, and the
bleached region will remain dark. In the intermediate sit-
uation, when some of the molecules are immobile, fluo-
rescence in the bleached region will partly recover
(Fig. 1c, d). The percentage of recovery is a measure for
the fraction of molecules that is mobile (Fig. 1b, d).
Apart from the parameters, diffusion coefficient and im-
mobile fraction, a third quantitative parameter can be de-
termined by FRAP: the duration of transient immoabili-
sation of individual molecules (Fig. 1e, ). To determine
this parameter the fluorescence in the bleached region is
followed for a prolonged period of time, at least the
time an average molecule stays immobile. The release

and subsequent redistribution of temporarily trapped or
bound molecules will result in a secondary, long-term
fluorescence recovery in the bleached region (Fig. 1b, f;
Houtsmuller et al. 1999).

FLIP, avariation of FRAP (Presley et a. 1997), can be
utilised for several other measurements. It was initialy
used to determine whether subcellular compartments or
substructures are in contact with each other (Lippincott-
Schwarz and Zaal 2000). Molecules in one compartment
are bleached, and the fluorescence in the presumably con-
nected compartment is inspected. Usually, a few rounds
of bleaching are applied to get an optimal effect. The loss
or reduction of fluorescence in the other compartment, is
indicative of a connection between the investigated com-
partments. The velocity at which redistribution occurs is
a measure for the exchange of molecules between com-
partments. Measurements have to be corrected for the dif-
fusion coefficient of the investigated molecule. Another
powerful approach to use the FLIP method is to deter-
mine ‘residence time’ of molecules in specific accumula-
tions such as nuclear bodies or long tandem repeats of
protein recognition sequences (Fig. 1g, h; Kruhlak et a.
2000; McNally et a. 2000; Phair and Misteli 2000). In
these type of experiments, the use of one relatively long
bleach pulse at relatively low intensity (instead of the re-
peated bleaching usually applied in compartment studies)
is expected to facilitate highly accurate measurement,
since the amount of bleaching and the redistribution char-
acteristics are more accurately controlled. Moreover, the
development of mathematical models describing the en-
tire process is more straight forward in this way.

Calculation of FRAP parameters
Diffusion coefficient

The described FRAP and FLIP approaches can be used
for qualitative or semiquantitative investigations. How-
ever, as knowledge accumulates (about the dynamics of
proteins in living cells) it may be required to apply more
accurate quantitative assays in order to be able to com-
pare different mechanisms under different conditions. An
accurate ‘effective’ diffusion coefficient (D) can be cal-
culated from the redistribution of fluorescence, when
(relative) fluorescence intensity in the bleached region is
plotted as a function of time (Fig. 1b). D can be derived
by fitting experimentally obtained curves to a mathemat-
ical function describing diffusion. However, photo-
bleaching theory, developed by Axelrod and others in
the early years of FRAP, only provides methods for
determining D from bleaching a small spot in the plas-
ma membrane, which is essentially two dimensiona
(Axelrod et a. 1976). For the study of membrane traf-
ficking of ER and Golgi proteins, Jeniffer Lippincott-
Schwartz and coworkers (Presley et al. 1997) used strip
bleaching (Fig. 1a, b) to determine diffusion in the two-
dimensional membrane meshwork. For calculation of the
effective diffusion coefficient, the data was fitted to a



mathematically derived curve describing one-dimension-
al diffusion into a plane (the strip). It was shown with the
aid of computer simulation, that fitting the experimental
datato the first part of the theoretical curve yields a good
approximation of the effective diffusion constant. This
method seems to be feasible for measurement of nuclear
diffusion too (Houtsmuller et al. 1999). However, due to
the irregular shape of nuclei, the actual diffusion coeffi-
cient might be different from that derived from imaging
only the confocal image plane. To determine the effec-
tive diffusion coefficient as accurately as possible, theo-
retical models may have to be developed that take topol-
ogy into account (Ellenberg et a. 1998). In addition, the
use of computer simulation may be a powerful solution,
avoiding the necessity to derive mathematical descrip-
tions of each new application (Siggia et a. 2000). Even-
tualy, it is expected that the computer simulation meth-
od will become more feasible as computers become fast-
er and knowledge of how to model the living cell will in-
crease.

Immobile fraction

To calculate the immobile fraction of a protein there are
several methods that can be used. Immobile fraction is
reflected by the percentage of recovery into the bleached
area. In arelatively small volume, like the cell nucleus, a
correction for a fraction bleached by the pulse is neces-
sary. A disadvantage of this method is that the immobile
fraction is determined only in the bleached area. In case
the protein under investigation displays a heterogeneous
binding pattern, this may lead to inaccurate or erroneous
conclusions. To circumvent this problem it is possible
to monitor the fluorescence distribution in the entire
nucleus, instead of only the bleached region (Fig. 1c, d;
Houtsmuller et a. 1999). In this method, the laser beam
is focused in the centre of the nucleus. The region within
the beam is subsequently bleached at relatively low laser
intensity for a relatively long period of time, allowing a
large percentage of mobile molecules to pass through the
laser beam and get bleached. Subsequently, the maobile
molecules are allowed to completely redistribute through
the nucleus. The time this takes may differ for different
molecules depending on their diffusion coefficient. The
ratio of fluorescence intensity of confocal images taken
before and after this procedure is then plotted against
distance to the laser spot (Fig. 1d). To accurately calcu-
late the immobile fraction from this plot one should ob-
tain two reference curves, representing the situations in
which al molecules are immabile and in which all mole-
cules are mobile. The first can be obtained by perform-
ing the same experiments on fixed cells. The second may
be more difficult to obtain. In the case of an inducible
system, like nucleotide excision repair proteins, it is pos-
sible to use cells that have virtually no DNA damage, in
which the repair proteins can freely diffuse (Houtsmuller
et a. 1999). When it is not possible to obtain curves of
fully mobile molecules, one may derive a theoretical
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curve, i.e. the horizontal line through the intersection of
the reference curve and the experimentally derived curve
(Fig. 1d).

Questions and models

Currently evidence is accumulating from FRAP and
GFP methodology applied to living cells that point to a
high mobility for nuclear proteins and a high exchange
rate between nuclear structures and the nucleoplasm.
This has culminated into models in which the spatial
organisation of nuclear processes is highly dynamic
(Lewis and Tollervey 2000; Pederson 2000a). However,
the key questions, whether proteins find targets in the
nucleus by diffusion or by active transport and whether
the observed nuclear substructures are either required
for or the result of functioning, still require further re-
search before they can be unequivocally answered. This
is illustrated by two contrasting models as shown in
Fig. 2.

In model 1 (Fig. 2a), proteins are present in specific
storage sites until they are needed. When required, the
proteins are actively guided from the storage sites,
through the interchromatin space, to their sites of activi-
ty. There they enter preassembled factories that keep in
place DNA or RNA and form atemplate for the efficient
activity of the recruited proteins. In this way, the spatia
organisation of both chromatin and factories play an im-
portant role in regulation of nuclear processes.

In model 2 (Fig. 2b), all protein movement in the nu-
cleus is based on diffusion. In that way proteins distrib-
ute throughout the entire nucleus including condensed
chromatin. In the more condensed regions the concen-
tration may be lower because of the high chromatin den-
sity. When a protein accidentally collides with an other
molecule (either mobile or immobile) for which it has
affinity (for instance another protein, a DNA or RNA
sequence, or DNA damage) it will bind there, possibly
change its structure and provide a binding site for yet
another protein. Large molecular complexes might be
formed that become visible as distinct bodies in light
microscopy. These structures are the result of proteins
functioning rather than a prerequisite (Singer and Green
1997). In this way diffusion, affinity and concentration
of various proteins are the key to regulation of nuclear
processes.

The choice between these opposing views cannot be
made yet. Moreover, it is likely that a combination
of the two extremes exists, dependent on the type of
nuclear factors and/or process in which these activi-
ties participate. For example a diffusion type of model
for DNA repair proteins is favourable since these activ-
ities have to find lesions at any time, anywhere in the
genome. In contrast, to control for instance the tem-
poral expression of genes during the cell cycle or to
establish a tight connection between transcription and
MRNA maturation a spatial organisation may be bene-
ficial.
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Fig. 2a, b Schematic drawings a
representing two extreme mod-
elsfor the organisation of pro-
cesses in the nucleus. a Model
in which a high spatial organi-
sation governs processes going
on in the nucleus. Transcription
factors are actively transported
to predefined places where
transcription factories are locat-
ed. Splicing factors march from
the spliceosomes to the MRNA
formed by the transcription fac-
tories. Subsequently spliced
mMRNASs move along predefined
tracks to their own predefined
nuclear pore. b Model in which
proteins move about the nucle-
us by diffusion and find their
targets at random: when they
collide with another protein or
DNA with which they have
high affinity they will bind. In
this way large functional pro-
tein complexes arise. There-
sulting products, such as
mRNA, will diffuse through
the nucleus and finally bind to
the export machinery and get

0 Chromatin
exported m

In conclusion, it is expected that future experi-
ments with living cells, using the GFP and other colour
variants and quantitative fluorescence methodology,
like FRAP, FRET and FCS will largely contribute
to unravel the dynamic events taking place in the nuc-
leus.
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Using fluorescence fluctuation spectroscopy techniques to study membrane-associated systems
in living cells

One of the most intriguing challenges in life sciences is to understand how a complex mixture of
molecular particles and structures can make up a living cell. Despite the immense number of
studies still much is unknown about the molecular basis of numerous biological processes such as
cell proliferation, differentiation, intra- and extra-cellular communication and apoptosis. To
increase our understanding about the complexity of these processes in living cells, experimental
data on the spatial-temporal organization is required. Fluorescence Fluctuation Spectroscopy (FFS)
is a family of fluorescence techniques capable of detecting concentration, dynamics and
interactions of fluorescent particles down to the single-molecule level. In FFS, a focussed laser
beam illuminates a sub-femtoliter volume element. Fluorescently labeled particles present in this
volume will generate a stream of fluorescence photons that contains information (f.e. brightness,
mobility, blinking) about the particles. The data stream can be analysed via several statistical
methods, each yielding different parameters.

In this talk | will illustrate the basic principles and discuss applications of some of these methods
with emphasis on Fluorescence Correlation Spectroscopy (FCS), Photon Counting Histogram (PCH)
and Number & brightness analysis (N&B). Special attention will be given to intracellular
measurements, discussing the potential challenges and practical issues arising, when these
techniques are being used in the living cell.
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Abstract Originally developed for applications in physics
and physical chemistry, fluorescence fluctuation spectros-
copy is becoming widely used in cell biology. This review
traces the development of the method and describes some
of the more important applications. Specifically, the
methods discussed include fluorescence correlation spec-
troscopy (FCS), scanning FCS, dual color cross-correlation
FCS, the photon counting histogram and fluorescence
intensity distribution analysis approaches, the raster scan-
ning image correlation spectroscopy method, and the
Number and Brightness technique. The physical principles
underlying these approaches will be delineated, and each of
the methods will be illustrated using examples from the
literature.

Keywords Fluorescence correlation spectroscopy -
Fluorescence fluctuation spectroscopy - Number and
brightness technique - Photon counting histogram - Raster
scanning image correlation spectroscopy - Scanning FCS

Introduction

In fields as diverse as data transmission, stock market
analysis and rock music, the saying “One man’s noise is
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another man’s signal” often comes to mind. This saying is
particularly appropriate for the technique of fluorescence
fluctuation spectroscopy (FFS). Serious interest in fluctua-
tions dates to 1827 with the observations by Robert Brown
(Brown 1828) that pollen grains from the American plant
Clarkia pulchella, when suspended in water, demonstrated
a continuous jittery movement. In his own words “While
examining the form of these particles immersed in water, |
observed many of them very evidently in motion; their
motion consisting not only of a change of place in the fluid,
manifested by alterations in their relative positions, but also
not unfrequently of a change of form in the particle itself.”
And then: “These motions were such as to satisfy me, after
frequently repeated observations, that they arose neither
from currents in the fluid, nor from its gradual evaporation,
but belonged to the particle itself.” Jan Ingenhousz, famous
for his discovery of photosynthesis, had made similar
observations on coal dust on the surface of alcohol in
1785. Ingenhousz’s work, however, did not appear to attract
the same attention as did Brown’s, which in fact created a
lively debate about the cause and even the existence of such
fluctuations. The phenomenon actively attracted the atten-
tion of physicists after the publications of Albert Einstein
(Einstein 1905) and Marian Ritter von Smolan Smoluchowski
(Smoluchowski 1906), respectively, which developed the
theory underlying such fluctuations. In 1911, in an effort to
verify the theory, Theodor H.E. Svedberg observed the
fluctuations in the number of colloidal gold particles in a
small volume observed under a microscope (Svedberg and
Inouye 1911). These works, and a series of elegant studies
by Jean Baptiste Perrin, eventually firmly established the
existence of atoms and molecules. Interestingly, in his
classic book, Les Atomes (Perrin 1913), Perrin stated: “I
had hoped to perceive these fluctuations in dilute solutions
of fluorescent substances. I have found, however, that such
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bodies are destroyed by the light which makes them
fluoresce.” Thus Perrin almost anticipated fluorescence
fluctuation studies.

As pointed out by Elliott Elson, in a marvelous overview
of the historical development of FCS (Elson 2004), the
theory and experimental realization of both relaxation
kinetics and dynamic light scattering (DLS) attracted
significant attention in the 1950s and 1960s. These
relaxation methods typically used small perturbations of
temperature or pressure to displace the system from its
equilibrium position, and then the kinetics of the return to
equilibrium was monitored. Dynamic light scattering,
which had been used in the 1960s to study the diffusion
rates of biological macromolecules, was also applied to
studies of chemical kinetics in the hopes of observing
systems in the absence of external perturbations, but
technical difficulties hampered these efforts. Fluorescence
offered solutions to these difficulties, and in the early 1970s
Magde, Elson, and Webb published seminal papers on the
theory and application of fluorescence fluctuation analysis,
specifically fluorescence correlation spectroscopy (FCS)
(Elson and Magde 1974; Magde et al. 1972, 1974). This
technique, originally developed to study the kinetics of
chemical reactions in the absence of external perturbations,
and specifically to study the binding of ethidium bromide to
DNA, eventually engendered a revolution in quantitative
fluorescence microscopy which now provides unparalleled
insights into the dynamics of cellular interiors. Wide-spread
applications of FCS had to wait though until the 1990s
when the advent of confocal and two-photon microscopy
greatly reduced the observation volume and thus signifi-
cantly improved the sensitivity of the method, even
extending it to single-molecule levels (Denk et al. 1990;
Eigen and Rigler 1994; Maiti et al. 1997; Qian and Elson
1991; Webb 2001). A number of commercial instruments
are now available which can carry out different types of
FFS measurements; these include instruments from ISS
(www.ISS.com), Zeiss (www.zeiss.com/micro), Olympus
(www.olympusamerica.com), Leica (www.leica-micro
systems.com), and Sensor Technologies LLC (Lake Hia-
watha, NJ). Once the province solely of physicists and
physical chemists, the availability of commercial FFS
instruments, coupled with the explosion in the use of
recombinant fluorescent proteins, is bringing FFS into the
mainstream of cell biology.

In this brief overview we shall define and describe some
of the more popular FFS methods presently being applied
to problems of cellular dynamics. The particular methods
we shall focus on include (1) fluorescence correlation
spectroscopy (FCS), (2) scanning FCS (sFCS), (3) fluores-
cence cross-correlation spectroscopy (FCCS), (4) photon
counting histogram (PCH) and fluorescence intensity
distribution analysis (FIDA), (5) raster scanning image
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correlation spectroscopy (RICS), and (6) Number and
Brightness (N&B) analysis.

Before beginning this discussion, however, we should
mention the various ways in which fluorescent molecules
are introduced into living cells. In rare cases one may be
interested in the natural autofluorescence of the cell, but
since our understanding of the origins of autofluorescence—
besides the more obvious sources, such as the pyridinic and
flavin coenzymes, lipofuscin, porphyrins, elastin, and colla-
gen—are incomplete, FFS studies on autofluorescence are
rare (see, however, Brock et al. 1998). Perhaps the most
popular method, and the method most researchers would
first consider, is the attachment of a naturally fluorescent
protein to the target protein via genetic techniques. As most
readers will appreciate, the number of fluorescent proteins
now available is large and ever increasing (see, for
example, Nienhaus and Wiedenmann 2009). Another
genetic method finding application is the use of the so-
called FIAsH or ReAsH tags, wherein a tetracysteine motif
(such as CCPGCC) is attached to the protein of interest
using standard genetic techniques, and then a profluores-
cent compound is microinjected into the cell that attaches
preferentially to the genetically introduced motif, becoming
fluorescent upon the attachment (Gaietta et al. 2002; Griffin
et al. 1998). More recently, the method of bimolecular
fluorescence complementation was introduced in which the
DNA coding for a fluorescent protein (such as YFP or CFP)
is split into two parts after which one part is attached to the
one target protein and the complementary part is attached to
another target protein (Kerppola 2008). If the two target
proteins form a complex in the cell, one may find that the
fully fluorescent protein can develop and provide the
signal. Alternatively, one may simply label the purified
target protein in vitro and then microinject some into the
cell (Paradise et al. 2007).

Fluorescence correlation spectroscopy (FCS)

In an FCS measurement, the sample—whether in vitro or a
living cell—is illuminated by a light source focused to a
very small volume, typically on the order of 1 femtoliter or
less. The fluorescence originating from particles diffusing
in and out of the detection volume, which usually does not
correspond to the entire illumination volume, is recorded.
This concept is illustrated in Fig. 1. While in the illu-
mination volume, the fluorescent particles may be excited
more than once and may also undergo chemical or photo-
physical processes which alter their fluorescence properties.
Examples of such processes are the “blinking” demonstrat-
ed by green fluorescent protein (GFP; Dickson et al. 1997;
Nirmal et al. 1995) and by quantum dots (Yao et al. 2005)
and alterations in fluorophore quantum yields upon binding
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Fig. 1 A sketch illustrating excitation of a small sample volume and
detection of emission from that volume. Also illustrated is the
fluctuation in the fluorescence intensity to be expected as fluorophores
diffuse into and out of the illumination/detection volume

to macromolecules (e.g., ethidium bromide binding to
DNA). All of these considerations lead to fluctuations in
the detected fluorescence signal. The data stream thus
corresponds to the time course of the fluctuating fluores-
cence signal as depicted in Fig. 1.

Nowadays, FCS experiments are almost always con-
ducted using a microscope. As in traditional confocal
microscopy, the basic requirements for FCS microscopy
are: a stable monochromatic excitation source, a high
numerical aperture (NA) objective, dichroic and/or emis-
sion filters, and efficient photon detection [using either
photomultiplier tubes (PMT) or avalanche photodiodes
(APD)], combined with some additional electronics, such
as autocorrelators, to process the data stream and appropri-
ate software for data analysis. A stable excitation source is
crucial because FCS experiments measure the time depen-
dence of the signal fluctuation, and if there is a time-
dependence inherent in the excitation intensity, that
fluctuation will also be present in the recorded data.
Technical aspects of the instrumentation, commercial and
homebuilt, used to acquire FCS data have been reviewed
many times and shall not be repeated here. Readers
interested in such technical information are referred to
more specialized discussions (such as those given in
Berland et al. 1995; Borejdo 1979; Bulseco and Wolf
2007; Dertinger et al. 2008; Hess and Webb 2002; Lieto et
al. 2003; Schwille et al. 1997a). For discussions of FCS
applied to total internal reflection fluorescence (TIRF), the
reader should see Lieto et al. (2003) and Ries et al. (2008).
We should note that in order to extract diffusion rates from
the FCS data, the precise shape of the detection volume,
termed the point spread function (PSF), must be known (for
an excellent discussion of point spread functions, the reader
should view the lecture by Unruh and Colyer given at the
2006 Advanced Fluorescence Workshop and available on

the website of the Laboratory for Fluorescence Dynamics at
http://www.Ifd.uci.edu/workshop/2006). Typically, FCS
practitioners do not determine the PSF directly but, rather,
a standard of known diffusional rate, such as fluorescein or
rhodamine, is used to calibrate the system. In the literature
one often sees a “standard” diffusion rate of 300 pm’s™’
assigned to these fluorophores—yet this value appears to be
anecdotal. Recent careful determinations of diffusional rates
of various xanthene-based dyes (fluorescein, rhodamine,
Alexa) suggests that a value near 430 pm*s ' would be more
accurate (Miiller et al. 2008; Petrasek and Schwille 2008).

One technical aspect that warrants consideration from
the beginning is the use of either one- or two-photon
excitation. In principle, FCS and the other fluorescence
fluctuation techniques can be conducted using either
excitation mode, but some practical considerations influ-
ence the use of one over the other. With one-photon
excitation and confocal optics, all fluorophores exposed to
the illumination beam are excited, but only the emission
from those at the focal spot is detected. Out-of-focus
fluorescence is eliminated by spatial filtering through a
pinhole at a position which is confocal to the focal spot
within the sample. In two-photon excitation, a very high
local photon density [usually at near infra-red (IR) wave-
lengths] is achieved at the focal spot of the objective, and
fluorophores can experience two-photon absorption, essen-
tially the simultaneous absorption of two photons resulting
in excitation of the fluorophore to the first excited singlet
state, normally achieved via a one-photon process (for
discussions of multiphoton methods and of two-photon
cross-sections of various fluorophores, see Bestvater et al.
2002; Kim and Cho 2009; Pawlicki et al. 2009). As such,
there is no need for a pinhole since fluorophores outside of
the focal spot are not excited. Two-photon excitation is
increasingly popular in FFS work on cells due to (1) its
inherent optical sectioning, i.e., confocal aspect, (2) the fact
that photo-toxicity of the out-of-focus near-IR illumination
is generally much lower than that of one-photon excitation,
and (3) the ability to eliminate Rayleigh or Raman scatter
from the observed emission. Also, the illumination volume
generated by two-photon excitation can be facilely placed
almost anywhere within the cell. A typical PSF for two-
photon excitation resembles an ellipsoid, being around 0.3
pum in the XY directions and 1.5 um in the Z direction. Of
course, there is one great advantage of one-photon
excitation sources (such as laser diodes or small gas lasers)
versus two-photon sources, namely cost. Two-photon
sources have become smaller physically over the years,
but they still remain very expensive.

An FCS data stream can be treated in different ways—
but in this section we shall only consider the autocorrelation
function, G(t). The autocorrelation function is essentially
the time-dependent decay of the fluorescence intensity
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Intensity

Fig. 2 a Fluorescence correlation spectroscopy (FCS) data intensity
stream indicating the average intensity, <F(t)>, the deviation in intensity
from the average at a particular time point, 5F(t), and a time interval, t to
t+ T. b Autocorrelation curve indicating the characteristic diffusion time
of the curve and the value of the autocorrelation function extrapolated to
T=0, i.e. G(0), which is proportional to the reciprocal of the number of
particles, N. (The authors acknowledge Enrico Gratton for sketch B,
which is from his lecture in the 2007 Advanced Fluorescence Workshop
presented by the Laboratory for Fluorescence Dynamics)

fluctuations. Consider the data stream depicted in Fig. 2.
The average fluorescence intensity in the data stream is
termed <F(t)>, while the variation of any point from the
average is termed OF(t). To calculate the autocorrelation
function, G(T), one multiplies the intensity at some time, t,
with the intensity at a later time, t + T, as illustrated in
Fig. 2. The average of the product of these two intensities is
then divided by the square of the average fluorescence
intensity for each value of T.

< SF(1).0F(t+ 1) >
< F(t) >?

G(r) = (1)

Fig. 3 a Autocorrelation curves obtained for aqueous solutions of p

rhodamine 110 (Rh 110) at 22°C. The concentrations used are indicated
on the figure. Squares indicate experimental data while solid lines
represent the fit of the data to a Gaussian—Lorentzian point spread
function (PSF) with the diffusion constant of 430 um”s™'. Data were
acquired on an ISS Alba FCS spectrometer (www.ISS.com) using
800 nm excitation from a Chameleon Ti:Sapphire laser (Coherent, Santa
Clara, CA). b Plot of the reciprocal of G(0) (which is proportional to
<N>) as a function of Rh 110 concentration. Note that the calculated 1/
G(0) values vary in proportion to the fluorophore concentration, as
expected. ¢ Simulation of the autocorrelation function of molecules with
different diffusion coefficients with the G(0) normalized to 1
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As this calculation is made over many T values, one
eventually builds up an entire autocorrelation curve, as
shown in Fig. 3. It is easy to understand why an
autocorrelation curve has this general shape. Namely, when
the signals at times close to one another are multiplied, they
are likely to have nearly the same absolute magnitude, since
it is likely that the fluorescent particle has not diffused far
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between the two moments in time. Hence, the shorter the
time intervals in which the signals are compared, i.c., t to
t + 1, the more likely they are to be correlated. However,
as the interval between these two points increases, it is
less likely that the signals will correlate, which will result
in a decrease in the autocorrelation function.

Alternatively, the autocorrelation function may be
calculated using Fourier transforms. This approach has the
advantage that it is much less computationally intensive,
particularly for large data sets.

£ r@F@0)S" 6F(c+ )]
Gle) = < F(t) >2 @

where f is the Fourier transform, f' is the inverse
transform, and f* is the complex conjugate. If the excitation
volume and shape are known, one can relate G(t) to the
translational diffusion of the target molecule. For the case
of a three-dimensional (3D) Gaussian excitation volume:
Y o\ 2 T E

where v is a geometric scaling factor [y = 1/4/8 for one-
photon 3D Gaussian or y =3/(47?) for two-photon
Gaussian—Lorentzian], <N> is the average particle number,
Tp is the characteristic diffusion time of the particle, also
termed the residence time, and S = w/z is the ratio of the
axial/radial dimensions of the observation volume. Since
the characteristic diffusion time, Tp, is related to the
diffusion coefficient, D, by 7 = @?/4D, the autocorrela-
tion function thus leads directly to the diffusion rate of the
target molecule, which in turn provides information on the
size of the molecule via the Stokes—Einstein—Sutherland
equation:

D— kT )

~ 6mnr

where k is Boltzmann’s constant, T is the absolute
temperature, N is the viscosity of the solvent, and r is the
Stokes radius of the particle.

We should note another very important feature of FCS
data, namely that the method permits determination of the
absolute concentration of the target fluorophore in the
illumination/detection volume. Although this parameter
may be obvious when dealing with homogeneous solutions
of known concentration, it is extremely difficult to obtain
when working with living cells and may be an important
parameter in such studies.

For many years, diffusion rates were the main point of
the experiment. Diffusion rates, for example, provided
information on the interaction of the fluorophore with other
molecules, as in the case of the original use of the method,
ethidium bromide binding to DNA. As the method matured

and as instrumentation became commercially available, an
increasing number of in vitro studies appeared. Since this
review is primarily concerned with applications of FFS to
cells, we shall not give detailed descriptions of such in vitro
applications. However, since many in vitro FCS studies
illustrate the type of problems which can be studied with
the method and may hold interest to some readers, we
provide a brief, though obviously incomplete, list of such
studies.

(1) The association and dissociation kinetics of the
interaction of «-bungarotoxin with detergent solubi-
lized nicotinic acetylcholine receptors (AChR) of
Torpedo californica was studied by Rauer et al.
(Rauer et al. 1996).

(2) The aggregation of x-synuclein, which plays a key
role in Parkinson’s disease, was studied by Gerard et
al. (Gerard et al. 2006; Humpolickova et al. 2006) and
the binding of o-synuclein to lipid vesicles was
quantified by Rhoades et al. (Rhoades et al. 2000).

(3) Prion aggregation has been investigated by Riesner
(2001) (Elson Rigler book).

(4) Aggregation of [3-amyloid-peptide using FCS has
been reported by several groups, including Tjernberg
et al. (Tjemberg et al. 1999) and Garai et al. (Garai et
al. 2007).

(5) Hazlett et al. (Hazlett et al. 2005) reviewed the use of
FCS to quantify antigen—antibody interactions.

(6) Sanchez et al. (Sanchez et al. 2001) described the use
of two-photon FCS to follow the interaction of a
phospholipase with single-lipid and mixed-lipid giant
unilamellar vesicles.

(7) The activation of fibrinogen by thrombin and the early
stages of the aggregation of fibrin monomers into
fibrin polymers was followed by Bark et al. (Bark et
al. 1999).

(8) Orden and Jung (Orden and Jung 2008) reviewed the
application of FFS methods to study nucleic acid
hairpin conformations in aqueous solutions.

(9) Anomalous diffusion in highly concentrated random-
coiled polymer and globular protein solutions, imitat-
ing the crowded cellular environment, was studied by
Banks and Fradin (Banks and Fradin 2005).

(10) Sengupta et al. (Sengupta et al. 2003) carried out

theoretical and experimental studies on errors in
FCS measurements and, in particular, demonstrated
a method for extracting information on distribu-
tions of diffusion rates for highly heterogeneous
systems.

(11) Sanchez et al. (Sanchez et al. 2004) used FCS and
brightness analysis (vide infra) to study the dimer—
monomer dissociation of «f3 tubulin induced by
guanidinium hydrochloride.
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(12) Sanchez and Gratton wrote an excellent review
(Sanchez and Gratton 2005) of the application of
two-photon FCS to study lipid—protein interactions in
giant unilamellar vesicles.

FCS methodologies are also now being implemented
in high throughput screening—see, for example,
Komura et al. (2005) and Sugiki et al. (2009)

We also note a series of theoretical studies by Foldes-
Papp (Foldes-Papp 2006, 2007a, b), which present
thought-provoking discussions of “true” single mol-
ecule FCS approaches.

(13)

(14)

The use of the autocorrelation function for studies in
living cells, however, is more limited. The technique is
certainly useful for certain applications, such as the binding
of ligands to receptors on the cell surface. An excellent
review of this area has been written by Briddon and Hill
(Briddon and Hill 2007) who describe many such studies,
including binding to GABA(A) receptors on hippocampal
neurons (Meissner and Haberlein 2003), binding of
proinsulin C-peptide to intact and detergent solubilized
human skin fibroblasts (Henriksson et al. 2001), and
transferrin binding to human transferrin receptor (Schuler
et al. 1999), to mention but a few. As more FCS studies on
living cells began to appear, however, it became clear that
the diffusional rates of many proteins in cellular interiors
were much slower than expected. Studies in the 1980s and
1990s on the cellular interiors, using a variety of tech-
niques, had suggested that the translational diffusion of
proteins in the crowded milieu of the cytoplasmic environ-
ment was about threefold slower than that expected in
water. As more sophisticated cell imaging methods became
available, however, the existence of networks of diffusional
barriers became more evident (reviewed by Luby-Phelps
1994). It now appears that—with few exceptions—the
translational diffusions of proteins in the cell interior are
significantly slower than one expects from a simple
consideration of the molecular mass. An examination of
thousands of proteins in yeast cells has shown that the
translational diffusion rates, measured by FCS, are much
slower than the theoretical values, both in the cytoplasm
and in the nucleus (the recording of a lecture on
Proteosome-Wide Fluctuation Analysis on Saccharomyces
cerevisiae by Winfried Wiegraebe, presented at the 2008
Weber Symposium, can be viewed at http://www.lfd.uci.
edu/weber/symposium/2008/). A recent study from the
Berland lab (Wu et al. 2009b) bears on these issues.
Namely, these researchers studied the intracellular dynam-
ics of nuclear import receptors (karyopherins), both wild-
type and mutants [expressed as enhanced (E)GFP
constructs], in human embryonic kidney cells, using both
classic autocorrelation functions and brightness analysis
(described below). They observed that karyopherins had
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two- to fivefold lower diffusion coefficients in cells than
calculated based on their molecular weights and on the
diffusion coefficient of EGFP in cells. This reduction in the
diffusional rates indicated that the karyopherins are associ-
ated with huge (mega-Dalton) complexes, and not just with
their cargo. Brightness analysis showed that the karyopher-
ins were monomeric at all observed concentrations—from
100 to 1000 nM—and thus the slow diffusion was not due
to receptor aggregation. Using FCS, Paradise et al. (2007)
also noted the reduced mobility of nuclear transport
proteins, both in the cytoplasm and in the nucleus, and
also used photobleaching methods to ascertain the contri-
bution from an immobile fraction. Dross et al. (2009)
studied the diffusion of EGFP in cell interiors and also
present a useful discussion of the FCS-specific artifacts
typically encountered in live cell studies as well as
strategies for minimizing them.

Scanning FCS

A particular variant of FCS that deserves mention is
scanning FCS (sFCS). By sFCS, we do not mean simple
raster-type scanning of a laser to accumulate an image.
Rather, we refer to the method of scanning the excitation in
a particular pattern—usually circular, but sometimes a
simple line scan—while obtaining FCS data at each point
along the scan. Although the earliest implementations of the
scanning approach to FFS utilized fixed illumination and a
translating sample stage (Petersen et al. 1986; Weissman et
al. 1976), present-day scanning is almost always accom-
plished by keeping the sample stationary while scanning the
laser (see, for example, Berland et al. 1996; Ruan et al.
2004; Skinner et al. 2005). The sFCS method is particularly
useful in cases wherein it is difficult to localize the
excitation beam precisely in a target area—for example, a
membrane. By scanning across the membrane, one is sure
to have the beam traverse the target area, and if a circular
scan is utilized, the beam will cross the membrane twice
during each scan. The data stream can then be presented as
a “carpet” that renders evident which data are associated
with particular regions. An example of a circular scan and
the associated carpet is shown in Fig. 4 (obtained from
Garcia-Marcos et al. 2008). In this case, different ribosomal
stalk proteins were linked with EGFP, and the image of the
resulting yeast cell is shown in Fig. 4a along with a red
circle depicting the scan. The “carpet” corresponding to the
scan is shown in Fig. 4b with the X-coordinate displaying
the number of the scan and the Y-coordinate displaying the
time along a particular scan. For each line in the “carpet”,
PCH analysis (discussed below) was carried out to
determine how many EGFP-labeled proteins were in each
ribosome, which addressed the question of the distribution


http://www.lfd.uci.edu/weber/symposium/2008/
http://www.lfd.uci.edu/weber/symposium/2008/

Biophys Rev (2009) 1:105-118

111

Fig. 4 a Intensity image of a
yeast cell expressing enhanced
green fluorescent protein
(EGFP)-labeled ribosomal stalk
proteins. The scanning orbit is
depicted by the red circle (radius
1.52 um). The point labeled 0
corresponds to the beginning of
the scan (point 0 in the X-
position column in the “carpet™)
and the end of the scan (point 63
in the X-position column in the
“carpet”). b XY transformation
of the raw scanning FCS. The X-
position columns represent
points along one circular scan,
and the Y-position rows repre-
sent successive scans, with each
scan taking 1 ms. The color
scale indicates the relative in-
tensities of the sections, with
orange being the most intense
and blue corresponding to in-
tensities outside of the cell. Data
were acquired at 64 kHz. ¢ The
time—intensity—position data of
the “carpet” shown in b are
replotted as a surface. The in-
tensity—color scale is the same.
(From Garcia-Marcos et al.
2008)

of different stalk proteins among the ribosome population
in the living yeast cell. One should note that the diffusional
rate of the target fluorophore should be slower than the
orbital scanning rate to avoid biasing the recovered
diffusion coefficient. Recently, Ries et al. (2009) used
line-scan FCS (the data are collected along a single scan
line) to obtain the diffusion coefficients and absolute
concentrations of probes associated with biological mem-
branes, while Petrasek et al. (2008) utilized scanning FCS
to study the dynamics of the PAR-2 protein in the
cytoplasm and on the cortex of Caenorhabditis elegans
eggs before asymmetric cell division.

We note that an excellent source of information on RICS
and other advanced FCS approaches, such as scanning FCS
and N&B analysis (discussed below), can be found on the

website for the Laboratory for Fluorescence Dynamics, and in
particular on the sites presenting the lectures from the annual
advanced workshops: http://www.lfd.uci.edu/workshop/.

Fluorescence cross-correlation spectroscopy

The suggestion that the signals from two different fluo-
rophores, associated in some manner, could be followed by
cross-correlation was first made by Rigler and Eigen (Eigen
and Rigler 1994), and the first experimental realization of
this approach was made by Schwille et al. (1997b). In the
original manifestation of this method, two different laser
beams, of two different wavelengths, were used in a one-
photon mode to excite two different fluorophores. The
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development and wide-spread utilization of two-photon
lasers has greatly simplified the FCCS approach since
typical fluorophores have sufficiently broad two-photon
absorption cross sections, such that one excitation wave-
length can effectively excite two different fluorophores. An
example of this approach is given in Fig. 5. As indicated,
the sample has two different fluorophores, indicated as red
and green, whose emission can be separated by appropriate
filters. The most common applications in cells utilize
different fluorescent proteins, such as EGFP and mCherry.
Each fluorophore will give rise to its own distinct auto-
correlation curve, but it is also possible to cross-correlate
the signals. In other words, the signal at one particular time

Sample

Green Red
Filter Filter

Cross-Correlation

0.4
0.31 Red or Green
alone
_ 0.24
Ko
© !
0.1 Cross-correlation
signal
0.0 4
'm’m’mmmm
107 107 10° 107 107

Time(s)

Fig. 5 Illustration depicting a dual color cross-correlation scenario. A
sample containing both “green” and “red” proteins can be viewed
through green or red filters that pass only one color. In this case, since
the number of proteins and their diffusion rate are shown to be the
same, the autocorrelation curves for data acquired through either green
or red filters should look similar. When the green and red signals are
cross-correlated, however, only the dimers containing both green and
red proteins will contribute to the cross-correlated signal
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Fig. 6 Molecular brightness of EGFP and EGFP, as a function of
average photon count rate and protein concentration. Note that the
brightness levels are independent of concentration. Each data point
represents the brightness measured in different cells expressing either
EGFP or EGFP,. (Adapted from Chen et al. 2003)

for fluorophore 1 can be correlated with the signal at a
different time for fluorophore 2. If the two fluorophores are
in some way linked, then the resulting cross-correlated
signal will show correlation, as indicated in Fig. 5. (For
examples and reviews of this approach, see Berland 2004;
Bacia et al. 2002, 2006; Bacia and Schwille 2003; Hwang
and Wohland 2007; Rarbach et al. 2001; Ruan and Tetin
2008; Weidtkamp-Peters et al. 2009.) The great advantage
of this approach over fluorescence resonance energy
transfer (FRET) methods commonly used to determine the
proximity of fluorophores is that there is no requirement
regarding the orientation or distance between the fluoro-
phores. All that is required is that the movements of the two
fluorophores are associated.

Photon counting histogram/fluorescence-intensity
distribution analysis

Although the kinetics or temporal behavior of fluorescence
fluctuations is best described by the autocorrelation
function, the intensity of these fluctuations may also be
analyzed in terms of a distribution. Initial approaches to this
problem were presented by Palmer and Thompson (1987,
1989). Qian and Elson (1990a, b) then developed a
technique based on the analysis of first and second
moments of the photon counts. In 1999, two groups, from
the USA and Germany independently extended this
approach (Chen et al. 1999; Kask et al. 1999). The two
groups named their methods photon counting histogram
(PCH) (Chen et al.) and fluorescence-intensity distribution
analyisis (FIDA) (Kask et al.). In 2004, Miiller developed
the related fluorescence cumulant analysis (FCA) approach
(Miiller 2004). All of these methods rely on the determi-
nation of the inherent “brightness” of a fluorophore, i.e., the
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Fig. 7 Sketch illustrating the multiple-shifting operation carried out to
calculate a spatial correlation function. The time scale associated with
each aspect of an image is also shown. Typically, 50 to 100 frames are
required for a raster scanning image correlation spectroscopy (RICS)
analysis

Fig. 8 a Image of a CHO-KI
cell expressing paxillin—-EGFP. b
64 %64 subframe in the cytosolic
part of a focal adhesion struc-
ture. ¢, d Spatial autocorrelation
before (c¢) and after (d) the
subtraction of immobile struc-
tures. e Fit of the spatial corre-
lation function in d. The
diffusion coefficient in this cell
region is 0.49 pm>s . (From
Digman et al. 2005a)

actual counts per second per molecule (CPSM), which
depends, of course, on the specific illumination and
detection conditions of the particular experiment. The
utility of the brightness approach to study protein com-
plexes in living cells has been demonstrated by several
groups (Chen et al. 2003; Chen and Miiller 2007; Garcia-
Marcos et al. 2008; Wu et al. 2009a, b). An illustration of
the brightness principle is shown in Fig. 6 (taken from J.
Miiller; redrawn from Chen et al. 2003). In a recent tour de
force of the application of brightness analysis, Chen et al.
(2009) used the method to determine the stoichiometry of
HIV-1 Gag proteins in viral-like particles (VLP) in COS-1
cells—finding values ranging from 750-2500, while the
size of the VLPs remained relatively constant, as measured
by the diffusion coefficients, which fit to a hydrodynamic
diameter of 130 nm.

Raster scanning image correlation spectroscopy

Raster scanning image correlation spectroscopy (RICS) is
one form of image correlation spectroscopy (ICS). The
latter was originally developed by Nils Petersen (Petersen
1986; Petersen et al. 1986) as an image analog of traditional
FCS. In ICS, spatial autocorrelations are calculated from
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stacks of images obtained in a time-series. This method was
extended in Enrico Gratton’s lab (Digman et al. 2005a, b;
Digman and Gratton 2009) to use a laser-scanning
microscope to probe the time structure in images to
spatially correlate pixels separated by microseconds (adja-
cent pixels in a line), milliseconds (pixels in successive
lines), and seconds (pixels in different frames). Many other
variants of the ICS method have appeared including TICS,
ICCS, STICS, KICS, and PICS, and the bewildered reader
should consult the excellent review by Kolen and Wiseman
(Kolin and Wiseman 2007), which will guide him/her
through this acronym jungle. The diffusion of a particle in a
uniform medium can be described by the relation:

1 r?
C(r,t) = W exp (— 4Dt> (5)

where C(, t) represents the concentration of the particle at
position r and time t, and D is the diffusion coefficient. In a
RICS experiment, we are concerned with the spatial aspect.
In this method, the spatial autocorrelation is similar to the
time-dependent autocorrelation function carried out in
traditional FCS except that the correlation is carried out

Fig. 9 An example of number
and brightness (N&B) analysis
from Digman et al. (2008b).
Paxillin-EGFP was expressed in
CHO-K1 cells. a Image intensi-
ty map showing paxillin accu-
mulating at focal adhesions
(image size 31x31 wum). b
Brightness image showing that
larger B values are at the bor-
ders of some adhesions. ¢ All
pixels having brightness values
of 1150 counts/s/molecule
(corresponding to EGFP mono-
mers) are selected. Note that
these points accumulate in the
cytosol. d All pixels of 11,500
counts/s/molecule are selected.
Note that these pixels are at the
borders of the adhesions
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on different spatial points in the image, as illustrated in
Fig. 7. In this case, the autocorrelation is defined as:

< I(xy)Ix+&y+wy) >
< I(x,y) >?

G y) =

(6)

where & and 1 represent the spatial increments in the x and
y directions, respectively, which are correlated. Spatial
correlation functions are illustrated in Fig. 8b—e. One must
bear in mind that in a RICS experiment the scan rate must
be compatible with the diffusion being examined, or for
that matter with any process which affects this diffusion.
Details on this consideration can be found in the initial
publications by Digman et al. ( 2005a, b). An example of a
RICS analysis is shown in Fig. 8 from Digman et al.
(2008a). As shown, an important aspect of the RICS
method is that it permits the subtraction of immobile
components and hence allows one to better quantify
dynamic aspects of the system. In the paxillin study, the
authors were able to study the assembly and disassembly of
paxillin aggregates at focal adhesions in various loci in the
cell. A recent study by Gielen et al. (Gielen et al. 2009)
used the RICS approach to measure the diffusion of lipid-
like probes in artificial and natural membranes.



Biophys Rev (2009) 1:105-118

115

Number and brightness

The number and brightness (N&B) approach to image
analysis was recently introduced by Enrico Gratton’s
laboratory (Digman et al. 2008b, 2009). This technique
can be applied to images acquired using confocal micros-
copy or TIRF (Unruh and Gratton 2008) as long as the
pixel dwell time is less than the characteristic diffusion time
of the particle. The N&B approach can be considered the
imaging equivalent of the PCH method; however, N&B
does not require a non-linear fit of the data, and the average
particle number <N> and particle brightness B are extracted
directly from the image intensity data.

2 2
o < k>
; < N>=70_2 (7)

where <k> = Yk; /M is the average number of counts, k is
the number of counts for each image i, M is the total
number of images, 02 = Y(k— < k >)*/M is the vari-
ance of the number of counts. This analysis is carried out
for each pixel. However there is also a contribution to the
variance of the signal due to the shot noise of the detector;
thus, the true number of molecules, n, and brightness, ¢, are
given by:

< k>?

] _0'2—<k>
02— < k>’ N

n—=
<k>

(8)
It should be noted that the PCH method requires
acquisition of a large number of photons at each point for
reasonable precision of the oligomeric state of the target
molecule and as such does not readily lend itself to image
analysis. The N&B approach, although not as precise at
each pixel in the image as the PCH method, nonetheless
allows for a rapid estimation of aggregate size. The general
concept is illustrated in Fig. 9 (modified from Digman et al.
2008a). The N&B approach has thus far only been applied
to relatively few biological systems. One of the more recent
applications was by Sanabria et al. (2008) who used N&B
and RICS to investigate the effect of calcium on eGFP-
calmodulin and its interaction with other cellular proteins.

Closing remarks

The preceding discussion has briefly covered several of the
FFS methods currently being applied to cell biology. These
techniques are becoming ever more accessible to biologists
as commercial instrumentation becomes less expensive and
as specialized workshops and courses teaching the latest
methodologies reach increasing numbers of students. Given
these considerations, coupled with the continual appearance
of new and exciting genetic and molecular biological

manipulations, one can expect ever increasing applications
of FFS in the life sciences. We hope this review will
motivate some readers to learn more about this exciting
area and to consider using FFS to shed light on their
favorite biological mystery.
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Experiments with fluorescence recovery after photobleaching (FRAP) started 30 years ago to visualize the lateral
mobility and dynamics of fluorescent proteins in living cells. Its popularity increased when non-invasive fluorescent
tagging became possible with the green fluorescent protein (GFP). Many researchers use GFP to study the localiza-
tion of fusion proteins in fixed or living cells, but the same fluorescent proteins can also be used to study protein
mobility in living cells. Here we review the potential of FRAP to study protein dynamics and activity within a single
living cell. These measurements can be made with most standard confocal laser-scanning microscopes equipped

with photobleaching protocols.

tobleached in a small area of the cell by a high-powered focused

laser beam. Subsequent diffusion of surrounding non-bleached
fluorescent molecules into the bleached area leads to a recovery of
fluorescence, which is recorded at low laser power. FRAP experi-
ments started in the 1970s using lipophilic or hydrophilic fluo-
rophores, like fluorescein, coupled to proteins and lipids"2. The
cloning of GFP from the jellyfish Aequorea victoria introduced a
new fluorescent reporter protein to study the localization of chi-
maeric proteins in living cells. This development made it possible
to perform FRAP on living cells without disruption by microinjec-
tion. In addition, GFP-tagged molecules can be targeted to various
sites in the cell and can be observed for long periods because the
GFP molecule is very photostable. The attachment of GFP rarely
affects the function and localization of the fusion protein. These
properties of GFP thus considerably enhanced the biological appli-
cations of photobleaching studies.

In FRAP experiments, fluorescent molecules are irreversibly pho-

Quantitative photobleaching

FRAP experiments provide information about the mobility of a flu-
orescent molecule in a defined compartment. Two parameters can
be deduced from FRAP: the mobile fraction of fluorescent mole-
cules and the rate of mobility, which is related to the characteristic
diffusion time, Ty,. Figure 1 shows a typical fluorescence recovery
curve, allowing the determination of the two parameters. The
mobile fraction can be determined by comparing the fluorescence
in the bleached region after full recovery (F,,) with the fluorescence
before bleaching (F,) and just after bleaching (F,). The mobile frac-
tion R is defined as

R:(Foo_Fo)/(Fi_Fo)

The mobile fraction can change in different circumstances, for
example when the fluorescent protein interacts with other mole-
cules or membranes. The mobile fraction can also be affected by
membrane barriers and microdomains in the membrane. These
discontinuities can prevent, or temporarily restrict, the free diffu-
sion of membrane molecules.

When motion due to active transport or unidirectional flow can
be discounted, protein mobility in a cell is due to brownian motion.
The mobility is expressed as the diffusion coefficient D, which is
related to the diffusion time 7,. Most formulas describing this rela-
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tionship are based on the two-dimensional diffusion equation
described by Axelrod et al.’:

T, = Wy4D

where wis defined as the radius of the focused circular laser beam
at the ¢ intensity and yis a correction factor for the amount of
bleaching. This equation assumes unrestricted two-dimensional
diffusion in a circular bleached area, with no recovery from above
and below the focal plane. Because this is valid for diffusion in
membranes and thin films of liquid only, other formulas have
evolved as well**. It is beyond the scope of this review to discuss all
mathematical models in detail, but we shall mention some biolog-
ically important parameters determining diffusion of soluble and
membrane-bound molecules.

Unrestricted diffusion of a particle in a free-volume model is
described by the Stokes—Einstein formula®:

D = kT/6TUIR,

which correlates the hydrodynamic behaviour of a sphere with the
absolute temperature T, the viscosity of the solution 1, the
Boltzmann constant k and the hydrodynamic radius of the particle
R,. Because the local absolute temperature is hardly affected by
bleaching’, and the viscosity of water and cytosol are relatively con-
stant under experimental conditions, D is determined mainly by R,
When a molecule is assumed to be a sphere with a volume propor-
tional to its molecular mass, the diffusion coefficient is proportion-
al to the inverse of the cube root of molecular mass (D ~ M™?),
The relationship between D and the hydrodynamic radius was con-
firmed with a range of macromolecules in vitro®®. There is no clear
size limit for free diffusion in vivo because even large protein com-
plexes such as the proteasome'’ can diffuse freely through the cyto-
plasm and the nucleus. In addition to temperature, viscosity and
radius, other factors affect diffusion in living cells, including specif-
ic interactions but also hindrance by mobile and immobile obsta-
cles. Collision with other proteins and barriers such as cytoskeletal
filaments affects mobility, as shown by experiments with swollen
and shrunken cells'"'2.

FRAP has also been used extensively to study the lateral diffu-
sion of membrane-associated proteins. This diffusion is consider-
ably slower than that of soluble proteins because membranes have
a much higher viscosity. The aqueous phase of a transmembrane
molecule hardly affects diffusion because the viscosity of the mem-
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Figure 1 Fluorescence recovery after photobleaching (FRAP). When a region
in the fluorescent area (here the endoplasmic reticulum) is bleached at time t, the
fluorescence decreases from the initial fluorescence F; to F,. The fluorescence
recovers over time by diffusion until it has fully recovered (F,). The characteristic

brane is much higher. For instance, large deletions in the cytoplas-
mic domain of the epidermal growth factor (EGF) receptor do not
affect its lateral mobility". Nevertheless, similar mathematics apply
to the diffusion of membrane-associated molecules, although the
main variable is now the radius of the protein segment located in
the membrane phase. The Saffman—Delbriick equation' thus cor-
relates the diffusion mainly with the radius of the transmembrane
segment but again also with viscosity and the absolute temperature:

D = c¢T'In[(k/ha) — 0.5772]

where D is the diffusion coefficient, c and k are constants incorpo-
rating the viscosity of the aqueous phase and the membrane bilay-
er thickness, T'is the absolute temperature, 1 is the viscosity of the
membrane and a is the radius of the transmembrane segment.
When different large membrane proteins were compared, a
dependence on radius and temperature was indeed observed".

The Saffman—Delbriick equation considers a theoretical protein
with a cylindrical transmembrane segment without interactions
with the surrounding lipid bilayer. However, most membrane mol-
ecules diffuse more slowly than expected for random brownian
motion in a lipid layer. This might be due to interactions, tilted
transmembrane segments, obstacles, and temporary binding sites
in cell membranes'®. The Saffman—Delbriick equation should
therefore be considered an approximation from which the actual
radius cannot be calculated. Few transmembrane proteins have a
cylindrical transmembrane domain and most are subjected to con-
formational changes, aggregate formation and lipid interactions
that can affect the mobility of the protein-lipid complex without
changing the radius.

Applications of FRAP in living cells

FRAP can be used to address a number of questions about protein
localization, dynamics and interactions with other components in
living cells. The mobility of molecules within specific cell compart-
ments has been visualized, as has membrane continuity.
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diffusion time 1, indicates the time at which half of the fluorescence has recovered.
The mobile fraction can be calculated by comparing the fluorescence in the
bleached region after full recovery (F,) with that before bleaching (F) and just after
bleaching (F).

Experiments with GFP-tagged molecules targeted to specific
organelles and compartments such as mitochondria’ and the
nucleus' show that most proteins can move freely within these
compartments. Because their mobility is independent of ATP, dif-
fusion is the primary means of movement. FRAP showed that pro-
tein immobilization is not responsible for the retention of either
misfolded proteins in the endoplasmic reticulum (ER) membrane®
or Golgi molecules®, as these membrane molecules diffuse rapidly
as well. Proteins in the ER lumen and membrane can diffuse with a
high mobility through the ER and the perinuclear envelope, which
forms a continuous membrane system. In comparison with
organelles, some cell-surface proteins have a much lower mobility?'
and an altered mobile fraction. This is possibly due to interactions
with cytoskeleton elements or the extracellular matrix.

Whereas these studies visualize the dynamics of proteins in a cell
organelle, FRAP can also be used to follow events during cell divi-
sion and signalling. For example, the nuclear envelope fuses with
the ER during mitosis, as was observed using the GFP-tagged
nuclear membrane molecule lamin-B receptor?. Although immo-
bile in the nuclear envelope of interphase cells, the lamin-B recep-
tor diffuses freely and rapidly when redistributed to the ER.
Similarly, the disassembly and reassociation of nucleoli during
mitosis was monitored with fibrillarin—-GFP?, showing a large
mobile fraction of nucleolar components during reassembly. The
import of fluorescent molecules can be followed by the bleaching of
compartments in the cell. When the nuclear pool of proteasomes is
bleached, a slow recovery of fluorescence is observed that is due to
the unidirectional transport of cytosolic proteasomes into the
nucleus'.

FRAP can be used to measure protein interactions and confor-
mational changes as well as protein dynamics. The association of
fluorescent proteins with other molecules can be determined in
vivo by lateral mobility, as shown for GFP-tagged MHC class I mol-
ecules in the ER*. Empty MHC class I molecules are bound to the
TAP peptide transporter complex in the ER, decreasing its lateral
mobility. The diffusion coefficient increases after peptide loading,
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as the class I molecule is released from the antigen loading complex.
By measuring mobility in living cells, protein activity can be stud-
ied at the single-cell level. The activities of GTPases such as
ARF1-GFP? and K-ras* have been quantified by FRAP. Because
the GDP-bound form resides in the cytosol and the GTP-bound
form is membrane-associated, photobleaching the membrane pool
reveals the kinetics of the GTP cycle in vivo. Finally, conformation-
al changes associated with activity can be visualized by FRAP, as
shown for GFP-TAP?. The lateral mobility of the peptide pump
decreases during peptide translocation and increases when inactive.
The diffusion rate can be used to show the relative quantities of
cytosolic peptides present in living cells. These powerful observa-
tions demonstrate the value of FRAP in single-cell biology.

Considerations

Although diffusion coefficients can be deduced from FRAP experi-
ments, one should be careful to compare diffusion coefficients and
mobile fractions between different cell lines or compartments.
Diffusion coefficients of the same molecule in different membranes
vary not only because of specific interactions but also as a result of
membrane topology and viscosity. For example, the ER forms a
complex three-dimensional structure that differs from the plasma
membrane in both architecture and membrane viscosity. Similarly,
membrane factors such as cholesterol, phospholipids and proteins
as well as cytoplasmic viscosity can result in cell-type-specific dif-
fusion coefficients for the same molecule of interest.

Temperature affects the mobility of both soluble and mem-
brane-associated molecules. Because viscosity is highly dependent
on temperature, the effect of temperature on diffusion can be strik-
ing. FRAP experiments performed at 37 °C with soluble GFP tar-
geted to the ER result in a 1.4-fold faster recovery rate than at
23 °C, owing to differences in viscosity?. The diffusion coefficient
of TAP complexes in the ER doubles when the temperature is raised
from 25 to 37 °C (E.A.J.R. and J.].N., unpublished results). The dif-
fusion of phospholipid probes in liposomes was also strongly
dependent on temperature over the range 15-37 °C. The tempera-
ture effect was biphasic owing to a sharp phase transition in the
membrane lipid, affecting lateral diffusion when solid-phase lipid
regions turned into fluid-phase lipid regions®. This implies that
FRAP experiments should be performed in a carefully controlled
temperature stage, ideally at a physiological temperature.

Future roads and perspectives

FRAP is a powerful and continuously improving tool, available on
most commercial confocal laser-scanning microscope systems, that
can be used to address a number of questions regarding protein
localization, activity, interactions and dynamics within a living cell.
FRAP has been used to measure the continuity of membrane com-
partments and the behaviour of proteins during mitosis. However,
the diffusion rate can also be interpreted in biochemical terms,
being a readout for protein interactions and activity. FRAP will
become a rapid and non-invasive technique to study biochemical
processes not with isolated proteins but in the most complicated
but relevant biological system: the living cell. [
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Probing Structure and Dynamics of the Cell
Membrane with Single Fluorescent Proteins

Anna Pezzarossa, Susanne Fenz, and Thomas Schmidt

Abstract In recent years, our picture of the cell membrane has changed from a
homogenous, fluid matrix to a highly dynamic and compartmentalized structure.
This structuring influences the dynamical behavior of proteins embedded in the cell
membrane. Since cell signaling is largely mediated through membrane-bound
multi-protein complexes, there might be a direct link between membrane structure
and signaling. In this chapter, we first review recent single molecule studies proving
the existence of microdomains in the membrane of different cultured cell types and
in a living organism by fluorescently labeling individual Ras proteins and studying
their mobility. In the second part, we report on a study of the mobility of G protein-
coupled receptors and G proteins in the model system Dictyostelium discoideum.
The insights allowed building up a mechanistic model of the early steps of chemo-
taxis exemplifying the implication of membrane domains in cell signaling.

Keywords Chemotaxis - Diffusion - G protein-coupled receptor - Membrane
domains - Ras protein - Single-molecule microscopy
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1 Introduction

1.1 Membrane

Biological membranes form the outer layer of cells. They consist of an asymmetric lipid
bilayer with phospholipids, cholesterol, and proteins as the main components. Glycosi-
lated lipids and proteins built up a dense mesh protecting the cell against mechanical and
chemical damage from outside. From the inside, the membrane is stabilized by the actin-
rich cell cortex. The plasma membrane separates the contents (organelles, cytosol,
cytoskeleton) and processes (e.g., protein synthesis, transport, and recycling) in
the cell interior from the surrounding environment. At the same time, it plays a role in
cell—cell communication, cell—cell recognition, and transport processes. The membrane
represents the major regulatory platform for the initiation of early signaling events.

The role of lipids in membrane assembly and dynamics was the base for the
Singer—Nicolson fluid mosaic model in the 1970s [1]. In this model, the bilayer is
represented as a passive, neutral two-dimensional solvent in which active mem-
brane proteins are homogeneously distributed and free to move. Some striking
observations in epithelial cells proved this picture to be incorrect. Lipids were
found to form functional microdomains insoluble in some detergents [2, 3]. Basic
research on multicomponent lipid bilayers and vesicles containing two kinds of
lipids with different phase transition temperatures and cholesterol revealed that
even lipid mixtures exhibited complex phase separation behavior [4-7]. Based on
these results, it was predicted that the spatial and temporal structure of the mem-
brane might play an important regulatory role also in living cells. Although the
observations on cells and biomimetic systems are still to be integrated into a global
picture, it is accepted that lateral inhomogeneities are necessary for the function of
biological membranes [8]. At present, the consensus is to describe the plasma
membrane as a highly complex, organized structure at length scale in the order of
tens of nanometers with a broad range of dynamic processes [8§—10].

Genetic engineering of proteins made it possible to label membrane proteins
with fluorescent proteins in living cells. In combination with single molecule
fluorescence microscopy, it represents a powerful tool to study structure and
dynamics of the cell membrane under physiological conditions.
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1.2 Diffusion

The term diffusion refers to the Brownian motion of particles in a fluid medium,
driven by thermal energy. We can picture the cell membrane as bilayer of lipids
enriched in protein either embedded (integral proteins) or surface-adsorbed (periph-
eral proteins). Both proteins and lipids diffuse along the plane of the membrane
(translational diffusion). A complete description of the motion in a membrane
should also consider rotational diffusion, which accounts for the orientation of
the molecules. In what follows, we will concentrate on translational diffusion only.

The lateral diffusion of a particle in a medium, characterized by a diffusion
constant D, is described by Fick’s second law:

d
5p(fa [) :D'vzp(f7t)7 (1)
where V2p(X, t)d¥ describes the probability of finding a particle, which started at X,
at time 7 = 0, within the volume [¥, X + dx] at time ¢. Solving in X yields:
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where d is the number of dimensions and X the starting position.

For analysis of actual data, it is advantageous to analyze cumulative distribution
functions. Integration of p(¥, ) in (2) gives the cumulative probability distribution
function Pcum(xz, 1), for particles that move up to the squared distance x% in time
t[11, 12]. Pcum(xz, t) reads for one, two, and three dimensions:

P12 1) = erf< i) , (3)
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Those cumulative distribution functions are characterized by the typical area the
molecule will cover during its diffusional path, the mean squared displacement
(MSD):

MSD (1) = {x*(1)) J (¥ — Xo)’p (%, 1)d¥ = 2dDt. (6)
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The MSD increases linearly with time between observation for regular diffusion,
the Brownian walk.

A biomolecule diffusing in a two-dimensional membrane will experience multi-
ple forces and boundaries affecting its motion, causing a deviation from a free
diffusion Brownian trajectory. Physical barriers such as other immobile membrane
proteins or cytoskeletal fences can transiently or permanently restrict the lateral
diffusion of proteins in the plasma membrane. In this scenario, the diffusional
behavior of a molecule becomes more complex and it cannot be described by (6).
It has been observed that deviations from the linear regime occur often in cell
membranes. This motion is modeled according to anomalous or sub-diffusion:

MSD () =Tt e >0, 7

in which ¢ is the anomalous diffusion exponent [13]. In this model, the diffusion
coefficient I' appears to decrease with time. In case the molecules are restricted to
diffuse within a square area with reflecting boundaries of side-length L, we speak of
confined diffusion [14], described by:

2 _
MSD (¢) = % {1 — exp (%)} . ()

In this scenario, we would observe free diffusion behavior on short time scales,
when the particle cannot yet “feel” the barrier, but on longer time scales the mean
square displacement levels off to an asymptotic value as illustrated in Fig. 1.

Fig. 1 Comparison between free (blue curve) and confined (red curve) diffusion. Graphs are
created assuming identical diffusion coefficients
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Many models have been proposed, which take into account all the possible
situation a molecule can experience. It is worth to mention the hop diffusion
model in which the molecules are temporarily trapped by a permeable barrier that
restricts the available diffusion space to a few nanometers. There is a non-zero
probability of barrier crossing and hopping to the adjacent domain [15]. This latter
model, however, is not easily accessible experimentally, due to the time resolution
limitation of current microscopy setups.

2 Single-Molecule Fluorescence Microscopy

Since its development, single-molecule fluorescence microscopy has been recog-
nized as an ideal tool to observe dynamics in cells. Conventional microscopy is
suitable to observe large objects, but to observe small biomolecules such as
proteins, its resolution is not sufficient. At the beginning of the 1990s it became
possible to detect single fluorophores and subsequently, thanks also to genetical
engineering, to track objects in a living cells labeled with a fluorescent probe
[16, 17, 93].

To understand how it is possible to visualize subwavelength structures, the main
concepts of fluorophore localization will be given in what follows. The image of a
fluorescent emitter is described by its diffraction pattern, known as the point spread
function (PSF) given by an Airy disk of width w = 0.61 A/NA, where 4 is the
imaging wavelength and NA the numerical aperture. In this scenario, the resolution
limit is given by the Abbe limit or Rayleigh criterion, according to which two
objects closer than the width of the Airy disk cannot be resolved. Using high NA oil
objectives (NA = 1.4-1.5), in the visible region of light, this distance is typically
200 nm. Two emitters separated less than this distance would therefore be undis-
tinguishable. An isolated fluorophore, on the other hand, can be localized with high
precision. Its position is determined from the maximum of the PSF. Typically, this
precision is in the order of tens of nanometers, depending on the signal-to-noise
ratio. There are two ways to isolate the objects of interest: spatially [17] or
spectrally [18]. Spatial isolation is achieved by dilution until there is only one
fluorophore left within the Airy disk. The other option is to label the objects with
spectrally well-separated fluorophores. In the latter case, multicolor imaging allows
to distinguish between two objects closer than the width of their Airy disk.

The image of an arbitrary object is described as the sum of point light sources,
localized at s;. For practical purposes, the PSF is approximated by a Gaussian,
yielding the image I(5):

; 1 5 5)°
I5) = zwﬁp<—%> ©
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where N; is the number of emitted photons and w the width of the Gaussian. The
Gaussian PSF predicts that the localization accuracy o; for an individual emitter is
given by:

o = w/\/lv, (10)

Taking into consideration background noise b and pixelation (with pixel size a),

o; is given by [19]:
_ w,-z_’_412/12_1_87ij‘b2 m
VN TN T ey )

A more rigorous expression for ¢; that also takes into account the real PSF of a
microscope and other noise sources has been derived by Ober et al. [20].

Prior to further data analysis, accurate image processing is needed to obtain the
position of each single-molecule peak. The first step is to remove any static or
slowly varying background. A reliable background image can be obtained by
applying several different algorithms: high-order polynomial fitting, low-spatial-
frequency filtering, mean-image calculation. The background-subtracted images
are subsequently filtered by cross-correlation with the PSF of the microscope,
approximated by a Gaussian. To reliably detect signals above the background, a
threshold is set and only signals that are above the noise by a factor 7, determined
according to the experimental conditions, are further processed. Finally, each
single-molecule peak is fitted to the PSF, and information about position, signal
intensity, spatial width of the signal, and background signal are retrieved. In the
following sections, we illustrate two widely used methods to obtain information on
single-molecule dynamics from such position data.

2.1 Tracking

The single-molecule positions obtained from PSF fitting are the starting point for
single-particle tracking. To generate trajectories, we need to correlate M mobile
particles in an image to N mobile molecules in the subsequent image. A probabilis-
tic algorithm is used to connect the positions of molecules in two frames, i and j, of
amovie. The probability that a single particle k in image /; with diffusion coefficient
D is identical with particle / in image I; is given by:

o N
pk,1) = exp (— 7(“"";"; AS;J) > (12)

At is the time lag between the recording of the two images /; and /;.
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A transitional matrix is built up out of (12) which includes the probabilities of all
possible connections between all M molecules in /; and N molecules in /;. Trajec-
tories are constructed by optimizing for the combination of all connections with the
highest total probability, i.e., where }, ;log (p(k,[)) is maximized. The algorithm
implemented in our laboratory further includes corrections to deal with photo-
bleaching and molecules that move into the field of view from outside. Starting
from the trajectories, we construct the experimental cumulative probability to find
the MSD.

Generating trajectories for all particles constitutes a NP-complete, or “traveling
salesman” problem. Exact solutions can be calculated only for problems with a
limited amount of particles (<20). However, there are approximative solutions that
are close to the optimal. To calculate the approximate solution, we use Vogel’s
algorithm from operations research. The order in which the connectivity between
subsequent images is drawn is determined by the maximal probability difference in
connectivity for each molecule k in image i, {p(k, /)};. This simple sort-draw
algorithm significantly reduces the computational costs of the analysis.

Single-particle tracking allows to directly visualize the diffusion behavior of
single molecules drawn from a potentially inhomogeneous ensemble such as
proteins diffusing in an inhomogeneous cell membrane. However, it suffers from
fluorophore photobleaching that results in short trajectories [21]. This limitation
can be overcome using quantum dots or gold nanoparticles, which permit longer
observation times. Another drawback of this technique is that some prior knowl-
edge on the dynamic of the system, i.e., its diffusion constant D, is needed to cope
with the probabilistic nature of the tracking problem described in (12) [16]. This is
particularly significant at high concentration of molecules when trajectories can be
accidentally mixed.

2.2 Particle Image Correlation Spectroscopy

An alternative method to determine the P, without prior trajectory analysis was
recently developed in our laboratory. This method does not require to assign
individual traces and is consequently able to deal with high numbers of molecule
as long as the Rayleigh criterium is fulfilled and individual molecules can be
identified [22]. This algorithm is based on a correlation function, similarly as in
spatiotemporal image correlation spectroscopy (STICS) [23].

In an isotropic medium, the cumulative correlation function of pairwise dis-
tances, C.um, depends on two parameters: distance x and a time lag Ar. Thus,
considering M molecules in image /; and N molecules in image /;, C.ym is given by:

M 2
Cean(e?, A1) = 2 Pk ) (13
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Fig. 2 PICS algorithm. For
each molecule in image

I; (white circles), the number
of molecules in image /;
(black circles) closer than X2
is counted, 5 in this example.
The peak on the left which
lies within the overlap of two
circles will be counted twice.
Hence, the contribution due to
diffusion is 4, whereas 1
count is due to random spatial
proximity of the molecules

where 3 ; is the position of molecule k in image /; and n(5};,x*) the number of
particles in image /; that lie in a circle of radius x around §t;. The algorithm is
illustrated in Fig. 2.

For each molecule in image /;, the number of molecules in image /; closer than x?
is counted. Subsequently, the contributions from all molecules in /; are summed and
averaged over all image pairs. C¢,y, contains both temporal (e.g., diffusion) and
spatial correlations (e.g., random proximity of the molecules).

The first contribution contains the information on the diffusion dynamics of the
molecule and is equal to P, to find a diffusion step with size smaller than +% in the
time lag At. In a two-dimensional case, for Brownian diffusion, with diffusion
coefficient D, P, (xz,Al) is given by (4). For the second contribution, a correction
term that accounts for random proximity needs to be calculated to correct for
spatial correlation. Assuming that the particles are distributed uniformly and
independently with a density ¢, the probability to find N molecules in a circle
with radius x is given by a Poisson distribution with mean and variance equal to
cmx’, Combining the two contribution, P, is calculated from the experimental
Ccum distribution:

Pcum(xz, Ar) = Ccum(xz, Ar)—c- 2. (14)

2.3 Fitting the Probability Distribution Function

In both the methods outlined above, the dynamic information is contained in the
cumulative probability distribution function. In the scenario of a single diffusing
species, P.um, 1s given by (4). However, this model is often not adequate to describe
the dynamics of biomolecules in living cells. In many biologically relevant pro-
cesses, it is often necessary to include more than one diffusing population. In case
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of two mobile components, characterized by diffusion coefficients D; and D,
respectively, P, assumes a double exponential form

Peun(:2,Af) = 1 — > +(1—a)exp( - a (15)
cm ¥ B0 = 2T | 2P 74D Ar X\ T ap,Ar) |

where o denotes the population size. In single-molecule experiments, the probabil-
ity distributions are constructed either from the trajectories or by particle image
correlation spectroscopy (PICS) as described above. This model has been applied
successfully to describe protein dynamics in living cells [24].

2.4 Fluorescent Proteins for Life Cell Imaging

Single-molecule fluorescence microscopy is a powerful tool to address many
biologically challenging questions both in vivo and in vitro. For its application
though, the object under investigation (protein, DNA) must be specifically labeled
by an appropriate fluorescent probe. Several fluorophore classes have emerged
recently to label protein and intracellular structures, including (but not limited to)
genetically encoded fluorescent proteins (FP), quantum dots (QD), and synthetic
dyes.

An optimal probe for single-molecule tracking should meet several require-
ments: it should be expressed without toxicity in the system under investigation,
it should be brighter than the cell’s autofluorescence or have a different wavelength
to be unequivocally detected, and should have sufficient photostability to be imaged
for long time. The method that offers the least interference with a cell biological
functions and allows the observation of dynamics in living cells is still fusion with a
FP. In order to choose the best FP for a designed experiment, several photophysical
parameters have to be taken into account: the saturation intensity (/;), photobleach-
ing time (tp)), and maximal photon emission rate (k).

These parameters will be briefly described in this section and experimental
results for the most common FP [eYFP (yellow), eGFP (green), eCFP (cyan), and
DsRed (red)] will be given (see Table 1).

Following a standard two-level energy level diagram of a fluorophore, the
dependence of 1y, on the excitation intensity / is given by y = 1oy (1 + Is/I),

Table 1 Photophysical properties of autofluorescent proteins, measured in a page gel compared to
flavin-di-nucleotide, which was measured at high concentrations (>100 nM) [25]

Fluorophore  Jee (nm) [, (kW/em®) k> (photons/ms) 757 (ms) P (x1075)
eCFP 458 48 + 12 6,000 + 3000 <1 >19

eGFP 488 13+6 2,900 =+ 200 28402 6.9 £+ 0.5
eYFP 514 6+ 1 3,100 £ 100 35+05 55+0.5
DsRed 532 50 + 10 18,000 =+ 2,000 0.4 £ 0.1 15+ 3

flavin 514 35+ 10 500 £ 100




194 A. Pezzarossa et al.

where 7,y is the photobleaching time limit. The detected signal (S4e) One can expect
for a given experimental arrangement depends on the detector efficiency (7ge), on
the integration time (), the excitation intensity and wavelength, the chemical
environment, and last on the photobleaching yield. Taking these parameters into
account, we obtain the following expression for Sge:

. —t
Sget = ndetkoofbl [1 T exp <m):| . o
bl $

When photobleaching is negligible (t, » f), the equation converts into the
simpler form:

Saet =T 777 a7

Typical values for individual FPs when excited for 5 ms at an intensity of 1 kW/cm?
are 100-200 counts detected on a back-illuminated CCD camera.

In a living cell, the main source of autofluorescence is given by flavinoids, which
is located in the yellow-green spectral region. A spectral comparison between
flavinoids and FPs shows an almost complete overlap of the flavine emission with
eCFP, eGFP, and eYFP, where the excitation overlap with eCFP and eGFP is high,
that with eYFP is low (see Fig. 3).

Taking into account the high concentration of flavinoids in a cell (10’ molecules/
cell), even excitation in the tail of their spectrum will cause a large autofluorescence
background; therefore, FP with a red-shifted spectra are to be preferred.

From the above considerations, it appears that the suitability for single molecule
microscopy is given by: eYFP > eGFP » eCFP (see Table 1). DsRed is not con-
sidered here due to its photobleaching rate, which is tenfold higher than the other
FPs, which overwhelms the advantages given by the spectral separation from
flavins. Many new variants of GFP have been created using genetic engineering,
which cover almost the whole light spectrum [26, 27]. Most of those, however, are
dimeric or even tetrameric, which is potentially toxic. Functional monomers can be
engineered, but this results in a loss of brightness or photostability. Dimmer
proteins require either higher laser power or longer exposure time to be imaged,
which is limiting for fast in vivo experiments. For single molecule experiments
though eYFP is still the preferred choice [26].

To overcome the limitations of autofluorescent protein, several alternative
labeling techniques have been proposed [28]. Most of these rely on the possibility
of specifically coupling a synthetic fluorophore to the biomolecule of interest
through a chemical reaction. One widely used strategy is to create genetically
modified proteins carrying a target domain (peptide tag) which is selectively
posttranslationally labeled with a small complementary functionalized fluorophore.
An important class of these peptide tags is represented by peptidyl carrier protein (PCP)
and acyl carrier protein (ACP) domains [29, 30]. Those domains are modified by
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Fig. 3 Spectral comparison of flavin-di-nucleotide to fluorescent proteins. Top: Normalized
absorption spectra. Bottom: Normalized emission spectra [25]

phosphopantetheinyl transferases (PPTases) of bacterial origin, such as the 4'-
phosphopantetheinyl transferase (SFP) and the ACP synthase. The labeling reaction
requires a fluorophore functionalized with a phosphopantetheinyl (Ppant) prosthetic
group, derived from coenzyme A. In the reaction, the prosthetic group is covalently
attached to a specific residue in the peptide tag by the enzyme (see Fig. 4).

Another commonly used peptide tag, Hal.o, is based on an bacterial enzyme
haloalkane dehalogenas. The enzymatic reaction relies on the formation of an
ester bond between the fusion protein and a Halo linker bound to a fluorescent
reporter [31].

A different approach is based on the ability of particular sequences, rich in
histidine residues, to bind transition metal complexes. One of those, the hexahisti-
dine tag (His6), has been largely studied; however, this technique suffers from high
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Fig. 4 ACP labeling reaction

dissociation constant (>300 nM), which makes it difficult to use for fluorescence
experiments [32].

New opportunities arise from with the introduction of unnatural amino acid in
the protein of interest, which allows direct or indirect introduction of fluorophores
[33, 34]. The advantage of these techniques is that they allow for a wider choice of
fluorophores, making it possible to reach a better spectral separation from cellular
autofluorescence. Moreover, they are usually more photostable than FPs. On the
other hand, most of these techniques suffer from nonspecific labeling and blinking
(as in the case of QDots or nanocrystals), thus limiting their applicability. More-
over, they require specifically functionalized fluorophores, whose synthesis is quite
laborious and which are potentially toxic for cells.

3 H-Ras Mobility in Membranes: From Cultured
Cells to the Living Vertebrate

3.1 The Ras Family

Ras GTPases are small (~20 kDa), lipid-anchored membrane proteins involved in
signal transduction. They play a major role in regulating cell growth, proliferation,
and differentiation. Mutations in the Ras proteins are related to oncogenesis and
cancer. Three different isoforms are expressed in all mammalian cells: H-Ras,
K-Ras, and N-Ras. They are localized mainly in the inner leaflet of the plasma
membrane, but they are found as well in the endoplasmic reticulum and in the Golgi
apparatus [35-38]. Ras proteins effectively work as molecular switches, cycling
between two possible states: a GTP-bound “on” state and a GDP bound “off” state
which promotes association and activation of effector proteins. For signaling, they
all interact with the same set of effectors, yet generating different output.

Ras proteins share 90% sequence homology, characterized by a highly con-
served region in the N-terminus and showing a significant divergence in the
C-terminus, which is referred to as hypervariable region, encoding for the mem-
brane-anchoring domain [39]. Based on these structural observations, it was pro-
posed that functional differences may result, at least partially, from a differential
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membrane compartmentalization of the isoforms. Several biochemical evidences
were obtained which support this model: first, cholesterol depletion in the plasma
membrane hyperactivates downstream Ras signaling in an isoform-specific manner,
inhibiting H-Ras but not K-Ras [40]. Second, cell fractioning experiments showed
that the isoforms target different membrane domains [41, 42]. Biochemical and
electron microscopy (EM) studies suggested that H-Ras, but not K-Ras, was asso-
ciated with cholesterol and phospholipids-enriched domains, forming nanoclusters
of proteins with diameter in the range of 611 nm [41, 43, 44]. Another hypothesis
was that membrane anchor domain orientation plays a role in isoform diversity. But
the orientation alone cannot explain the functional differences observed [45].

It had also been shown that H-Ras partitioning is regulated by its GTP-bound
state, suggesting a complex model in which H-Ras segregation is activation depen-
dent. However, biochemical studies were not able to provide an insight on domain
distribution and dynamics, and EM studies are limited to thin sample sheets and
cannot be performed on living cells. Ideally, direct visualization of those objects
in vivo is needed to fully understand inner leaflet plasma membrane organization.

3.2 Mobility Studies of Membrane-Anchored Proteins
Reveal Membrane Domains in Cultured Cells

The plasma membrane of mammalian cells is heterogenous in structure and con-
tains different types of domains, varying in size from a few to several hundreds of
nanometers. Most of these domains have been extensively studied in the exoplas-
matic membrane of cells, because of its easier accessibility (for reviews, see
[46, 47]). Only more recent work has been done on the cytoplasmic leaflet. The
proteins of the Ras family and their membrane anchor motif (CAAX) are ideal to
study the partitioning and dynamics property of the inner leaflet.

To investigate the presence of membrane domains in vivo, and to obtain dynamic
information, single-molecule fluorescence microscopy was used in our group to
track the membrane targeting domain of two Ras isoforms (H-Ras and K-Ras) fused
with eYFP. These results were compared to those obtained for the membrane
anchor of a member of the family of Src-kinase, Lck [24, 48].

The H-Ras targeting sequence consists of ten amino acids and contains three
cysteines to which one S-prenyl and two S-acyl groups are attached posttranslationally
[35, 38]. Biochemical studies showed its presence in the detergent-resistant membrane
(DRM) fraction. Instead, the K-Ras membrane anchor, consisting of a farnesyl moiety
in conjunction with a polybasic domain, does not co-precipitate with DRM [43]. On
the other hand, Lck is anchored via two cysteine-linked S-acyl groups and one glycine-
linked myristoyl group at the N-terminus of the protein, which confers a high affinity
for cholesterol-rich membrane, analogous to H-Ras. The idea was to compare the
mobility of these different anchors and retrieve from it information on inner leaflet
membrane structure and the possible implication of domains in Ras signaling.
Surprisingly, all those proteins showed similarity in their diffusional behavior.
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The eYFP fusion constructs were tracked as described in the previous section,
and from the traces analysis information on their dynamics in the membrane and
confinement in domains was obtained.

All the anchors exhibited a biphasic behavior, represented by two distinct
fractions, a fast moving one which included the majority of molecules [between
60% (H-Ras) and 84% (K-Ras)], and a slow diffusing one. Mean square displace-
ment vs. time curves showed a linear increase with time, indicating free diffusion of
the fast fraction for all the different anchors with slightly different diffusion
coefficients: Dyr,s = 1.13 umz/s, Dkras = 1.00 umz/s, and Dy = 1.30 umz/s.
The remaining fraction of molecules showed instead in all different experiments
confined behavior to domains of ~200 nm in diameter with an initial diffusion
coefficient of Dy ~ 0.2 umz/s.

These results proved that if nanoclusters are present, anchors with high affinity
(H-Ras and Lck) were not significantly slowed down when compared to K-Ras.
These results did not exclude the presence of cholesterol-dependent Ras nanoclus-
ters in the inner leaflets. Due to their supposedly very small size (<70 nm), it was
not possible to visualize them. However, if they are present, their effects would be
negligible in terms of protein mobility. Other studies using fluorescence recovery
after photobleaching (FRAP) [41] and electron microscopy (EM) [44] confirmed a
two state model in which 30% of H-Ras is present in 20 nm cholesterol-dependent
domains. Although these domains are much smaller than what can be detected with
SPT, the two observations are closely related. One possible explanation could be
that these 20 nm domains are temporally trapped to the actin cytoskeleton and to
scaffolding proteins, leading to observed 200 nm domains. To conclude, trapping in
200 nm domains was observable with SPT, but no isoform-specific effect on
mobility was observable on the 10-60 ms time scale of the measurement.

A further study was conducted on full-length H-Ras protein to explore the
relationship between Ras mobility and activation. Evidences on activation-depen-
dent mobility were suggested by the results obtained by FRAP experiments [41].
A constitutive active mutant GFP-H-Ras(V12) showed an increase in its lateral
mobility with the expression level in a saturable manner, suggesting association
with saturable domains. To further investigate this relationship, we performed
single-molecule tracking experiments on H-Ras and on two mutants, one constitu-
tive active, eYFP-H-Ras(V12), and one inactive, eYFP-H-Ras(N17) in vivo [49].
We observed two mobile fractions for both mutants, a fast one showing free
diffusion and a slow population that showed free diffusion for the inactive mutant
and confinement to ~200 nm domains for the active one. Similarly, the eYFP-H-Ras
(wt) slow fraction showed a mobility change upon insulin stimulation. Before
activation, the H-Ras (wt) slow fraction appeared to diffuse freely, but after
5 min of insulin treatment a confinement of ~200 nm was observed (see Fig. 5).

Most likely the actin cytoskeleton plays a role in H-Ras trapping, as it is known
that insulin induces rearrangements of the cytoskeleton [50-53]. The SPT results
largely agreed with results from single molecule fluorescence resonance energy
transfer (FRET) [54], which showed the involvement of actin in immobilization of
active H-Ras.
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Fig. 5 Diffusion characteristics of eYFP-H-Ras(wt) before stimulation (/eff) and 5 min after
stimulation with insulin (right). Top: Mean square displacement of the fast-diffusing fraction,
MSD vs. timelag. Bottom: Mean square displacement of the slow diffusing fraction, MSD vs.
timelag [49]

Those results proved a major role for the plasma membrane as a platform for Ras
signaling. A mechanistic model for Ras microlocalization and activation had been
suggested by Rotblat et al. [55], in which the interactions that regulate H-Ras
membrane affinity also regulates its segregation in nanodomains. Recently, an
increasing amount of evidence has proved a role for the growth factor receptor
Gal-1 in H-Ras nanocluster formation [56]. These latter studies confirm the impor-
tance of microlocalization in signal transduction and identify new fundamental
players that drive cluster formation.

3.3 H-Ras Studies in Zebrafish Embryos Prove
Membrane Structuring in Living Organisms

A significant amount of experimental work has been done on cultured cells to study
membrane structuring and its effects on cellular processes. Only recently, this
approach has been extended to the living vertebrate organism, zebrafish [57-60].
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Zebrafish was chosen because their embryos are small, transparent, and easy to
manipulate, making it the ideal model system to study [61-63]. In our group, the
membrane anchor of H-Ras was genetically fused to a YFP, YFP-C10H-Ras, and
was used to demonstrate the possibility of measuring protein mobility in living
organism [64].

In this study, results from in vitro measurements, performed on a cultured
zebrafish cell line (ZF4), were compared to those obtained ex vivo on primary

Table 2 Comparison of the obtained diffusion characteristic for the different experimental
conditions. o fast fraction size, Dy, Dgow diffusion coefficient fast and slow fraction, respec-
tively, L, and L, domain size fast and slow fraction, respectively

o (%) Do (m’/s) Ly (um) Dgiow (um?/s) L, (pm)
In vitro 70 0.67 0.79 0.06 0.16
Ex vivo 67 0.72 0.55 0.05 0.21
In vivo 75 0.51 Free 0.04 0.12

Fig. 6 Single molecule microscopy in vivo. The zebrafish embryo is placed on a coverslip and the
tail region is covered with a sheet of agarose 0.75 mm thick. The sample was mounted on a
microscopy setup suitable for wide field and TIRF microscopy. Left: Wide field picture, displaying
membrane localization of the fluorescent signal. Right: TIRF image of the same region. Arrows
indicate three examples of the YFP-H-Ras fluorescent peaks which can be attributed to single YFP
molecules
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embryonic stem cells and in vivo in 2 days old zebrafish embryo. In all the
experiments, two populations in protein mobility were observed. Both in vitro
and ex vivo the fast population appeared confined, but remarkably, in vivo data
could be fitted according to a free diffusion model. The slow fraction instead
showed a more stable behavior through all the different experiments, being always
confined in small domains with comparable diffusion coefficients (see Table 2).

In vitro and ex vivo experiments were performed using epifluorescence micros-
copy, while in vivo experiments needed a different experimental setup because of
the high level of out-of-focus fluorescence. A total internal reflection fluorescence
(TIRF) microscopy approach was used, in which an evanescent light field excites
the molecules within 100 nm from the coverglass (see Fig. 6).

Using this approach, it was possible, for the first time, to record individual
molecules in a living organism. To summarize, the existence of two kinds of
domains was observed, a smaller one with a diameter between 120 and 210 nm,
present in all the experiments, and a bigger one, 550—790 nm found only in in vitro
and ex vivo experiments [64].

This study showed that the two populations model of protein diffusion and their
confinement in domains applies to living organisms as well as to cultured cells, and
could play a physiological role in cell signaling. However, it also showed that large
differences exist between cultured cells and living organism. Thus, to make physio-
logically relevant considerations on a system, studies in living organism are required.

4 Receptor and G Protein Mobility in Dictyostelium discoideum

The soil-living amoeba Dictyostelium discoideum is a widespread model organism
for chemotaxis. Its completely sequenced 34 Mb-genome [65] contains many genes
that are homologous to those in higher vertebrate species, thus representing an ideal
model organism. Gene engineering and GFP technology provide a versatile toolbox
to study vital processes such as cell motility, chemotaxis, or signal transduction in
D. discoideum. This section highlights recent studies that yielded insight into the
role of G protein-coupled receptor (GPCR) and G protein mobility in chemotaxis by
combining fluorescent protein technology and high resolution microscopy.

4.1 Chemotaxis in D. discoideum

Nature developed fascinating strategies to ensure survival of a species. One exam-
ple is the amoeba D. discoideum. Under optimal conditions, D. discoideum lives as
an individual cell, but it has the ability to aggregate into a multicellular structure
containing ~10° amoeba when the environmental conditions deteriorate. The result-
ing aggregate undergoes cell differentiation and morphogenesis leading to a so-
called pseudoplasmodium or slug that has the ability to sense temperature and light.



202 A. Pezzarossa et al.

These capabilities allow the pseudoplasmodium to find its way to the soil surface
where it undergoes a final transformation into a fruiting body emitting robust
spores. Taken away by the wind or animals, these spores bear the potential to
germinate into a new protozoa under propitious environmental conditions. For an
illustration of the complete cycle, see Fig. 7.

Chemotaxis, the directed cell movement in a chemical gradient, is at the basis of
this complex process. An amoeba that experiences unfavorable conditions, e.g.,
starvation, secretes the chemoattractant cAMP. Neighboring amoeba detect cAMP,
change their shape building up a leading and a trailing edge, migrate with the help
of pseudopodia toward the source, and in turn also secret cCAMP. Thereby, stream-
lines of amoeba are built up as a first level of organization.

On a molecular level, chemotaxis is triggered by the interaction of the chemoat-
tractant with a GPCR embedded in the membrane of the chemotaxing cell. A crucial
GPCR in D. discoideum chemotaxis is the cAMP receptorl (cAR1). It is not only the
first receptor expressed as a consequence of disadvantageous conditions but also the
most sensitive to cAMP. For this reason, the function of cAR1 was studied exten-
sively [66—69]. As implied by the name GPCR, these transmembrane receptors are
associated with G proteins on their cytosolic side. G proteins are heterotrimers
consisting of a G, and a heterodimeric Gg, subunit. The common view of G protein
signaling implies that upon ligand binding to the receptor, the associated G proteins
exchange guanine di-phosphate for guanine tri-phosphate in the G, subunit. This
leads to destabilization of the complex and the dissociation of the G protein in its G,,
and Gg, subunit. In D. discoideum chemotaxis, both G, and Gy, subsequently

Fig. 7 Scanning electron micrograph of the developmental stages of the amoeba D. discoideum.
Image copyright M. J. Grimson and R. L. Blanton, Biological Sciences Electron Microscopy
Laboratory, Texas Tech University
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activate different intracellular pathways that finally lead to cell polarization and
directed migration toward the cAMP gradient.

Chemotaxis is triggered over a wide range of chemoattractant gradients
and mean concentrations down to remarkably shallow gradients of 2% across the
cell body. Thus, it is highly interesting to identify the ubiquitous molecular
mechanisms that translate various extracellular gradients steadily in a highly
polarized cellular phenotype exhibiting biased migration toward the source of the
gradient. Several models were proposed for the early chemotaxis stages of gradient
sensing followed by cell polarization: the pilot pseudopodia model [70, 71], the first
hit model [72], several positive feedback loop models [73—75], the local excitation,
global inhibition model [76, 77], and the balanced inactivation model [78].
Recently, increasing experimental evidence was found that questions the concept
that signaling guides the generation of well-placed pseudopods [79-81].
D. discoideum cells move by default and constantly generate pseudopods in a
probabilistic manner. Moreover, new pseudopods protrude preferentially from
existing ones, but can be retracted after review. These new insights demand a
reevaluation of the molecules important to chemotaxis with respect to their influ-
ence on pseudopod generation frequency, persistency, or the probabilistic distribu-
tion of their placement. To conclude, more quantitative information about the
localization, mobility, and reaction rates of major players like cAR1 and the G
protein subunits are required to elucidate their interaction with, e.g., the actin
cytoskeleton that pushes the pseudopodia forward. These findings will allow to
achieve a more realistic picture of chemotaxis.

4.2 GPCR and G Protein Exist as a Precoupled Complex

G proteins are important signal transducing molecules in cells. They not only are
involved in chemotaxis, but also regulate many vital processes such as transcription
and secretion in mammalian cells. Extensive research has been pursued since their
discovery in the 1960s yielding the identification of more than 1,000 mammalian
GPCRs and the atomic structure of three of them [82-84]. Nevertheless, it is not yet
known how ligand-induced conformational changes of the GPCR activate the
G protein. Another open question is whether GPCR association with the G protein
before receptor stimulation is required or even stable. In 2005, Nobles et al. could
prove the existence of a precoupled pentamer consisting of a GPCR dimer of either
o2A adrenergic or muscarinic M4 receptor and the trimeric G protein in living HEK
cells applying FRET [85]. More recently, we used single-molecule widefield
microscopy (SMM) to deduce information about the GPCR/G protein complex
from the diffusion behavior of cAR1 and the G protein subunits in D. discoideum
[67]. Despite its low axial resolution of ~1 pum, SMM is ideally suited to study
processes that are confined to two dimensions, like diffusion of transmembrane or
membrane-bound proteins, with high spatial (~40 nm) and temporal (~50 ms)
resolution. For this purpose, D. discoideum cells were stably transformed with
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Fig. 8 Mobility of cAR1-YFP and Gg-YFP. (a) cAR1 exists in two populations exhibiting free
diffusion. (b) Mean square displacement vs. time plot for the fast fraction of Gg-YFP. (¢) Mean
square displacement vs. time plot for the slow fraction of G- YFP [67]

Table 3 Results of cAR1 and G protein diffusion as measured in unstimulated D. discoideum
cells. Dgr and Dgg, diffusion constants of the fast and slow fraction respectively. o, fast fraction

Dgr (umz/s) Dsk (umz/s) o (%) Diffusion type
cAR1 0.015 £+ 0.002 0.007 £+ 0.001 45+ 6 Free
G, 0.14 £+ 0.01 0.015 £ 0.001 68 + 4 Free
Gy, 0.15 £ 0.01 0.011 £ 0.001 68 + 3 Free

cAR1-YFP, G,»-YFP, or Gg,-YFP constructs. Particle image correlation analysis
[22] of the single molecule data allowed for the calculation of the cumulative
probability of diffusion steps on different time lags. The results are summarized
in Fig. 8 and Table 3. Neither cAR1 nor the G protein subunits were found to diffuse
homogenously. Their P,,s could be best fitted by a diffusion model taking two
diffusing species into account (see Sect. 2.3). A global fit of all P, at different time
lags provided the MSDs of the fast and the slow fraction, as well as the fast fraction size
o. Both cAR1 and the G protein subunits showed free diffusion on all observed
timescales (50400 ms; see Fig. 8a). The high similarity of the diffusion behavior of
G, and Gg, suggested that all membrane-bound G proteins were G,p, heterotri-
mers. Moreover, comparison of the diffusion constants of the slow moving fractions
of G,» and Gy, with the fast moving fraction of cAR1 provided a strong argument
that ~30% of the G proteins exist in a precoupled complex with cAR1 and therefore
move at the same speed. This hypothesis could be further supported by alternative
biochemical assays [67].

4.3 Polarized Mobility of GPCR and G Protein upon
Agonist Stimulation

The same study [67] monitored the effect of global and gradient stimulation with
cAMP on D. discoideum cells expressing either G,,-YFP or Gg,-YFP to identify the
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Table 4 Results of G protein diffusion as measured in globally stimulated D. discoideum cells.
Dgr and Dgp, diffusion constants of the fast and slow fraction respectively. o, fast fraction [67]

Dgg (umz/s) Diffusion type Dsg (umz/s) o (%) Diffusion type
G, 0.19 £+ 0.02 Confined 0.015 £ 0.001 68 + 4 Free
Gg, 0.16 £ 0.02 Confined <0.001 59+3 Immob.

molecular mechanism leading to cell polarization. It had been shown previously
that the cARI1 receptors and the G proteins are homogenously distributed in the
membrane of D. discoideum. Moreover, this homogeneous configuration was not
affected by stimulation with cAMP [66, 69, 86, 87]. Thus, a simple picture, in
which cell polarization is caused by asymmetric receptor or G protein distribution
in the cell membrane, is not applicable.

The scenario described in Sect. 4.2 changed dramatically upon global stimula-
tion with 10 uM cAMP (see Table 4). The diffusion behavior of the fast fraction of
both the G, and the G, subunit changed from free diffusion to confined diffusion
within domains of ~600 nm diameter. Moreover, the slow fraction of the Gg,
subunit increased from 32% to 41% and was immobilized (D < 0.001 pm?/s).
Both effects were shown to be F actin dependent by disrupting the actin cytoskele-
ton by adding latrunculin A. These observations led to the conclusion that the
observed domains are imposed by the actin cytoskeleton, and that Gg, interacts
either directly or indirectly with the F actin meshwork.

When exposed to a gradient of cAMP (~0.4 nM/um), the diffusion behavior of
the G protein subunits became polarized. The proteins at the trailing edge diffused
like in the unstimulated situation (see Sect. 4.2). Both the fast and the slow fraction
showed free diffusion. The proteins at the leading edge, on the other hand, exhibited
the same diffusion characteristics as in the case of global stimulation: confined fast
fractions of G, and Gy, and immobilized as well as increased slow fraction of Gg,.
These results support the hypothesis that F actin plays an important regulatory role
in maintaining cell polarity during chemotaxis.

Earlier single molecule studies investigated the cAMP/cARI1 dissociation rate
in chemotaxing cells and found polarized behavior in the receptor off-rate [69].
cAMP/receptor complexes at the leading edge dissociated faster that those at the
trailing edge. Since the steady-state amount of cAMP binding was measured to be
almost equal at both locations, the association rates at the leading edge had to be
increased, too. As a result, cCAMP binding and unbinding and thus receptor and G
protein activation are cycled faster at the leading edge of the cell. A possible
explanation that why G protein reactivation is facilitated at the leading edge was
provided by de Keijzer et al., who showed that the mobility of cARI is increased
at the leading edge in comparison to the trailing edge [66]. Thus, activated cAR1
receptors that dissociated from the receptor/G protein complex are able to activate
many more G proteins than at the trailing edge. Such a local amplification step
leads to a final fivefold linear amplification of the external cAMP gradient to an
intracellular gradient in active G proteins constituting the first step in diffusion-
controlled asymmetric signaling.
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4.4 Mechanistic Model of Early Chemotactic Signaling
in D. discoideum

Combining existing knowledge about D. discoideum chemotaxis with new insights
from single molecule fluorescence microscopy, we suggested a mechanistic model of
early chemotaxis events [67]. In the resting state of the cell, the membrane is
populated by cAR1 and complexed cAR1-G,g,. The complexed G protein diffuses
one order of magnitude slower than the free G protein [67, 68]. The cytosol provides a
pool of Gg, [68, 78] and heterotrimeric G proteins. Upon cAMP binding to cAR1, the
equilibrium between the G,,p, heterotrimer and the complexed cAR1-G,,p, gets
disrupted by the formation of an activated cAR1-G,,p, complex. This complex

Fig. 9 Model describing the dynamic cAR1/G protein interaction at the leading and trailing edge
[67]. For details, see text
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subsequently dissociates into the activated receptor, and the free G,, and Gg, sub-
units. The stimulation-dependent dissociation of the G protein in its subunits was
observed by Janetopoulos et al. with the help of FRET [88]. It takes approximately
0.4-1 s~ ! until cAMP dissociates from cAR1 [89]. During that time, the activated
receptor can activate more G proteins. Since the receptors at the leading edge diffuse
considerably faster than at the trailing edge, an intracellular gradient in active
G proteins is generated that is significantly larger than the external chemoattractant
gradient [66]. G protein activation initiates multiple intracellular signaling cascades
leading to actin cytoskeleton reorganization [90]. The tightening of the membrane-
associated F actin is reflected in the diffusion properties of the G protein subunits. The
fast fraction of both subunits becomes confined in actin-dependent 600 nm domains.
This process is conceptually similar to the diffusion barriers at the leading edge of
moving fish epidermal keratocytes [91]. Simultaneously, the slow fraction of G, gets
immobilized by binding to F actin at the leading edge; at the trailing edge, Gy,
diffuses into the cytosol. This allows for two scenarios: F actin either functions as a
scaffold of Gg, signaling or impairs the discussed inhibitory function of Gg, [78].
Gp, immobilization might be another example for the widely used clustering of
signaling components in a larger protein complex, a so-called signalosome. The
cytoskeleton together with anchoring and scaffolding proteins was found to play a
crucial role in the maintenance of these signaling complexes [92]. Figure 9 illus-
trates the dynamic cAR1/G protein interactions at the leading and the trailing edge.

5 Conclusion

In this chapter, we first reviewed the basic concepts of diffusion and single
molecule microscopy. It was shown how combining fluorescent protein technology
and high resolution microscopy lead to new insights into relevant biological
processes. Two applications were introduced in detail. First, extensive work on
the model proteins of the Ras family elucidated the role of membrane partitioning in
protein dynamics and its influence on signaling. Moreover, we showed how this
technique was extended to study protein dynamics in living organism. Second,
single molecule fluorescence microscopy allowed to characterize the mobility of
the GPCR cARI1 and its associated G protein in D. discoideum. On the basis of these
data, a mechanistic model was developed to shed light on the molecular basis of
cAR1-cAMP mediated chemotaxis in D. discoideum.
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Section 3: Practical sessions

Confocal microscopy
Instructors: Erik Manders & Ronald Breedijk

Goal:

The goal of this practical is to get acquainted with the principles of a confocal fluorescence
microscope. By imaging a couple of example specimen, the potential - and possible limitations - of
this instrument will be demonstrated. We will measure the spatial resolution of the confocal
microscope and compare with the wide-field microscope. At the end of this practical we will
demonstrate our new Structured Illumination Microscope and measure the improvement of
spatial resolution.

Introduction:

Fluorescence microscopy is of great importance to biological research in general and cell biology
in particular. It combines great sensitivity with the possibility to label species of interest with
unprecedented specificity through the range of available biochemical techniques. A normal
fluorescence microscope in principle is a 2D imaging device; the third dimension - i.e. in the axial
direction - can be resolved only in a limited way. Confocal fluorescence microscopy enables true
three-dimensional imaging by suppressing all contributions from out-of-focus planes using a
detection pinhole. The specimen can thus be “optically sliced” and a 3D image can be re-
constructed from a series of 2D images taken at different focal planes.

In confocal fluorescence microscopy, true 3D resolution is accomplished by actively suppressing
any signal coming from out-of-focus planes. This is achieved by using a pinhole in front of the
detector as schematically depicted in figure 1. Light originating from an in-focus plane is imaged by
the microscope objective such that it freely passes the pinhole, whereas light coming from out-of-
focus planes is largely blocked by the pinhole. The size of the pinhole determines how much
reduction of the background (i.e. of the out-of-focus contributions) can be realised.

Figure 1. The principle of confocal
fluorescence  microscopy. Light
coming from out-of-focus planes is
largely blocked by a pinhole in
front of the detector.

In a confocal fluorescence microscope (figure 2) the specimen is generally illuminated by a laser.
The light coming from the laser passes through an (excitation) pinhole and is reflected by a
dichroic mirror and focused by a microscope objective to a small spot in the specimen. The
dichroic mirror has the property that it reflects light of a shorter wavelength (e.g. 488 nm from an
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Argon-ion laser), while transmitting that of a longer wavelength (e.g. the fluorescence >510 nm
from Fluorescein). Specific dichroic mirrors can be made for the relevant wavelength regions of
excitation and fluorescence.

In the specimen the light is absorbed by the fluorophores - either intrinsically present or artificially
added to label specific targets. After absorption, the fluorophores start to fluoresce, emitting light
in a random direction and with a wavelength that is longer than that of the excitation. A fraction
of the emitted fluorescence is collected by the microscope objective and imaged onto the
detector.

Figure 2 Excitation of the
specimen in confocal
fluorescence microscopy by a
laser. A fraction of the
fluorescence emitted by the
fluorophores in the specimen
is collected by the
microscope objective and
imaged onto the detection
pinhole in front of a photo-
detector.

For a specific setting of the microscope only a single point in the specimen is imaged at a time. In
other words, confocal fluorescence microscopy is a serial rather than a parallel image acquisition
system. To obtain a single optical section in a confocal fluorescence microscope, laser scanning is
used. In laser scanning the specimen is kept stationary and the excitation spot is moved over the
specimen.

Practical 1A (Zeiss, LSM-510)

First, the basic operation of the instrument will be demonstrated: the different components, the
control software and how to make a stack and how to control the pinhole.

Make three dimensional images of two different specimen:
A. an acridine orange labelled Spathipyllum pollen grain
B. Fluorescent microbeads of 100 um

Of each specimen you should make four 3D images with the following pinhole settings:
1. pinhole @ maximum
2. pinhole @ 1 * Airy
3. pinhole @ 0.25 * Airy
You should use the following objective: 63x/1.4-o0il immersion
Q1. Based on the 3D-image of the micro-bead, measure the axial and lateral resolution for each
pinhole setting.

LCAM-ESF course: Zooming in on plasmamembrane dynamics with advanced light microscopy

36



Practical 1B (Nikon A1)

First, the basic operation of the instrument will be demonstrated: the different components, the
control software and how to make multi-colour images and how to ise the spectral detector.

Make two dimensional images of Muntjac skin fibroblast cells with staining of the actin filaments
(green), mitochondria (red) and DNA(DAPI) by using:
A. Multi-colour detection

B. Spectral detection and unmixing.

Q2. Try to unmix the spectral image. What gives the best colour-separation.

Practical 1C (Nikon N-SIM)

First, the basic operation of the instrument will be demonstrated: the different components, the
control software and how to make a SIM-image.

Make wide-field and a SIM image of :
A. Fluorescent microbeads of 100 um

Q3. Measure the lateral resolution and compare with the confocal data.
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Total Internal Reflection Fluorescence Microscopy (TIRF) & Photo Activation Localization
Microscopy (PALM)

Instructors: Kevin Crosby with assistance from Christiaan Zeelenberg & Dorus Gadella

Introduction:

Many critical biological processes occur at or near the plasma membrane of the cell. Total internal
reflection fluorescence (TIRF) microscopy is a technique that is especially well suited to study
events at the plasma membrane of adherent cells. The roots of total internal reflection, or
evanescent wave microscopy date to its (non-fluorescence) use in the early sixties to study cell
migration in fibroblasts (Ambrose, 1961) and fluorescence spectroscopy in the 1960s and 1970s
(Hirschfeld, 1965). However, the method as we know it today really took shape in the seminal
work of Daniel Axelrod and colleagues thirty years ago (Axelrod, 1981; Burghardt and Axelrod,
1981; Thompson et al., 1981). TIRF microscopy is now widely utilized to study a wide range of
cellular processes such as endocytosis, exocytosis, cytoskeleton dynamics near the membrane, cell
migration, and signaling. Additionally, a number of single-molecule techniques take advantage of
the TIRF modality (see below). The evident limitation being, of course, that events that occur
more than ~100 nm beyond the interface between the sample and the cover slip cannot be
observed. The optical basis, implementation, and application of TIRF have already been
introduced in the lecture. Additionally an advanced treatment of the theoretical aspects is
contained in a recent review by Axelrod (Axelrod, 2008) and a more a more approachable guide
written for cell biologist has been scribed by Mattheyses (Mattheyses et al., 2010).

Fluorescence light microscopy, while possessing many advantages for its use in the study of
biological systems, has traditionally been limited in the degree of spatial resolution that can be
achieved (Abbe, 1873). The so called Abbe, or diffraction, limit, which is theoretically set at ~200
nm in lateral space and ~500 nm axially, has been circumvented in the last few years by a plethora
of super-resolution techniques. These include methods that rely upon stochastic processes that
allow for the localization of individual fluorescent molecules, which are sequentially switched
between a non-detectable and a detectable state. Such methodologies include (F)PALM ,STORM,
and GSDIM (refs). (Betzig et al., 2006; Folling et al., 2008; Hess et al., 2006; Rust et al., 2006).
While the type of fluorescent molecules used and the photophysics of the switching process vary
among these modalities, they all rely upon a computation localization analysis performed on a
large series of images, each containing a sparse distribution of fluorescent molecules, whose
individual position can be determined to a resolution of 20 to 50nms. The positions of all the
images in the series can then be summed into a final super-resolution image.

Practical:

The instrument we will be using for this practical session is built around an inverted Nikon Eclipse
Ti microscopy. The objective is a specialized 60x ApoTIRF 1.49NA, designed for the thru the
objective TIRF configuration that this instrument utilizes. We have two lasers for excitation, a 1W
Coherent OPSL 561 and a 50mW Coherent OBIS 488. We will also be using a 50mW Coherent
CUBE 405 as the activating laser in our photoactivated localization microscopy (PALM)
experiments . Our primary dichroic is a quad-pass 405/488/561/640. Emission filters are a long-
pass 572 (Chroma), a band-pass 525-50 (Chroma), or a Razor-Edge long-pass 561 (Semrock).
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An outline of the experiments and samples will be presented on the day of the practical. Two
review articles are also included in your packet.
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Introduction

Super-resolution fluorescence imaging (SR) is enabling
the visualization of the organization and dynamics of
biological systems at unprecedented scales. This review
focuses on SR derived from the point localization of
individual molecules, an inherently single-molecule
measurement. Advances in SR are rapidly occurring in
the areas of algorithm development for rapid and maximal
localization, the implementation of flexible labeling
schemes and the diversification of usable fluorescent
dyes, and meaningful biological applications. In this short
review, we aim to create a ‘starter kit’ (Figure 1) with the
basic information needed to navigate the dyes and soft-
ware packages for image reconstruction, as well as a
concise overview of imaging modalities and select bio-
logical applications. For more information, several in-
depth reviews have recently been published [1,2], and
detailed protocols provide a practical guide [3°4,5].

The light from a point source, whether it is a star or a
molecule, is invariably blurred by diffraction when it is
imaged through a finite aperture. The form of this image,

first derived by astronomer Sir George Biddell Airy [6],
can be used to define the diffraction-limited resolving
power of an imaging system. In the case of fluorescence
microscopy of a structure densely labeled with dye mol-
ecules, diffraction limits the resolution to of order half the
wavelength of visible light, or several hundred nan-
ometers. However, with low background noise and effi-
cient photon collection, molecular locations can be
determined with high precision [7]. This is because the
center of a molecular image or point spread function
(PSF) can be localized, typically by fitting to a Gaussian
function, even down to the nanometer scale [8]. Thus, by
combining point localization with the stochastic switching
of thousands of single molecules, resolving molecular
distributions at the nanoscale is possible. Developed
nearly in parallel by several groups, this method was
alternately named photoactivated localization microscopy
(PALM) [9°°], fluorescence photoactivated localization
microscopy (FPALM) [10], and stochastic optical recon-
struction microscopy (STORM) [11]. Point-localization
SR relies on the control of molecular fluorescence such
that less than one molecule per diffraction-limited area
emits at a time. Additionally, to achieve SR the density of
localized molecules must satisfy the Nyquist criteria: in
this context, the intermolecular spacing should not
exceed twice the desired resolution [12].

Although a variety of properties can be used to isolate
single molecules, such as spectrum [13], lifetime [14], and
binding/dissociation [15] among others, photoswitching
remains the most flexible strategy. While there is no
substantive difference between PALM and FPALM, as
implemented they differ from STORM in the mechanism
of fluorophore photoswitching. (F)PALM imaging exploits
photo-activatable fluorescent proteins (reviewed in Ref.
[16]) as well as photoswitching YFP and GFP [17,18], while
STORM imaging was demonstrated using pairs of switch-
able synthetic fluorophores. More recently direct STORM
(dSTORM) [19] and ground state depletion microscopy
followed by individual molecule return (GSDIM) [20]
expanded the variety of synthetic fluorophores compatible
with SR (reviewed in Ref. [2,21]). In summary, (F)PALM
is compatible with genetically encoded labeling and live-
cell imaging while (d)STORM has been realized primarily
using antibody labeling and was thus limited to imaging in
fixed cells. More recently, the use of self-labeling proteins
[22,23] has brought some of the advantages of (F)PALM to
(d)STORM, allowing more specific targeting of synthetic
fluorophores [24] and live-cell imaging [25°]. In addition,
extensive characterization of imaging and buffer con-
ditions required to make standard dyes blink by transition-
ing into a reversible dark state or shifting spectrum [18,26]
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Figure 1
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A super-resolution starter kit. SR requires a broad combination of competences; we present here several combinations of hardware, software, and
sample preparation. On the hardware side, the requirements are: a sensitive and efficient detector, which implies using a high numerical aperture
objective, an EMCCD camera, and ~10-100 mW lasers for excitation. A control software synchronizing the lasers with the camera can also be helpful
[46,63]. For 3D imaging, several optical setups are possible and are described in Figure 2. For sample preparation, several options are presented since
the requirements can be quite different depending on the application. We have noted here just a few of the most commonly used dye combinations,
since there are many possibilities with new dyes being published frequently. For software, a good point-fitting algorithm is necessary, and several

options are freely available, described in Table 1.

has broadened the palette of dyes compatible with SR
imaging. However, a challenge remaining for these strat-
egies is to control the transition rates between dark and
brightstates to meet the isolation criteria required for point
localization while maintaining a high enough density of
molecules to satisfy the Nyquist criteria for SR.

Technological advances

The publications introducing (F)PALM and STORM
demonstrated single color 2D SR imaging either in fixed
cell samples [9°°], iz vitro DNA loops [11] or on glass and
sapphire surfaces [10]. This was due to significant limita-
tions imposed by both hardware and sample preparation.
On the hardware side, TIRF illumination was used to
excite a 2D section, so as to increase the signal to noise
ratio and eliminate signal from out-of-focus molecules.

Samples were therefore limited to thin sections (suitable
for correlative electron) and membranes microscopy [9°°],
or /n vitro objects adhered to a coverslip [10,11]. More-
over, due to long integration times to maximize signal,
acquisition times were far too long to allow imaging of
living cells, a limitation that has been proven unnecessary
for select applications [12,17,27]. Since then, technical
developments have enabled multicolor [28°°,29-31] and
three-dimensional [32°°,33-35] imaging and the combi-
nation of both in fixed [36,37] and more recently living
cells [38]. In Figure 2, we provide a guide to the most
readily implemented technologies used for 3D SR ima-
ging. Additional technological advances enable the
extraction of information about polarization [39], thick
sample imaging [40,41°] and super-resolved high density
single particle tracking [42°°].

Current Opinion in Chemical Biology 2011, 15:813-821
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Figure 2
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There are three main methods to extract the z position of a particle. (a) The first family of methods relies on deforming the point spread function (PSF)
so that its shape depends on the z position of the particle. In Ref. [32°°], astigmatism was induced by a cylindrical lens as a shaping method, which
resulted in a PSF whose ellipticity depended on axial position. Different refinements of this method have been proposed using more controllable
shaping methods resulting in a spiral [64] or helical [35] PSF, which aim at increasing the range over which molecules can be localized and the isotropy
of the localization precision. (b) The second method [33] relies on simultaneously imaging two different planes, and extracting the z position from the
relative form of the PSF in the two planes. (c) The third method, called iPALM [34] relies on interferometry: two opposing lenses are used to make single
photons interfere on three different cameras, and the intensity ratio of the images provides a measure of the z-position of the particle. For simplicity,
two-way interferometry is shown here. This method provides the highest resolution with the z localization, even exceeding the x-y localization.

Guide to dyes for multicolor imaging

One area of significant interest is multicolor imaging,
which presents unique challenges. The photoswitching
mechanisms of dyes available for (F)PALM and STORM
necessitate a compromise between control over blinking
rates and spectral overlap between the different fluoro-
phores. That overlap can be in the switching wavelength,
or in the imaging wavelength, or even in the initial
fluorescent state in the case of photoconvertible proteins.
For example, a green-to-red protein such as Eos is diffi-
cult to combine with another dye since it occupies most of
the visible spectrum: it is activated by UV or blue light,
fluoresces initially in the green, and photoconverts into a
red form. A few of the most common labeling schemes are
outlined in Figure 1.

The initial demonstrations of multicolor imaging relied
in the case of STORM [28°°] on two donor—acceptor
pairs, Al405-Cy5 and Cy2-Cy5, where two different

wavelengths were used sequentially for activation before
bleaching both dyes with a single laser, yielding the
additional advantage of removing the effects of chromatic
aberration. In the case of PALM [30], a combination of
irreversible green to red (tdEos) and reversible dark to
green (Dronpa) proteins was used. The irreversibly
switching tdEos was imaged first, and once completely
bleached in both its green and red states allowed the
imaging of Dronpa. However, even with the development
of new red photoactivable proteins [29], which made
multicolor imaging using two irreversibly switching
proteins possible, issues associated with the use of differ-
ent wavelengths exist, with potential unwanted activation
and bleaching of fluorescent proteins yielding an effec-
tively reduced labeling density.

A promising development for multicolor imaging is
dSTORM/GSDIM [19] where common dyes based on
rhodamine and cyanine are used, and blinking is obtained
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Figure 3
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Table 1

The choice of an adapted software to convert the sparse and noisy raw data into a SR image is crucial, since it requires an efficient yet
rapid way of localizing multiple peaks in each frame. We present here only open source software, since codes often have to be adapted
for different dyes/applications and executable only software is therefore inconvenient or unusable.

Name Language Ref Use friendly 3D Misc

QuickPALM (Java) [49] ++ (ImageJ) Astigmatism Can be batch processed using ImageJ
PALM3D (Python) [41] - Astigmatism 3D imaging of thick samples
Rapid2STORM (Java) [51] ++ Astigmatism + biplane Posttreatment + tracking

Octane (Java) [50] ++ (ImageJ) 2D only Tracking

through reversible transitions into a dark state. This
technique is therefore doubly multicolor friendly: not
only do a large number of compatible dyes already exist
(including Atto-dyes and Alexa-dyes), but since only one
laser is used for both switching and excitation unwanted
overlap is reduced. The downside comes from the need
for ‘blinking buffers’, as the chemical environment has to
be controlled to maintain reversible dark states, and
different fluorophores often have different blinking rates
in a given buffer. Moreover, even a small overlap in
excitation and emission spectra can render pairs of dyes
incompatible for simultancous imaging, either through
increased noise, STED-like de-excitation, or promoting
different triplet state pathways leading to increased
photobleaching. Nevertheless, this approach has enabled
imaging with up to six different colors [21] although not
simultaneously, and combined with spectral unmixing up
to four dyes have been imaged simultancously [43°].
Several reviews and articles are helpful in this quite
complex field [26,44-47]. We draw your attention to
[48°], where the blinking properties for a large number
of dyes in several different buffers are compiled and the
results are used to perform 4-color imaging.

Guide to software packages

"T'he raw data for point-localization SR consist of a stack of
images containing a few molecules in each frame. Thus,
software for point localization and image reconstruction
from molecular locations is indispensable. A number of
open source software packages are now available [41°,49—
51], so it is no longer necessary to write one’s own analysis
package. We present a summary of open source software
that will as a minimum requirement process raw data and
render SR images in Table 1. Although several freeware

packages are also available, they are rife with limitations
in terms of both their adaptability for new applications
and their compatibility with new platform versions.

Biological applications

Most biological applications of point-localization SR use
cellular systems as their subject of study. Cells are very
crowded environments, with a mean spacing between
proteins of ~10 nm, far below the diffraction limit. Pre-
viously, information on protein organization 77 vivo at the
nanoscale could only be extracted for highly dilute
proteins, or the spatial resolution for denser structures
could be improved by deconvolving the obtained images,
but without single molecule information. Extracting
single molecule locations and dynamics with nanoscale
accuracy in dense structures is now possible with point-
localization SR. In this section we present select proof-of-
principle measurements, but focus on examples where
biologically significant information was obtained from
nanoscale protein organization.

Fixed cell SR: from 2D, one color to 3D and multicolor

In fixed cells, the correlative single molecule information
obtained with 2D multicolor PALM and dSTORM
allowed the imaging of the nanoscale colocalization pat-
tern of transferrin receptors and clathrin light chain
(CLC) [29] and revealed heterogeneities in the distri-
bution of kinases at the plasma membrane [52]. The high
spatial resolution of 2D multicolor PALM also allowed
the nanoscale structure of adhesion complexes to be
resolved, revealing the relationship between different
pairs of focal adhesion proteins [30]. Several pairs of these
proteins that seem to colocalize in conventional images
were found to form spatially distinct nanoscale structures.

(Figure 3 Legend) Biological applications of point-localization SR. (a) 3D iPALM image of integrin aV-tdEos, actin-mEos2, zyxin-mEos2, and a-
actinin-mEos2 forming focal adhesions. The super-resolved 3D structural information obtained from these images and four other focal adhesion
proteins allowed building a schematic model of focal adhesion molecular architecture [53°°]. (b) 3D STORM imaging based on astigmatism of the
presynaptic protein Bassoon and the postsynaptic protein Homer1. Proteins were labeled by immunohistochemistry using Cy3-A647 and A405-A647
conjugated antibodies, respectively. Left hand side images correspond to the diffraction limited images. The lower panels show individual synapses
[54°]. (c) PALM imaging of the nucleoid-associated protein HU2-eYFP in fixed C. crescentus [58]. (d) Diffraction-limited and PALM images of ATPase
ParA and centromere-binding protein ParB in C. crescentus tagged with eYFP and mCherry, respectively. A spindle-like structure involved in bacterial
chromosome segregation could be resolved [57°]. (e) Diffraction-limited and 3D multicolor STORM image based on astigmatism of CCPs labeled with
Alexab47 via a SNAP tag (magenta) and transferrin labeled directly with Alexa 568 (green) in live cells. Lower panels show the 3D view of individual
CCPs [38]. (f) Diffraction-limited and dSTORM image of H2B labeled with ATTO655 via an eDHFR tag in living cells [25°]. (g) (Left side) Local density of
actin-mEos2 molecules (green) with overlaid diffraction limited image of the postsynaptic density marker PSD-95-cerulean (red) in live neurons. (Right
side) Local actin density and averaged molecular movement of actin within a spine as obtained by sptPALM [62°°].
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These results were recently extended to 3D using a
composite of multiple one-color 1PALM images
(Figure 3a), providing the basis for a structural model
of adhesion complexes at the molecular level [53°°].

In neurons, 3D multicolor STORM imaging of immu-
nostained fixed mouse neurons allowed the nanostructure
of scaffolding proteins and receptors (Figure 3b) in
chemical subdiffraction sized synapses to be resolved
[54°]. Here, the three-dimensional super-resolved images
show the postsynaptic and presynaptic protein distri-
butions of single spines as well separated, and also resolve
their correlation from side and top views. This infor-
mation is the basis for creating a 3D model of synaptic
protein distribution dynamics and could not have been
obtained with conventional imaging.

In a cell-free membrane system, multicolor 3D STORM
allowed the resolution and quantification of the subdif-
fraction axial elevation of clathrin-coated pits from the
basal membrane before budding and fission [55].

The biological applications described here are essentially
limited to thin structures near the cell surface, but the
recent demonstration of confined activation for whole-cell
PALM presents a promising way to resolve ultrastructure
in mitochondria, the ER, or the nucleus [41°].

Imaging bacteria: small size, big challenge

Studying bacterial architecture is challenging due to their
small size and high density of proteins. In this respect, SR
provides a promising tool to resolve functional structures
involving protein organization in bacteria. In Escherichia
coli, PALM imaging of the chemotaxis network revealed
that signaling proteins form clusters via stochastic self-
assembly with no need for active transport [56°]. In
Caulobacter crescentus, PALLM imaging contributed to work
that identified an unexpected chromosome partitioning
apparatus similar to eukaryotic spindles [57°] (Figure 3d)
and has been presented as a promising tool to study the
structural organization of nucleoid-associated proteins
[58] (Figure 3c). Most recently, nucleoid-associating
proteins have been imaged in live bacteria using PALM
[59] which identified the global transcriptional silencer H-
NS as a key player in bacterial chromosomal organization.

Live-cell imaging and high density tracking: resolving
dynamics

A tremendous step in the improvement of SR, toward
making it more flexible for biological investigations, was
its implementation in live-cell imaging. Although the
acquisition time of localization-based SR techniques is
still long relative to conventional wide-field imaging, it is
now comparable to typical point-scanning microscopies
(~10 s/frame). This has permitted the SR study of bio-
logical processes that take place on the time scale of
minutes.

Live-cell dSTORM imaging enabled the study of the
mobility of histone H2B proteins in the nucleus [25°]
(Figure 3f), as well as the dynamic 3D colocalization of
transferrin and CLC at the plasma membrane [38]
(Figure 3e). In combination with the structural infor-
mation obtained from fixed cells, this dynamic view
may allow more light to be shed on signaling processes
involving clathrin-coated pits and receptors. In neurons,
live-cell PALM was used to study the long-term
dynamics of the spine cytoskeleton and allowed the
resolution of morphological changes in response to synap-
tic activity [60].

In live samples, the combination of PALM and single
particle tracking (sptPALM) [42°°] opened a new area of
possible biological applications, by enabling the study of
single molecule dynamics in highly dense structures at
nanoscale resolution. This method has been demon-
strated by tracking HIV Gag and VSVG proteins at the
membrane [42°°], and was used to study the actin
dynamics in neuronal spines as well as the dynamics of
prokaryotic cytoskeletal proteins [50,61,62°°] (Figure 3g).

Conclusions and outlook

With point-localization SR, a wide array of imaging
methods are possible, and have now been applied to
address fundamental biological questions. It now remains
for researchers to choose an imaging sctup, fluorescent
dye(s), and software to match their specific needs. This
broad set of competences from molecular biology to
chemistry to physics and computer science can be diffi-
cult for individual groups to achieve, but as the field of SR
advances, more resources become available for users of
the technology. Further innovations in multicolor and
multimode imaging, probe design, and flexible, user-
friendly analysis packages will result in even more wide-
spread use of SR in the future. New fluorescent probes
with better quantum vyield (fluorescent proteins), better
cell permeability (synthetic dyes), and optimized control
for photoswitching and blinking will further open the
possibilities for combining live-cell and multicolor ima-
ging. Growth in this area will also depend on distribution
and commercialization of new dyes.

An important challenge for the field is to agree upon
quality and disclosure standards for dyes, software, and
biological images. For fluorescent proteins, a histogram of
single-molecule photon yields is already standard, and
should become standard for synthetic dyes. Dyes for
(d)STORM should be characterized for their photon yield
during their ‘on’ periods, as well as their ability to recover
which can be shown by plotting the number of localiz-
ations per raw image over the acquisition period, or the
equivalent. An excellent example of quantitative charac-
terization for (d)STORM is found in Ref. [48]. Better
benchmarking of software, through open-source access
and shared standard data sets will help to allow clear
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comparisons between different analysis approaches. We
have made available one biological and one synthetic data
set, http://bigwww.epfl.ch/palm/, for such a purpose. Sim-
ilarly, standards should be enforced for resolution as deter-
mined by localization accuracy and molecular density; this
should be integrated into software to help users better
understand their data quality. Specifically, it should be
verified that published images contain points localized
with high enough precision, and at sufficient densities
(as determined by Nyquist) to match the resolutions
claimed. Related to this, the number of raw images and
localized molecules that go into creating each PALM
image should be specified. These standards are exempli-
fied well in Ref. [12]. Finally, the algorithms used for
rendering molecules to create an image should be specified
or described. The default rendering should be as similar as
possible to what one would expect from a ‘normal’ image:
the summed intensity of molecules individually con-
sidered as Gaussian point sources, whose width reflects
the uncertainty in their position. Other choices for render-
ing should be explained and described, as would be
required for altered or manipulated ‘normal’ images.
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Fluorescence fluctuation spectroscopy techniques to monitor membrane-associated systems
Instructor: Mark Hink

Goal:

In this practical various FFS approaches to quantify protein or lipid dynamics in or near the
membrane will be demonstrated, using point-FCS, FCCS & N&B analysis. Using different biological
systems we will discuss practical issues, challenges and limitations.

Introduction:

Fluorescence Fluctuation Spectroscopy (FFS) is a family of techniques that analyses the (spatio-)
temporal fluctuations of the detected fluorescence and links these to physical parameters. It was
developed as a correlation technique (FCS) in the early nineteen seventies to monitor chemical
kinetics and motional properties of fluorescent molecules. Since the development of sensitive
detection devices and the introduction of the confocal microscope, in late nineteen eighties, there
has been a large increase in the number of FCS-applications.

Also the number of techniques increased over the years with applications for multiple colors
(FCCS), brightness analysis (PCH, FIDA) or fluctuation analysis of whole images (ICS, STICS, RICS,
N&B). In addition, fluctuation analysis could be combined with other parameters like fluorescence
lifetime or polarization.

The confocal microscope used in FFS does not only improve the signal-to-noise ratio compared to
wide-field detection, but could also be used to perform in vivo measurements at selected sub-
cellular locations (f.e. at the membrane, in the nucleus etc.). These measurements, performed in a
non-invasive manner, can provide a wealth of information about protein concentrations, diffusion
rates, their aggregation state, their interaction with other cellular moieties or the intracellular
environment. Problems, which may arise, are high background intensity (auto-fluorescence), the
reduction in detected intensity due to scattering and dye-depletion due to photo-bleaching.
Therefore a proper selection of cell-type, dye, excitation wavelength and intensity is required.

Practical:

FCS is a powerful technique to measure f.e. the concentration and diffusion rate of a molecule.
This can give information how mobile molecules in the cell are and if they are reduced in their
movement, due to f.e. their size or interaction with other molecules.

Perform a FCS-experiment measuring a small fluorescent dye, Alexa488, in buffer.

Q1. Estimate from the FCS-curve the diffusion time and the concentration of the dye if the
confocal detection volume is 0.4 femtoliter in size. Check your estimations by fitting the curve to a
standard triplet-state model.

Q2. What happens to the amplitude and shape of the FCS-curve if the Alexa488 sample is diluted 4
times? Perform this measurement.

Q3. What kind of FCS-curve would you expect if purified eGFP is measured in buffer? Perform this
experiment.
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As outlined above one could use FCS to measure molecules in living cells as well. However not all
transfected cells are suitable for FFS measurements, like the ones having a high expression level.

Q4. Why are these high expressing cells not suitable, since the cell will have a very high
fluorescence-to-noise-ratio, almost ideal for fluorescence imaging?

Q5. Measure and fit the curve of the Hela cells expressing EGFR-eGFP. What will happen to the
curve if all measured EGFR-eGFP would be monomeric and start to dimerize?

Interactions between molecules could be measured by using two different color tags.

Q6. Setup the microscope filters for detecting two cytoplasmic signalling proteins p85-sGFP2 and
p110-mCherry and perform the measurement.

Q7. What kind of controls do we need to include if we want to get quantitative binding
information from this measurement (f.e. we want to estimate the p85-p110 dissociation constant
in vivo)?

Q8. Measure and fit the curve of the cytoplasmic annexin A-IV-sGFP2 fusion protein (60 kDa) in
Hela cells. Why is the diffusion time almost the same to the value of free eGFP, since this fusion
protein is almost twice the size of free eGFP?

Q9. Stimulate the cells with ionomycin (increases intracellular calcium levels), wait for a few
minutes and try to measure the diffusion of the membrane-bound protein. What is your
conclusion about this experiment?

Q10. Repeat the two measurements (7 & 8) but now using the number and brightness approach
(N&B) and give an estimate of the oligomerisation state of annexin A-IV-sGFP2 relative to the
given brightness of the free sGFP2 before and after stimulation.

References:
Schwille, P. and E. Haustein. Fluorescence Correlation Spectroscopy: An introduction to its
concepts and applications, link

Bacia, K and P. Schwille. A dynamic view of cellular processes by in vivo fluorescence auto- and
cross-correlation spectroscopy. Methods 29, 74 (2003).

Maeder et al. Spatial regulation of Fus3 MAP kinase activity through a reaction-diffusion
mechanism in yeast pheromone signalling Nat. Cell Biol. 9, 1319 (2007).
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FLIM: Fluorescence lifetime imaging microscopy
Instructors: Joachim Goedhart, Marcel Raspe & Dorus Gadella

Goal:
In this practical you will learn about fluorescence lifetime imaging. Both technical and practical
aspects will be highlighted. The use of FLIM will be illustrated by experiments on single living cells

Introduction:

Fluorescence lifetime imaging microscopy measures the excited state lifetime of fluorophores.
Since it is an imaging technique, the image will show of a spatial distribution of fluorescence
lifetimes. The lifetime is usually very short, i.e. in the nanosecond time-range (excited state
lifetimes of GFP and its variants are between 1-4 ns), which requires dedicated equipment. One of
its key advantages is that the lifetime is a kinetic parameter and hence, it is independent of
intensity, cell-thickness and local concentration of fluorophores.

A primary application is its use for measuring FRET. Since the lifetime of a donor depends directly
on proximity of FRET acceptors, FLIM is a robust way of determining FRET

Practical:

During the hands-on session, the components of the FLIM will be explained and a variety of
samples will be measured. We will measure CFP lifetimes, and use CFP variants with different
lifetimes to show lifetime-based contrast within cells.

If time allows, FLIM will be used to measure FRET in a fusion protein, a FRET-based biosensors for
cAMP and a rapamycin-based translocation system.

References:

Goedhart, J., von Steten, D., Noirclerc-Savoye, M., Lelimousin, M., Joosen, L., Hink, M.A., van
Weeren, L., Gadella, T.W., Jr., Royant, A. (2012) Structure-guided evolution of cyan fluorescent
proteins towards a quantum yield of 93%. Nat. Communications 3, 751.

Klarenbeek, J.B., Goedhart, J., Hink, M.A., Gadella, T.W.J. & Jalink, K. (2011). A mTurquoise-based
cAMP sensor for both FLIM and ratiometric read-out has improved dynamic range. PLoS One, 6(4),
e19170.

T.W.J. Gadella (Ed.), FRET and FLIM Techniques (2009). Laboratory techniques in biochemistry and
molecular biology 33, Elsevier Science, Amsterdam.
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Detecting FRET by measuring Sensitized Emission intensity: Ratio-FRET and FilterFRET
Instructor: Kees Jalink

Goal:

In this practical, students will use the fluorescence microscope to dynamically follow FRET changes
by recording Donor- and Acceptor emission intensities. We will study the dynamics of signal
transduction events semi-quantitatively with high temporal resolution by ratio-FRET and
guantitatively by applying the "filterFRET" approach on sets of intensity images obtained with the
confocal microscope.

Introduction:

Forster Resonance Energy Transfer (FRET) may be detected in various ways. One of the most
intuitive, convenient and sensitive ways is to detect the acceptor emission upon excitation of the
donor moiety. This so-called 'sensitized emission' (SE) can be readily detected by simple
fluorescence microscopy using a proper combination of excitation- and detection filters. However,
it is obvious that quantitative FRET levels (or, often more relevant to the biologist, the fraction of
molecules that interact) cannot be deduced unambiguously from sensitized emission images alone
(for example, equal amounts of sensitized emission may be expected from n molecules that FRET
for 20% and from 2n molecules that FRET for 10%). In this pratical, we will explore what controls
and measurements are necessary to extract meaningfull biological data from intensity-based FRET
recordings. We will see that on some occasions, it suffices to simply record the ratio of donor- to
sensitized emission to draw powerful conclusions on the dynamic behaviour of second messengers
in living cells, whereas on other occasions a more complete set of measurements and corrections
(filterFRET) must be carried out to be able to interpret the data.

Sensitized emission: FRET increases acceptor emission
SE is the amount of acceptor emission gained from FRET (0 - eo), while FRET efficiency is the
fraction of excited donors that loose their energy through energy transfer (0-1).

We will set up the confocal microscope to do a time-lapse series of images from cells coexpressing
CFP-PH(PLC&4) + YFP-PH(PLC4), our PIP, FRET sensor (van der Wal et al, 2000). We will study
spatial distribution of PIP, along the membrane, and agonist-induced changes therein, and explore
the controls necessary to make those recordings quantitative. Time permitting, we will also
demonstrate sub-second time-resolved PIP, recording using a dual-photometer system.
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Practical:

Mount a coverslip with living cells in a suitable culture medium on the microscope and set
up conditions for imaging CFP and sensitized emission.
Q1. What are the requirements for the microscopy medium?
Q2. Based on the spectra of CFP and YFP, what are the excitation- and emission filter settings you
choose for recording the ratio?
Q3. If you want to detect fluorescence from these cells for >30 min, how would you set laser
power and image quality?
Q4. The FRET sensor is expected to yield a drop in FRET when PIP, is broken down. What does this
mean for your PMT settings?
Q5. What is the expected time course of the response? How often will you image? Explain what
trade-off you made.

Start the time-lapse and record a baseline for a few minutes. Set up the software to
qguantify the ratio on-the-fly. Then, add agonist from a concentrated stock solution, making sure
you stirr the solution well without hitting (displacing) the preparation. After a while, calibrate the
recording by adding ionomycin + extra Ca2+ (5 mM) sequentially from the stock solutions.

Q6. Why is this calibration necessary?

Time permitting, repeat the experiment with fresh cells and a different agonist / different

settings. Save all your recordings and the quantitation data on memory stick.

B. Now, we will determine sensitized emission quantitatively by 'filterFRET'. We will use cells
expressing the PIP, FRET sensor pair CFP-PH + YFP-PH, co-expressed in the same cells. For
calibration, we also need cells with either cytosolic CFP or nuclear YFP alone. A preparation with a
mixture of these cell types in a single well has been made.

Mount the coverslip on the microscope. Hunt for a nice (group of) FRET cells that are
accompanied in the same image field by at least one CFP and one YFP reference cell. Focus and
zoom in as needed to reveal as much cellular detail as possible. Acquire 3 images: D (donor
excitation, donor emission channel), S (acceptor emission when excited at donor), and A (acceptor
excitation, acceptor detection channel).

Q7. What is bleedthrough? What determines the magnitude of bleedthrough?

Identify clear parts with leakthrough in the image. Is leakthrough also present in the FRET cells?
Q8. What is cross-excitation? What factors determine its magnitude? Identify clear parts with
cross-excitation in the image. Is cross-excitation also present in the FRET cells?
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THEORY
From the lecture, you remember that:
We have composite images D, S and A that consist of unknown components
donor, acceptor and SE as:

D = (donor - SE) + «a. acceptor + o. SE )
S =SE + g. (donor - SE) + y. acceptor 2)
A = acceptor 3)

here, B is the leakthrough coefficient and vy is the cross-excitation coefficient. o
and & are minor components of acceptor signal that may be detectable in the
donor channel when there is much more A or S signal than D.

Further, we can extract the real distribution of sensitized emission SE.by
combining (1) and (3):

(donor-SE) =D - oA -6. SE 4)
rearrange (2), using (3):

SE =S - g. (donor -SE) - ». A (5)
substitute (4) in (5):

SE=S-(D-aA-6.SE)-rA (6)

which rearranges to

SE=(S- D - (>af)A) | (1-B9) (7)

Q9. a and & are often very small. From the shape of the CFP- and YFP emission and excitation
spectra, explain why that is.

Let's therefore ignore the small contributions of.a and 6
Q10. How does that change (7)? Explain in your own words what this new equation means.
Q11. How can we determine B from the image set? Draw suitable ROIs in the images to measure
the necessary intensities and calculate B. What is de minimum value B could ever take? What the
maximum?
Q12. How can we determine y from the image set? Draw suitable ROIs in the images to measure
the necessary intensities and calculate y. What is de minimum value y could ever take? What the
maximum?
Q13. Using the confocal software or Image), calculate SE according to the equation you derived in
Q10. NOTE: make sure floating point arithmatic is used or bias will be introduced in the results.
Discuss with your practicum leader why!

This concludes the simplified procedure to determine SE. Note that the obtained image
guantifies the amount of energy transfer (SE) per pixel, and not FRET efficiency.
Q14. Can you think of situations where part of a cell shows more SE but less FRET efficiency? Can
you think of a remedy for that? Apply that to your SE image.

Time permitting: full correction including calculation of a and 6 is not in the scope of this practical,
but you may try it if you feel brave.

LCAM-ESF course: Zooming in on plasmamembrane dynamics with advanced light microscopy

51



Practical notes:

LCAM-ESF course: Zooming in on plasmamembrane dynamics with advanced light microscopy

52



FRAP, fluorescent pulse-chase experiments and photo-oxidation in membranes
Instructors: Eric Reits, Henk van Veen & Joachim Goedhart

Goal:

In this practical you will learn about various FRAP approaches to visualize protein dynamics in the
membrane, use FIAsH/ReAsH to study membrane dynamics and correlate confocal images to
electron microscopy, hands-on.

Introduction:

The development of fluorophores like GFP allowed researchers to study the intracellular
distribution of proteins in living cells instead of using fixed cells for immuno-histochemistry. In
addition, protocols like photo-bleaching can be used to study the dynamics of membrane-localized
proteins in time. Hands-on training in various photo-bleaching related techniques will be
performed to visualise these dynamics, using FRAP to measure diffusion speed and FLIP to detect
exchange of proteins between different membrane regions.

Genetically encoded reporters derived from fluorescent proteins (FPs) have proved to be
extremely useful for localization and interaction studies in living cells. However, the large size and
spectral properties of FP impose certain limitations for their use. The recently developed
Fluorescein Arsenical Hairpin (FIAsH/tetracysteine) binder technology emerged as a promising
alternative to FP for protein labeling and cellular localization studies. The combination of a small
genetically encoded peptide tag with a small molecule detection reagent makes this technology
particularly suitable for the investigation of biochemical changes in living cells that are difficult to
approach with fluorescent proteins as molecular tags. We will demonstrate the usage of these and
other techniques, mostly by hands-on, and also show how labeled cells can be processed for
correlative electron microscopy to relate fluorescent distribution to high-magnification EM.

Practical (roughly):

- examples of FRAP and FLIP experiments using GFP-tagged membrane molecules
- labeling of cells expressing different tetracysteine-tagged proteins with ReAsH
- presentation on FIAsH/tetracysteine and correlative EM
- labeling of same cells with FIAsH (pulse-chase experiment)
or fixation of cells followed by fluorescence imaging and photo-oxidation
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Protocol:
I. FIAsH/ReAsH labeling
° Pre-incubate 10 min. 1 mM ReAsH in 100 mM EDT in DMSO

° Wash cells with OptiMEM/PBS
o Add 1 mL label (1 uM ReAsH in 100 uM EDT in OptiMEM)

. 45 min @ 37°, protect from light

° Wash 30 min with 1-5 mM EDT in OptiMEM with 10% FCS, replace 5x
° Wash 1 a 2x with complete medium

° Add complete medium

reagents

Stock FIAsH: 2.5 mM in DMSO
Stock ReAsH: 2.5 mM in DMSO (0.00234 gr into 1.716 mL DMSO)

EDT: 1,2-Ethanedithiol (MW = 94.20; density = 1.123 g/mL -> 11.92 M)
BAL: 2,3-Dimercapto-1-propanol (MW=124.22; density= 1.24 g/cm® ->10M)

Il. Photoconversion of ReAsH-stained cells

Staining:

Wash 3x DMEM 0/0

Standard 1.0 uM ReAsH Batch 4 / 10 uM EDT 1hr in DMEM 0/0

Wash 3x 10" with 0.25 mM BAL (1:40 DMSO -1:1000) in DMEM 10/0

Everything cold - EM

o Fix in 2% glutaraldehyde (RT 5’); 15’ on ice

Wash 5x in cacodylate buffer; Block for 30’ on ice; Wash 1x in blocking buffer

Stage at 4’C, install oxygen tent, find target area, make picture

Add DAB solution to plate, llluminate target area, Go to next area
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° Wash 5x in cacodylate buffer, Fix in osmium tetroxide (30’ ice); Wash 3x 1’ H20
o O/n in filtered 2% UA in H20 (4'C).

° 2x H,0, dehydrate: 20-50-70-90-100-100% cold EtOH

° Durcupan: A:B:C:D=10:10:0.3:0.1 ¢

° Plastic T-beker, Mix, transfer to vial, remaining add equal part EtOH, Mix, add to dish, 30’,
pour out,

° add 1/3 of the vial, 1hr, remove with Pasteur (back),

° add new resin, 1hr, scrape out

° add new resin, 48 hrs oven.

Fix (2% Glutaraldehyde in 0.1 M Cacodylate buffer pH7.4) 12 mi

7 3.5 ml H20

4 2.0 ml 0.3 M cacodylate stock pH7.4

1 0.5 ml fresh 25% glutaaraldehyde

Wash 0.1 M Cacodylate pH7.4 60 ml

40 ml H20

20 ml 0.3 M cacodylate stock pH7.4

Block (50 mM Glycine and 5 mM KCN in cacodylate buffer) 60 mi
30.6 mlH20

20 ml 0.3 M cacodylate stock pH 7.4

6 ml 0.5 M Glycine

0.6 ml 0.5 M KCN
2.4 ml 0.5 M aminotrizole (20 mM final)
0.2 ml 0.3% H202 (1:100 diluted stock)

Reaction (6 mM DAB) 20 ml
18 9 ml block buffer

2 1 ml DAB filtered into block buffer

Fix 1% osmium tetra-oxide 10 ml

4.2 1.7 ml H20
3.3 1.3 ml 0.3 M cacodylate stock
2.5 1.0 ml 4% osmium tetra-oxide
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Participants:

Name

Address

Email

ESF-researcher

Research interest

Valentina Bettio

Translational medicine

University of Piemonte Orientale "Amedeo Avogadro"
via Solaroli n°17

28100, Novara, Italy
Valentina.Bettio@med.unipmn.it

I've been studying the role of Diacylglycerol kinase alpha (Dgka) in different
biological pathways. Dgka is an enzyme that phosphorylates diacylglycerol
(DAG), with formation of phosphatidic acid (PA), acting as regulator of DAG-
and PA-mediated signalling. In particular, I've been studying the role of the
lipid kinase in MDCK epithelial cells during cell migration and polarization,
analyzing its role in ruffle formation, Golgi polarization in wound healing
assays (2D system) and cyst organization (3D system), which is my major
interest. When cultured in 3D extracellular matrix, epithelial cells organize in
spherical, polarized, hollowed cysts, mirroring the polarized organization
they feature in vivo. | demonstrated that Dgka is necessary for the formation
of a single central lumen in MDCK cyst by regulating vesicular trafficking on
one side and, on the other hand, by controlling the mitotic spindle
orientation during cell mitosis. Furthermore, | started working with MDA MB-
231 breast cancer cell line, studying the role of Dgka in migration, adhesion
and integrin-mediated spreading of this cells.

Name

Address

Email

ESF-researcher

Research interest

Jenny Brinkmann

MESA+, Molecular Nanofabrication
University of Twente

Hallenweg 15

7522 NB, Enschede, The Netherlands
J.Brinkmann@utwente.nl|

Coronary artery blockage is most frequently treated by placement of a stent
to re-open the vessel. However, re-narrowing, or restenosis, occurs after
stent placement. The importance of rapid re-endothelialization of stent
surfaces to prevent such complications has become well acknowledged in
recent years. Creating an artificial environment on surfaces encoding
endothelial cell (EC) “triggering” extracellular matrix (ECM) cues, i.e.
endothelial cell adhesion and migration promoting peptides or proteins,
could provide new insights into EC migration. Dynamical switching of such
cues allows additional tuning of the ECM environment. Our aim is to
investigate reversible stimuli-responsive semi-synthetic proteins and
peptides that will be immobilized on the material surface by supramolecular
inter-actions such as host-guest chemistry and thereby create complex
patterns of signaling molecules that will direct the adhesion and migration of
ECs on stent materials.
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Nadezda Chakrova

Imaging Science and Technology
Delft University of Technology
Weteringkade 91

2515 AM, Den Haag, The Netherlands
N.Chakrova@tudelft.nl

In contemporary patterned illumination microscopy techniques resolution is
increased by the cost of the high illumination dose. Hence, living cells suffer
from photo-bleaching and photo-toxicity in super-resolution fluorescence
microscopy with patterned illumination. In order to reduce the illumination
and ensure the survival of the living cells a new technigue—combination of
the structured illumination microscopy (SIM) with the controlled light
exposure microscopy (CLEM/PAM)—will be investigated in the first part of
my PhD project. The second part is directed to implement patterned
illumination techniques to fluorescence lifetime imaging microscopy (SIM-
FLIM). Using the modulated electron multiplying (MEM) camera as a
detector in a SIM-FLIM microscope, we expect to double the resolution and
to provide optical sectioning of the images.
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Email

ESF-researcher

Research interest

Anna Daniel

Sanquin Research, Molecular Cell Biology department
University of Amsterdam

Saenredamstraat 39 rd

2021 ZM, Haarlem, The Netherlands
A.Daniel@sanquin.nl

The subject of my PhD is the dynamic behaviour of vascular endothelial (VE)
cadherin during leukocyte transmigration.

Leukocyte transmigration is the process of leukocytes moving from the blood
stream across the vessel wall to underlying tissues and sites of inflammation.
Transmigration is a multi-step process that involves attachment to the vessel
wall, rolling, firm adhesion, and extravasation. | am mainly interested in the
last process, also called transendothelial migration (TEM). During TEM
leukocytes breach the endothelial cell barrier and squeeze between
endothelial cells in order to get to underlying tissues. The main molecular
obstacle that leukocytes encounter is VE-cadherin, a cell adhesion molecule
that confers endothelial monolayer integrity and prevents the movement of
cells and solutes out of the blood stream. To allow leukocytes to cross VE-
cadherin needs to be moved out of the way by mechanisms that are in
essence still poorly understood. | am using high resolution microscopy
techniques to get a clearer idea about what happens with VE-cadherin during
TEM. Later on during my PhD | will study signalling pathways involving small
GTPases by means of FRET and biochemical assays to answer the question of
how they regulate the endothelial junction during TEM.
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Giulia de Luca

Molecular Cytology, S wammerdam Institute for Life Sciences
University of Amsterdam

Science Park 904

1098 XH, Amsterdam,The Netherlands

G.deLuca@uva.nl

| am a PhD student at University of Asterdam. The aim of my work is to study
how to achieve an improvement in spatial resolution in confocal microscopy.
| will study a fast and sensitive detector capable to acquire as much
information as possible and | will focus on the illumination technique. After
that, | will develop algorithms to reconstruct a confocal image with improved
resolution.
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Lindsay Haarbosch

Molecular Cytology, Swammerdam Institute for Life Sciences
University of Amsterdam

Science Park 904

1098 XH, Amsterdam,The Netherlands

L.Haarbosch@uva.nl

Engineering Improved Fluorescent Proteins.

Since the discovery that the green fluorescent protein (GFP) isolated from
the jellyfish Aequorea victoria can be used as a molecular tool (i.e. labeling of
proteins and detect their locations), many research was performed to
optimize FPs. Modifications were introduced to, for example, increase the
guantum yield (i.e. ratio of amount of emitted fluorescent photon to amount
of photons that are absorbed), increase the photostability and obtain faster
maturation (i.e. autocatalytic formation of the chromophore within the beta
barrel). Besides these modifications, also color mutants were obtained: GFP
can be converted into blue (BFP), cyan (CFP) and yellow (YFP) fluorescent
proteins by changing only one or two amino acids.

In my research | make use of the above knowledge to optimize fluorescent
proteins (FPs) by site-directed and random mutagenesis. First | want to
obtain the optimal (red) FP that has a fast maturation, high quantum vyield,
low phototoxicity and other desired features. And later during the project
this improved fluorescent protein and other FPs will be changed into
photoswitchable fluorescent proteins (psFPs), so they can be used for super
resolution microscopy: by switching on just one individual fluorescent
protein, the exact location of a molecule can be determined with an accuracy
that is well below the optical diffraction limit.
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ESF-researcher

Research interest

During leukocyte extravasation, leukocytes use the endothelial adhesion
molecule ICAM-1 to stably adhere to the endothelium. Integrin-mediated
adhesion of neutrophils to the endothelium results in local clustering

of the integrin-ligand ICAM-1. Subsequently, this clustering induces
intracellular signals into the endothelium that result in F-actin-rich
membrane protrusions at the endothelial apical surface, actively
supporting leukocyte extravasation. The small GTPases Racl and RhoA are
activated downstream ICAM-1 signalling and are important for leukocyte
extravasation though the endothelium. However, the spatial-temporal
activation of Rac and Rho inside the endothelium during leukocyte
extravasation is still unknown. Using small GTPase biosensors we try to
unravel the localization and the timing of GTPase activation during
leukocyte extravasation.
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Medical Microbiology

Linkdping University

Faculty of Health Science

581 85, Linkdping, Sweden

Angelika.Holm@liu.se

TRAPPS

The aquaglyceroporin AQP9 has been suggested to play a pivotal role in
inflammatory cell migration, differentiation and metabolism. Thus, we want
to investigate the role and regulation of AQP9 infection and inflammation,
focusing on cell volume regulation, motility and metabolism. We are
currently looking at the AQP9 expression in response to different
inflammatory stimuli at mRNA and protein levels using molecular and
imaging techniques.
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As the Microscopy Technician | work for several groups. Within these groups
| am responsible for building and purchasing new setups as well as
implementing new techniques to current setups.

The setups are being used in a wide range of research projects. Some
projects | am involved in are used for the investigation of:

-Strength and stretching properties of DNA bonds between microspheres,
surfaces and vesicles

-Optical properties (spectral and intensity) of scattering nano particles and
single molecules, spatial and angular.

-folding mechanisms of proteins

-Mechanical properties of actin networks

Some of the setups used are original commercial setups, but other setups are
built from scratch.
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Lipidprod

Imaging the Immunological Synapse and T-Cell Antigen Recognition

T cell antigen recognition is indispensable for most adaptive immune
responses. This process is driven by specific T-cell antigen receptors (TCRs)
binding to peptide-major histocompatibility complex (pMHC) molecules on
specialized antigen presenting cells (APCs). Successful interactions promote
the formation of a highly organized cellular interface, termed the
immunological synapse, which consists in addition to TCRs and pMHCs a
plethora of accessory proteins including (among many others) co-receptors,
adhesion molecules and co-stimulatory molecules.

Antigenic pMHCs are often rare and TCR-pMHC are typically in low affinity
(mM range). Nonetheless, T cells can sense the presence of a single antigenic
pMHC among many non-stimulatory, yet structurally similar pMHCs present
on the APC surface .

The basis underlying this remarkable phenomenon is currently unknown.
Two recent studies have shown that the molecular dynamics of synaptic TCR-
PMHC binding is drastically accelerated. However, the synapse-specific
factors promoting binding and antigen recognition are not clear. ldentifying

LCAM-ESF course: Zooming in on plasmamembrane dynamics with advanced light microscopy

63



mailto:Kamp@amolf.nl
mailto:Rene.Platzer@meduniwien.ac.at

and characterizing these factors is the aim of our research. For this we will
apply advanced imaging approaches including super-resolution microscopy
to resolve the local distribution of synaptic key players, as well as single
molecule and Forster Resonance Energy Transfer (FRET) microscopy to
measure TCR-pMHC interaction kinetics in situ.

To this end we are currently engineering suitable imaging probes, which
include mono- and divalent site-specifically labeled streptavidin, photo-
switchable fluorescent proteins as well as monovalent functionalized single
chain antibody fragments. We expect that our studies will help explain at
least in part the molecular foundation of antigenic tolerance and
autoimmunity, as the composition of the immune synapse, and thus the
conditions for T cell antigen recognition, are subject to regulation in T cell
development and APC maturation.
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Prions are infectious agents that cause neurodegenerative diseases and
comprise a conformational variant (PrPSc) of the host protein PrPC. Upon
infection, PrPSc accumulates in lymphoid organs (i.e. spleen), where it
replicates before reaching the brain via the peripheral nervous system. Prion
infectivity in blood is associated with plasma and PBMCs, but the source of
prions in plasma and the mechanism of prion acquisition by blood cells are
unknown.

Endothelial cells (ECs) express PrPC and may support the transfer of prion
from infected tissues to blood and vice versa, e.g. following blood
transfusion. We found that ECs shed endogenous PrP into the medium as
soluble and microvesicle-associated protein. PrP shedding requires
metalloprotease activity and is increased by stimulation of endothelial cells
with pro-inflammatory cytokines. We also found endothelial cell-to-cell
transfer of prions through connecting nanotubes, a route that is also used by
pathogens such as HIV.

These findings support the notion that the vascular endothelium actively
promotes prion dissemination, a function that can be enhanced upon
inflammation. The endothelium is the largest organ in the human body and
its contribution to the infectious process is likely not trivial. Future studies in
our group will therefore focus on the molecular and mechanistic basis of
prion transfer via the vascular endothelium.
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TRAPPS

We are investigating the intracellular dynamics and localisation of the
phosphoinositide Ptdins(3)P. Ptdins(3)P is predominantly found on early
endosomal vesicles, but has also been found in autophagosomes and at the
plasma membrane. The main role of Ptdins(3)P is in endosomal sorting and
autophagy, but recently, an additional role for Ptdins(3)P-binding proteins
during cell division was found. We are following the distribution of this lipid
duing endosomal sorting, autophagy and cytokinesis using fluorescently
tagged lipid-binding FYVE and PX domains. In order to elucidate the role of
PtdIns(3)P during cell division, we have analysed the distribution of
Ptdins(3)P and its effector proteins in dividing cells. Time lapse imaging
revealed that PtdIns(3)P-positive structures undergo rapid reorganization
during cell division.

During cytokinesis, PtdIns(3)P-positive structures accumulate at the cleavage
furrow and adjacent to the intercellular bridge between the two dividing
cells, possibly providing membrane material necessary for the physical
separation of the two cells. Furthermore, Ptdins(3)P accumulates next to the
midbody of dividing cells directly prior to abscission, suggesting that
PtdIns(3)P-binding proteins are recruited here to ensure correct cell division.
We found that this accumulation coincides with the localization of Rab family
GTPases, which might locally regulate the synthesis of PtdIns(3)P. Currently,
we are trying to elucidate the role of Ptdins(3)P during cell division by acute
perturbation of this lipid and by disrupting the regulation of Ptdins(3)P
synthesis by Rab family GTPases. Apart form the role of Ptdins(3)P during
cytokinesis, we are currently looking into the role of Ptdins(3)P during the
formation of autophagosomes at the ER using similar Ptdins(3)P-binding
protiens and perturbation approaches.
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Plasmon-Bionanosense

FRET is a long distance transfer of electronic excitation energy between
fluorophores and one of very few methods able to probe the interaction
between proteins in vivo. Appropriate donor and acceptor fluorophores (in
particular genetically expressed fluorescent fusion proteins) tag selected
protein pairs and an interaction is studied through a change in e.g. donor
lifetime or acceptor intensity. The problem with FRET is that the interaction
distances for which it is useful (characterized by the so-called Forster
distance) is very small, typically only ~5 nm. This limits the use of FRET
method for large protein interactions. However, it is now known that FRET
effects can be greatly modified by the local photon density of states (PDOS)
of the material in the immediate vicinity of the donor-acceptor pair. It was
for example shown that FRET occurs across a Ag film as thick as 120 nm, i.e.
an order of magnitude higher than the conventional 10 nm “limit”. The
donor-acceptor coupling is in this case mediated by the plasmons of the film,
which strongly modifies the PDOS and extend the range of donor-to-acceptor
energy transfer. Still, the best improvement of FRET rates probably lies in
using localized antenna modes to further strengthen the near-field coupling
between the molecules.

In my project, we will attempt to construct dense plasmonic 2D antenna
arrays specifically designed for enhancing interactions between fluorescent
proteins in cell membranes. We are particularly interested in membrane
localized FRET systems since to enhance the FRET process, plasmonic
structures should be placed at a certain distance to donor and acceptor
fluorescent proteins. The idea is to use these plasmonic substrates as a
platform where cells can grow on and FRET process can be enhanced at the
same time. Increasing Forster distance of the most popular donor-acceptor
pair in biology, cyan-yellow variant fluorescent proteins, from the “natural
value” of ~ 4.8 - 5.7 nm up to 10 nm would for example have tremendous
impact on our possibility to study membrane protein interactions.
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Lipidprod

As a PhD student involved in the LIPIDPROD project, | aim to unravel how
proteins are directed into specific membrane microdomains and decipher
the molecular determinants responsible for lipid raft association. Since GPI-
anchored proteins are generally said to be ‘raftophilic’ but not all of them to
a comparable extent, my current emphasis lies on the generation of GPI-
anchor swap mutants (of e.g. CD48, CD55, CD59, CD87), which will be used
to examine whether the protein domain itself or the respective GPl-anchor
accounts for lipid raft association. In addition, | am investigating the raft
partitioning behavior of the Src family tyrosine kinase Lck.
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